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Abstract 

The methanogenic biodegradation of crude oil is an important process occurring in many 

subsurface hydrocarbon-associated environments, but little is known about this metabolism in 

such environments.  In this thesis work, the methanogenic biodegradation of crude oil and 

polycyclic aromatic hydrocarbons (PAH) was investigated. Methanogenic cultures able to 

metabolize light and heavy crude oil components were enriched from oilfield produced waters.  

Metabolites (e.g., alkylsuccinates) and genes (e.g. assA and bssA) associated with a fumarate 

addition mechanism were detected in the light oil-amended culture. A Smithella sp. dominated 

the community, suggesting this organism was involved in the degradation of the hydrocarbon 

components.  In experiments conducted in sandstone-packed column systems simulating 

marginal oil fields, the light oil-amended culture was shown to bioconvert alkanes and aromatic 

hydrocarbons to CH4. Other oil-associated microbial inocula also enhanced CH4 production from 

oil in the column systems. Shifts in the microbial communities were observed after the inocula 

were incubated in the columns.  Methanogenic hydrocarbon metabolism was also investigated 

using new enrichment cultures that biodegraded 2-ringed PAHs under methanogenic conditions. 

Metabolite and marker gene analyses were conducted on these cultures to investigate the 

mechanism(s) involved in PAH metabolism.  The PAH-utilizing enrichments were dominated by 

methanogens closely affiliating with Methanosaeta and Methanoculleus, and bacterial members 

most closely related to the Clostridiaceae family. Further qPCR analysis with a 2-

methylnaphthalene-amended culture suggested that Clostridium was the main hydrocarbon 

degrader in the enrichment.  The results of these studies have added new knowledge to the field 

of methanogenic hydrocarbon biodegradation that may find application in bioremediation or 

microbial enhanced energy recovery.  
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Chapter One: Introduction 

1.1 Rationale and significance of the project  

Microorganisms are found virtually everywhere and they are capable of utilizing a wide 

variety of available substrates including petroleum hydrocarbons.  The ability of microorganisms 

to metabolize hydrocarbons with O2 as a terminal electron acceptor has been known for decades 

(Rosenberg, 2013). Although a few early studies reported hydrocarbon metabolism in the 

absence of O2 (e.g., ZoBell, 1946; Muller, 1957), anaerobic biodegradation of hydrocarbons was 

only recognized and accepted in the last 25 years (e.g., Grbić-Galić and Vogel, 1987; Edwards 

and Grbić-Galić, 1994; Zengler et al., 1999). It is now known that hydrocarbon biodegradation 

can also occur with the reduction of other electron acceptors such as NO3
-, Fe (III), Mn (IV), and 

SO4
2-. When these electron acceptors are scarce, hydrocarbons can be biodegraded through a low 

energy yielding metabolic process coupled with CH4 production (Schink, 1997). This process 

requires the syntrophic cooperation between at least two groups of organisms, syntrophs and 

methanogens (McInerney et al., 2009). First, syntrophs/fermenters convert hydrocarbon 

compounds to intermediate products such as acetate, CO2, H2, and formate, and then 

methanogens consume these metabolic products, and keep them at low concentrations 

(McInerney et al., 2009), so that reactions are energetically favorable.  Under anoxic conditions, 

the initial activation of hydrocarbons can occur via a fumarate addition mechanism, which has 

been mainly studied under sulfate- and nitrate-reducing conditions (e.g., Biegert et al., 1996; 

Beller and Spormann, 1997; Kropp et al., 2000; Grundmann et al., 2008). Other metabolic 

pathways reported to activate hydrocarbons include carboxylation, hydroxylation, or methylation 

(reviewed in Foght, 2008; Heider and Schühle, 2013).  However, under methanogenic 

conditions, the metabolic pathways involved in the activation and subsequent degradation of 
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hydrocarbons are just starting to be elucidated. In addition, the microorganisms in methanogenic 

consortia and their interactions with each other to metabolize hydrocarbons are not well 

understood.  

During the production and transportation of fossil fuels, petroleum hydrocarbons can be 

accidentally spilled into the environment. Many of these hydrocarbons are toxic and harmful for 

humans and other living organisms (Sverdrup et al., 2002). Crude oil components can end up in 

subsurface environments (e.g., groundwater aquifers or sediments) where O2 is depleted, and 

they become available carbon sources for anaerobic microorganisms.   

The understanding of hydrocarbon metabolism under anoxic conditions, especially in the 

absence of electron acceptors not only can help to monitor the natural attenuation of oil 

contaminants in the subsurface, but can also contribute to improving bioremediation technologies 

applied to crude oil-contaminated areas.  In addition, understanding methanogenic hydrocarbon 

degradation can help to assess the feasibility of energy-related emerging biotechnologies, such as 

the bioconversion of residual oil to methane for energy production (Gieg et al., 2008; Jones et 

al., 2008), or as a means to mobilize heavy oil (Grigoryan and Voordouw, 2008). 

 

1.2 Research objectives  

The major goal of this thesis work was to investigate the methanogenic biodegradation of 

crude oil and polycyclic aromatic hydrocarbons (PAH). Three main objectives were established 

to direct this work: 

1. Identify and characterize metabolic mechanisms involved in crude oil and PAH 

biodegradation under methanogenic conditions. 



3 

 

2.  Characterize microbial communities and key microorganisms involved in 

methanogenic degradation of crude oil and PAH.  

3. Assess the feasibility of microbial communities to bioconvert hydrocarbon 

components into methane in marginal crude oil reservoir-simulating systems.  

 

1.3 Organization of thesis  

This thesis is prepared in a manuscript format that consist of a collection of published 

manuscripts and unpublished work that describe the methanogenic biodegradation of crude oil 

with an emphasis on PAH.  A brief description of each chapter and the contribution of the co-

authors to the work are presented below.  

Chapter 2 includes a state of the art literature review describing the main concepts and 

background information necessary to understand the content of the thesis. Specific background 

information is also included in each chapter. 

Many of the results described in Chapter 3 and 4 on crude oil methanogenesis in cultures 

and column systems were published in Frontiers in Microbiology (Berdugo-Clavijo and Gieg, 

2014).  For this thesis, the results were split into two chapters because more work was conducted 

on this topic after the publication of the article. Chapter 3 describes enrichment cultures able to 

degrade hydrocarbon components from light and heavy crude oils including metabolite analysis, 

functional gene analysis on light oil (assA/bssA), and microbial community characterization. 

This enrichment culture was used in sandstone-packed column studies (described in Chapter 4).  

Chapter 4 also covers part of the work published in Frontiers in Microbiology (Berdugo-

Clavijo and Gieg, 2014) and focuses on the experiments conducted with sandstone-packed 

column systems inoculated with a light oil enrichment culture (described in Chapter 3). This 
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chapter also contains unpublished work conducted with three other different microbial inocula to 

assess crude oil bioconversion to CH4 in columns simulating marginal oil fields.   Further, 

hydrocarbon analyses conducted in columns showing the highest levels of CH4 are also shown in 

this chapter. In addition, a comparison between the microbial community of the initial inoculum 

and the community that was enriched after incubation in the sandstone-packed columns is 

presented. 

Chapter 5 consists of a manuscript published in FEMS Microbiology Ecology (Berdugo-

Clavijo et al., 2012).  Here, work conducted on methanogenic enrichments capable of degrading 

polycyclic aromatic hydrocarbons, with an emphasis on 2-methylnaphthalene and 2, 6-

dimethylnaphthalene, is described. Metabolite analysis and microbial community 

characterization of the enrichment cultures are presented in this chapter.  Dr. Lisa Gieg 

established the initial enrichment used in this study while being a research associate at the 

University of Oklahoma.  Xiaoli Dong, Dr. Jung Soh, and Dr. Christoph Sensen provided 

bioinformatic support for pyrotag and phylogenetic analyses.  

Chapter 6 describes qPCR work conducted to identify and quantify microorganisms able 

to degrade methylnaphthalene, as well as initial work to detect metabolic genes involved in PAH 

biodegradation under methanogenic conditions.  This work has not been published.  

Chapter 7 describes the activity, metabolite analysis and microbial communities 

characterized in enrichment cultures amended with naphthalene and 1-methylnaphthalene (as a 

continuation of published work, Chapter 5). This work will be submitted for publication in the 

following months.  
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Chapter 8 summarizes the main findings and contributions of each chapter to the field of 

methanogenic hydrocarbon biodegradation, and outlines future work suggested for the 

continuation of this research.   

Appendices A-E include supplementary information related to the work presented in 

Chapters 3 to 7. Appendix F provides a copy of a review paper on syntrophic hydrocarbon 

metabolism that I co-authored with Dr. Lisa Gieg and Dr. Jane Fowler.   

Please note that as this thesis is prepared as a series of manuscripts, the introductory 

information for each chapter may be repetitive in some cases.  
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Chapter Two:  Literature Review 

2.1 Microorganisms in hydrocarbon-laden environments 

Microorganisms are a ubiquitous form of life found virtually everywhere on Earth, 

including in extreme environments such as those at high or low temperatures, pressures, 

salinities and pHs (e.g., hot springs, deep sea trenches, and permafrost). In these surroundings 

microorganisms perform diverse metabolic pathways, and contribute to the biogeochemical 

cycling of nutrients (e.g., carbon, nitrogen, sulfur, and iron) on the planet.  

Since the early 20th-century, microorganisms have been known to inhabit subsurface 

petroleum reservoirs (Bastin, 1926), and potentially utilize hydrocarbon components, or their 

metabolites, as an energy source (Sohngen, 1905, 1913). Microorganisms commonly found in 

petroleum reservoirs can include sulfate-reducing bacteria (SRB), fermentative bacteria, iron-

reducers, syntrophs, and methanogens (Magot et al., 2000).   SRB were the first microorganisms 

reported to be found in oil reservoirs, and they are known to be responsible for the accumulation 

of hydrogen sulfide, which contributes to reservoir “souring”, and leads to corrosion of oil 

pipelines (Bastin, 1926). Fermentative bacteria are able to utilize organic compounds like 

carbohydrates and peptides, and ferment to organic acids (Birkeland, 2004). Iron (III)-reducing 

bacteria may also contribute to the cycling of organic matter in the reservoirs. Finally, syntrophs 

and methanogens also are considered important key players in oil fields and subsurface 

environments. Recent studies suggest that biodegradation of crude oil to methane is involved in 

the formation of heavy oil, and it is the primary process that contributes to the biogenic 

accumulation of methane over geological time in reservoir rocks and fluids (Head et al., 2003; 

Jones et al., 2008).  
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The transportation, storage, and usage of crude oil can result in the contamination of 

natural environments. Here, hydrocarbon components disperse into the soil, sediments and 

sometimes deep into ground water. These environments can also be the habitat for a variety of 

microorganisms that can utilize hydrocarbons as a carbon and energy source.  Within 

contaminated ground water systems, aerobic hydrocarbon degraders have been observed at the 

edges of contaminated plumes where small amounts of pollutants, and relatively high oxygen 

levels are present. Meanwhile, deep within the plume, groups of anaerobic microbes such as 

nitrate reducers, metal reducers, sulfate reducers, syntrophs, and methanogens are found 

depending on the availability of these electron acceptors in the contaminated area (Winderl et al., 

2008; Jobelius et al., 2010). Other oil containing environments include natural oil and gas seeps. 

Petroleum seeps are marine or land sites where hydrocarbons leak out of the ground from oil or 

gas deposits. Aerobic and anaerobic microbes able to degrade methane, and higher molecular 

weight hydrocarbons have been found in these environments (Michaelis et al., 2002; 

LaMontagne et al., 2004).  

 

2.2 Anaerobic biodegradation of hydrocarbons 

A variety of hydrocarbon components present in oil-associated environments can serve as 

a source of carbon and energy for microorganisms. Crude oil components may include two 

groups of hydrocarbons known as aliphatics and aromatics. Saturates are the most common type 

of aliphatic hydrocarbons, and they comprise n-alkanes, branched alkanes, and cycloalkanes.  

Saturated aliphatic hydrocarbons are highly unreactive due to their stable H-C and C-C bonds 

(Wilkes and Schwarzbauer, 2010). Unsaturated aliphatic hydrocarbons such as alkenes and 

alkynes are less common in crude oil. However, the presence of a double bond makes them more 
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reactive than alkanes. The aromatics group is comprised of mono- and polycyclic hydrocarbons 

such as benzene or naphthalene, respectively. Aromatic hydrocarbons are also stable compounds 

that are chemically difficult to attack due to their delocalized bonds (Wilkes and Schwarzbauer, 

2010).  

The microbial utilization of hydrocarbons in the presence of O2 is a highly energetic 

reaction (Widdel and Musat, 2010). In contrast, lower energy is gained from hydrocarbon 

utilization with other electron acceptors. For example, in the biodegradation of hexadecane with 

oxygen as a terminal electron acceptor, the free energy change (calculated at standard conditions) 

is -10,392 kJ.mol-1 (Table 2-1a). Lower free energy is released under nitrate- and sulfate-

reducing conditions (b and c), and the lowest amount of energy gained during hydrocarbon 

metabolism occurs under methanogenic conditions (d) (Table 2-1) (Widdel and Musat, 2010). 

 

Table 2-1. Free energy changes for the biodegradation of hexadecane as a model 

hydrocarbon with oxygen, nitrate, sulfate, or under methanogenic conditions at standard 

conditions (adapted from Widdel and Musat, 2010). 

 ΔG°’ (kJ/mol) 

a) 2C16H34 + 49O2  32CO2  + 34H2O                            -10,392 

b) 5C16H34  + 98NO3
-
 + 98H+  80CO2 +49N2 +134H2O       -9,757 

c) 4C16H34  + 49SO4
2- + 98H+  64CO2 +49H2S +68H2O

 -632 

d) 4C16H34 + 30H2O  49CH4 + 15CO2                                               -372 

                    

Initially, the ability of microorganisms to metabolize hydrocarbons was believed to occur 

only with oxygen as the terminal electron acceptor. Aerobic pathways for hydrocarbon 

biodegradation have been widely investigated (Rosenberg, 2013). Enzymes such as mono- and 
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di-oxygenases are responsible for catalyzing the degradation of hydrocarbons under aerobic 

conditions. Alkanes are commonly oxidized to primary alcohols, which are further oxidized to 

aldehydes, and subsequently metabolized into fatty acids.  Finally a conjugated fatty acid is then 

further degraded by β-oxidation. A key metabolite in aromatic hydrocarbon degradation is 

catechol which is then metabolized to easily degradable products that will enter the TCA cycle 

(Whited and Gibson, 1991). Anaerobic hydrocarbon biodegradation was reported in early studies 

(ZoBell, 1946; Jack et al., 1985).  However, only about 25 years ago the biodegradation of 

hydrocarbons in the absence of oxygen gained more attention. Nowadays, it is known that 

microorganisms can metabolize different crude oil components with other terminal electron 

acceptors such as nitrate, iron, sulfate, and in the absence of electron acceptors (Heider and 

Schühle, 2013).  

 

2.2.1 Metabolic mechanisms involved in anaerobic crude oil biodegradation  

The metabolic pathways of anaerobic hydrocarbon metabolism have been elucidated 

mainly under sulfate- and nitrate- reducing conditions. Studies of hydrocarbon metabolism under 

methanogenic conditions are scarce.  At least four mechanisms may occur for the initial 

activation of hydrocarbons under anoxic conditions, and they will be described below with an 

emphasis on naphthalene and methylnaphthalene degradation:  

 

2.2.1.1 Fumarate addition  

This process was first described for the biodegradation of toluene under nitrate-reducing 

conditions (Biegert et al., 1996; Beller and Spormann, 1997).  In this reaction, fumarate is added 

to the methyl carbon of the toluene to form R-benzylsuccinate (Figure 2-1A). The oxygen-
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sensitive glycyl radical enzyme, known as benzyl succinate synthase (BSS), catalyzes the 

addition of fumarate to activate the hydrocarbon.  This enzyme has been well characterized and 

purified from the denitrifying bacteria Azoarcus sp. and Thauera aromatica (Beller and 

Spormann, 1997; Leuthner and Heider, 1998; Krieger et al., 2001). The BSS enzyme contains 

three main subunits α, β and γ encoded by the gene bssABC (Li et al., 2009). In addition, the 

BSS operon contains bssD gene encoding a glycyl radical activating protein for enzyme function, 

and other genes encoding proteins of unknown functions (bssEFGH) (Hermuth et al., 2002).  

After benzylsuccinate forms, it is metabolized to benzylsuccinyl-CoA, and it is further degraded 

by a sequence of β-oxidation reactions to form succinyl-CoA, and benzoyl-CoA. The enzymes 

catalyzing these reactions are all encoded by the genes bbsA-H. (Leutwein and Heider, 2002). 

Finally, the aromatic ring of benzoyl-CoA is degraded by benzoyl-CoA reductase (BCR). Two 

types of ring-dearomatizing enzymes are known. The first is the ATP-dependent BCR class that 

is found in facultative anaerobes (e.g., Thauera and Azoarcus), and is encoded by bcrABCD 

genes (Boll and Fuchs, 1995; Song and Ward, 2005). The second type is the ATP independent 

BCR class, which is typically found in obligate anaerobes (e.g. Geobacter metallireducens) and 

is encoded by the bamBCDFGHI genes (Wischgoll et al., 2005; Kuntze et al., 2008). The 

reduced products of benzoyl-CoA are further degraded most likely by other hydrolytic-like and 

β-oxidation reactions (Boll et al., 2002). 
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Figure 2-1. Fumarate addition reactions for the initial biodegradation of toluene (A), 

methylnaphthalene (B), and an n-alkane (C). Reactions are catalyzed by the glycyl radical 

enzymes benzylsucinate synthase (BssA), naphthyl-2-methyl-succinate (NmsA) and 

alkylsuccinate synthase (AssA/MasD).  
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Other aromatic hydrocarbons such as m-xylene and 2-methylnaphthalene (2-MN) are also 

known to be biodegraded via fumarate addition reactions under sulfate-reducing conditions (e.g. 

Harms et al., 1999; Musat et al., 2009). By analogy to the fumarate addition pathway for toluene, 

a naphthyl succinate metabolite is formed from the initial degradation of 2-MN (Figure 2-1B), 

and this reaction is catalyzed by a naphthyl-methyl succinate synthase enzyme (NmsA) 

(Annweiler et al., 2000; Musat et al., 2009).  Proteomic, genomic, and metabolomic studies with 

sulfate-reducing bacterial cultures (Annweiler et al., 2002; DiDonato et al., 2010; Selesi et al., 

2010) have contributed to an understanding of the key enzymes and metabolites involved in PAH 

biodegradation via a fumarate addition pathway, and subsequent reactions (Figure 2-2). A study 

with the N47 sulfate-reducing culture (Selesi et al., 2010) revealed genes presumably involved in 

the degradation of the metabolite naphthyl-2-methylsuccinate. These genes were related to the 

ones involved in the β-oxidation of benzylsuccinate during toluene degradation 

(BbsABCDFGH), and were named as bns (β-oxidation of naphthylsuccinate) genes comprising 

the BnsABCDFGH operon coding for different functions (Figure 2-2). Other genes (NcrABCD) 

detected in the culture were believed to code for the naphthoyl-CoA reductase enzyme 

responsible for catalyzying the dearomatization of the ring structure of the 2-naphthoyl-CoA 

metabolite (Figure 2-2). This is analogous to the bcr genes from Azoarcus sp. strain CIB, known 

to be involved in the benzoyl-CoA reductase pathway (López Barragán et al., 2004).  Additional 

genes found in the ncr cluster are thought to be involved in subsequent degradation reactions 

such as β-oxidation and hydrolytic cleavage of the ring structure.  Furthermore, corresponding 

metabolites for the initial β-oxidation reaction of the naphthyl-2-methyl-succinate and the 

dearomatization of the 2-naphthoyl-CoA have been detected (Annweiler et al., 2002). Central 

metabolites such as naphthoic acids were found in the degradation of 2-MN and 2, 6-diMN under 
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methanogenic conditions (Berdugo-Clavijo et al., 2012), but no evidence of fumarate addition 

reactions exist to date for the methanogenic degradation of PAH.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2-2. Proposed pathway for anaerobic biodegradation of 2-MN via fumarate addition 

reaction (under sulfate-reducing conditions).  I) 5,6,7,8 tetrahydro-2-naphthoic acid, II) 

octahydro-2-naphthoic acid, and III) decahydro-2-naphthoic acid. Enzyme names are 

described in text. (Modified from Selesi et al., 2010; Meckenstock and Mouttaki, 2011). 
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Finally, fumarate addition has also been reported in the anaerobic biodegradation of 

alkanes.  Kropp et al. (2000) first observed the formation of dodecylsuccinate during the 

degradation of dodecane under sulfate-reducing conditions. During the anaerobic metabolism of 

n-alkanes, fumarate is added to the subterminal methylene group of the specific alkane and a 

methyl-alkyl succinate intermediate is formed (Figure 2-1C) (Rabus et al., 1999; Kropp et al., 

2000). The enzyme responsible for catalyzing this reaction is known as alkylsuccinate synthase. 

This class of glycyl radical enzyme has been well characterized in pure cultures such as the n-

alkane degrading sulfate-reducing bacterium Desulfatibacillum alkenivoras, where the two genes 

(assA1 and assA2) were detected (Callaghan et al., 2012), and the n-hexane degrading nitrate-

reducing bacterium strain HxN, where an assA-like gene named masD was found (Grundmann et 

al., 2008). The assA/masD genes have also been detected in methanogenic n-alkane-degrading 

cultures (Callaghan et al., 2010; Zhou et al., 2012; Aitken et al., 2013). In addition, 

alkylsuccinate metabolites have only recently been detected under methanogenic conditions (Tan 

et al., 2013; Berdugo-Clavijo and Gieg, 2014).  

 

2.2.1.2 Carboxylation 

This mechanism of activation has been proposed to occur for unsubstituted aromatic 

hydrocarbons such as benzene, naphthalene, and phenanthrene under nitrate-, iron- and sulfate- 

reducing conditions (Zhang and Young, 1997; Meckenstock et al., 2000; Rockne et al., 2000; 

Kunapuli et al., 2008). Typically, carboxylation is investigated with the addition of 13C-

bicarbonate to the culture medium. The labelled carbon (from 13C-HCO3
-) is incorporated into 

the corresponding hydrocarbon molecule, and leads to the formation of 13C-labelled metabolites. 
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In sulfate-reducing cultures amended with 13C-bicarbonate, labelled metabolites such as 13C-

naphthoic acid and 13C-phenanthroic acid, were detected during the degradation of naphthalene 

and phenanthrene, respectively (Zhang and Young, 1997; Davidova et al., 2007).  

During the degradation of naphthalene via carboxylation, a carboxyl group is added into 

the naphthalene molecule, and 2-naphthoic acid is formed (Figure 2-3) (Meckenstock et al., 

2000). In a microarray study with the sulfate-reducing NaphS2 strain, genes coding for aromatic 

carboxylases were upregulated in the presence of naphthalene (DiDonato et al., 2010). Similarly, 

Bergmann et al. (2011) detected and characterized a gene cluster ORF N47_K27540 coding for 

the alpha subunit of a naphthalene carboxylase in the sulfate reducer strain N47. Moreover, 

further ring reduction reactions for naphthoic acid degradation have been investigated. Reduced 

products formed during further naphthalene degradation include, decahydro-2-naphthoic 

(Meckenstock et al., 2000), 5,6,7,8-tetrahydro-2-naphthoic acid, and octahydro-2-naphthoic acid 

(Zhang et al., 2000; Annweiler et al., 2002) (Figure 2-2).  Although, naphthalene-degrading 

cultures have been established under methanogenic conditions (Berdugo-Clavijo et al., 2012), 

there is no evidence of carboxylation occurring in the absence of electron acceptors.  

Initially, benzene degradation by carboxylation was shown to occur in an iron-reducing 

culture (Kuntze et al., 2008). Proteins showing high similarity to a phenol carboxylase subunit 

were expressed in the culture, and carboxylase-related genes designated abcA and abcD were 

detected (Abu Laban et al., 2010). Furthermore, benzene carboxylase-like genes, as well as 

genes involved in benzoate degradation were transcribed in a nitrate-reducing enrichment culture 

amended with benzene or benzoate (Luo et al., 2014).  

 Fumarate addition is the most common pathway found to be involved in the activation of 

alkanes, though carboxylation has also been suggested as a metabolic mechanism involved in the 
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biodegradation of alkanes by SRB (So et al., 2003). By using labelled compounds like 13C-

bicarbonate and [1,2 13C2] hexadecane, the authors detected 13C-labelled carboxylic acid 

metabolites with one carbon number shorter than the parent alkane (C15). Thus, it was suggested 

that alkane degradation in the culture occurs initially by incorporating a carboxyl group at the C-

3 position of the chain, and subsequent removal of the two terminal carbon atoms from the alkyl 

chain.   

 

2.2.1.3 Methylation 

A less common pathway of hydrocarbon activation is the addition of a methyl group to 

the hydrocarbon parent molecule (Coates et al., 2002). This reaction has been observed during 

the degradation of benzene and naphthalene (Ulrich et al., 2005; Safinowski and Meckenstock, 

2006). 13C-labelled benzene was converted to 13C-toluene in methanogenic and nitrate-reducing 

cultures (Ulrich et al., 2005). It has been proposed that toluene is then biodegraded via fumarate 

addition, leading to the formation of benzylsuccinate that subsequently enters the benzoyl-CoA 

pathway. However, the corresponding metabolites were not identified in the cultures.  In a 

similar way, 2-MN was detected in a naphthalene-degrading sulfate-reducing enrichment culture 

(Figure 2-3), suggesting methylation as an initial activation mechanism followed by fumarate 

addition (Safinowski and Meckenstock, 2006). This notion was supported by the detection of 

metabolites and enzymes potentially associated with methylation and fumarate addition reactions 

(Annweiler et al., 2002; Safinowski and Meckenstock, 2004).   
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Figure 2-3. Initial anaerobic biodegradation of naphthalene by carboxylation and 

methylation. Reactions are catalyzed by naphthalene carboxylase (A) and naphthalene-

methyl-transferase (hypothetical enzyme) (B) to form naphthoic acid and methyl-

naphthalene metabolites, respectively. 

 

2.2.1.4 Hydroxylation 

Anaerobic hydroxylation has been observed for the degradation of ethylbenzene under 

nitrate-reducing conditions (Ball et al., 1996).  Here, a hydroxyl group (from water) is added to 

the carbon-1 of the hydrocarbon chain to produce phenylethanol.  This reaction is catalyzed by 

ethylbenzene dehydrogenase (EBDH), which contains α, β, and γ-subunits (Johnson et al., 2001). 

Phenylethanol is then converted to acetophenone, and subsequently to benzoylacetate by a 

number of enzymes previously characterized (Jobst et al., 2010). Furthermore, benzoylacetyl-

CoA is formed by a CoA ligase, which is then metabolized to acetyl-coA and benzoyl-CoA 

(Rabus et al., 2002). Hydroxylation was also reported in the biodegradation of benzene with the 

formation of phenol (Chakraborty and Coates, 2005; Ulrich et al., 2005). However, Kunapuli et 

al. (2008) showed that phenol is likely formed from abiotic reactions during the sample 

preparation procedures. 
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2.3 Syntrophy and methanogenesis 

2.3.1 Principles of syntrophic metabolism 

The complete mineralization of an organic molecule to methane and CO2 is possible by a 

partner-dependent metabolic activity called syntrophy (McInerney et al., 2009). Syntrophic 

processes typically take place in methanogenic environments including freshwater sediments, 

rice paddies, sewage treatment plants, landfills, and the intestinal tracts of ruminants. However, 

there is also evidence that syntrophic processes can happen at higher redox potential, and in the 

presence of electron acceptors such as nitrate, Fe (III), or sulfate (Kunapuli et al., 2007; 

Herrmann et al., 2010; van der Zaan et al., 2012).  Initially, during syntrophic processes, a group 

of microorganisms known as fermenters utilize substrates like lipids, proteins, fatty acids, 

alcohols, amino acids, sugars and aromatic compounds, and produce metabolites such as acetate, 

long-chain fatty acids, CO2, H2 and formate. Then, syntrophic organisms utilize these products 

and convert them to acetate, CO2, H2, and formate, which become substrates for methanogenesis 

(Figure 2-4). Either hydrogenotrophic (a) or acetotrophic (b) methanogens finalize the reaction to 

produce CH4 (and CO2 or H2O) (Sieber et al., 2012). The former reactions are only 

thermodynamically favorable when microbial partners like methanogens consume the metabolic 

products from syntrophs, and keep them at low concentrations (McInerney et al., 2009). Because 

of the low energy that is shared between syntrophs and methanogens in these reactions, 

syntrophy has been considered as an extreme lifestyle (Table 2-2).  
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Polymers
Cellulose, lipids, proteins, etc.

Monomers 
Sugars, amino acids, and 
fatty acids

H2, acetate, CO2, and Formate

Hydrocarbons

CH4 + H2O

*Syntrophic Acetate 
Oxidation

(C)

H2-utilizing 
methanogenesis

(a)

Acetate-utilizing 
methanogenesis

(b)

Fermentation products

Fermenters
Syntroph(s)

Syntrophs

H2 + CO2 CH3COO- + H+

VFAs, acetate, 
alcohols, and formate

CH4 + CO2

*
*

 

Figure 2-4. Possible routes for syntrophic decomposition of polymers and hydrocarbons, 

coupled to (a) hydrogen-, (b) acetate-utilizing methanogenesis, and (c) syntrophic acetate 

oxidation coupled to methane production (dotted lines) (Modified from McInerney et al., 

2009). 
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Syntrophic processes usually occur via interspecies transfer of formate or H2 (Stams, 

2006). Key enzymes and membrane-bound complexes have been well investigated in syntrophic 

microorganisms exchanging H2/formate molecules (Sieber et al., 2012). Cysteine has also been 

shown to be exchanged between cometabolic cultures growing in syntrophic associations (Kaden 

et al., 2002). Another mechanism of electron transfer in syntrophic processes includes direct 

electron transfer via nanowires or electronically conductive pili (Reguera, 2005). Syntrophic 

processes are also known to uptake energy via reverse electron transfer to carry out important 

redox reactions that are otherwise unfavourable (Sieber et al., 2012).  

 

2.3.2 Syntrophy in methanogenic hydrocarbon degradation 

Crude oil hydrocarbons can be completely mineralized to methane via syntrophic 

reactions. This process can occur through different metabolic routes that are driven by 

thermodynamics, microbial community composition, and environmental conditions such as 

acetate/H2 concentrations, temperature, and pH (Dolfing et al., 2008). For instance, 

hydrocarbons can be initially degraded to a combination of products such as H2 and CO2, acetate 

and H2, or acetate alone, and then be coupled to methanogenesis from either H2 or acetate 

(Dolfing et al., 2008) (Table 2-2). Laboratory and field studies suggest that hydrogen-utilizing 

methanogenesis is the dominant process in oil reservoir environments (Nazina et al., 1995; 

Rozanova et al., 2001; Bonch-Osmolovskaya et al., 2003; Jones et al., 2008).  Other studies have 

shown acetotrophic methanogenesis as a major process occurring in contaminated aquifers 

(Dojka et al., 1998; Struchtemeyer et al., 2005).  The oxidation of hydrocarbons to acetate can 

also be linked to a thermodynamically feasible process known as syntrophic acetate oxidation 

(Figure 2-4c; Table 2-2), which is then coupled to hydrogenotrophic methanogenesis (Dolfing et 
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al., 2008).  This metabolic route seems to dominate in oil systems (Jones et al., 2008), especially 

in high temperature (50-70 ℃) oil reservoirs (Nazina et al., 1995; Mayumi et al., 2011).  

 

Table 2-2. Stoichiometry and Gibbs free energy for reactions involved in syntrophic 

hydrocarbon degradation coupled to methane production (Adapted from Gieg et al., 2014 

with permission) 

Acetotrophic         CH3COO
- 
+ H2O →  HCO3- + CH4 -31.0 -15.7

Hydrogenotrophic 4H2 + HCO3
- 
+ H

+→ CH4 + 3H2O -135.6 -38.7

Hexadecane          C16H34 + 16H2O →  8CH3COO
-
 + 8H

+
 + 17H2 +470.8 -91.3

Naphthalene          C10H8 + 10H2O →  5CH3COO
-
 + 5H

+
 + 4H2 +101.1 -90.2

Hexadecane          C16H34 + 16H2O →  12.25CH4 + 3.75HCO3 + 3.75H
+ -353.5 -380

Naphthalene          C10H8 + 12H2O →  6CH4 + 4HCO3 + 4H
+ -189.5 -206.9

Overall conversion of hydrocarbon to methane
b

ΔG’
a 

(kJ/mol)

Syntrophic hydrocarbon oxidation to acetate and H2

ΔG°’ 

(kJ/mol)
Methanogenic reactions

 

aCalculated from the equation ΔG’= ΔG°’ + RTln[(C)c(D)d]/(A)a/(B)b], where R= 

0.00831kJ/K.mol, and T= 298 K based on the following concentrations of intermediates: 10 Pa 

H2, 50 mM bicarbonate, 50 µM acetate, 50 KPa CH4, and 100 uM of substrate (values suggested 

in McInerney et al., 2009) 

bAssumes product removal via both acetotrophic and hydrogenotrophic methanogenesis 
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Key microorganisms that play a role in the conversion of hydrocarbons to methane have 

been investigated. Important members of methanogenic crude oil biodegradation include 

hydrocarbon degraders, H2 and acetate utilizing methanogens, and other secondary fermenters or 

biomass scavengers (Kleinsteuber et al., 2012). Microorganisms reported as hydrocarbon-

degraders are usually fermenters such as Pelotomaculum, Peptococcaceae, Clostridium, 

members of the Deltaproteobacteria, Syntrophus and Sporotomaculum. A recent survey from 26 

studies of anoxic hydrocarbon-laden environments revealed that the most frequently found 16S 

rRNA sequences belonged to the Firmicutes phylum, followed by members of the class 

Gammaproteobacteria (Gray et al., 2010). Other important groups identified in the survey were 

Deltaproteobacteria including sulfate- and iron- reducers, and members of the family 

Syntrophaceae.  Other genomic approaches have been useful to identify hydrocarbon degraders 

in microbial cultures.  In a methanogenic enrichment amended with crude oil, 16S rRNA genes 

from a microorganism closely affiliated to the genus Smithella were quantified by qPCR analysis 

(Gray et al., 2011). The growth of Smithella was coupled to the removal of alkane hydrocarbons 

and methanogenesis in the culture, so it was suggested that this organism is the main 

hydrocarbon-degrader.  In a similar way, Sakai et al. (2009) detected (by qPCR) the abundance 

of an organism related to Syntrophus gentianae during the methanogenic degradation of benzene. 

In addition, the authors conducted a DNA-SIP analysis with 13C6-benzene showing that this 

bacterial member had the highest assimilation of 13C, indicating that Syntrophus species is the 

main hydrocarbon-degrader in the culture.  More recently, using RNA-SIP and RT-qPCR 

analyses, Fowler et al. (2014) identified Desulfosporosinus sp. as the most likely toluene-

degrader in a methanogenic enrichment culture.  Likewise, Sun et al. (2014) concluded by DNA-
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SIP and TRFLP that Desulfosporosinus was degrading toluene in a methanogenic culture. These 

studies show how different genera of microorganisms involved in syntrophic processes are able 

to degrade diverse hydrocarbons. Microbial players that are believed to utilize hydrocarbon 

intermediates and dead biomass include members of Chloroflexi, Anaerolineae, and 

Bacteroidetes (Kleinsteuber et al., 2012).   

Overall, syntrophic partnerships involved in hydrocarbon biodegradation are still not 

completely understood.  New approaches (qPCR, DNA-SIP), transcriptomics, and proteomics 

are currently helping elucidate important key microorganisms, pathways and interactions 

involved in syntrophic processes occurring in hydrocarbon-associated environments (Gieg et al., 

2014). 

 

2.4 Tools for assessing anaerobic hydrocarbon biodegradation pathways 

A number of molecular and chemical approaches are now available to assess microbial 

activities and metabolic pathways in laboratory cultures, environmental samples or in situ. Many 

of these tools are commonly utilized in the study of anaerobic hydrocarbon biodegradation. The 

methods that were utilized in this thesis project are reviewed below.  

 

2.4.1 Hydrocarbon metabolomics 

This approach is based on the identification of biological markers or intermediate 

products released during the degradation of a specific parent substrate (Callaghan, 2013). 

Typically a microbial culture or sub-sample is acidified for sample preservation and protonation 

of potential metabolites. Then, the sample is liquid-liquid extracted with an organic solvent (e.g. 

ethylacetate, methylene chloride) or by solid-phase extraction. Extracted sample is then analyzed 
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by gas chromatography-mass spectrometry (GC-MS) or high performance liquid 

chromatography coupled with tandem mass spectrometry (LC-MS-MS). Analysis with GC-MS 

requires derivatization of the sample by methylation or silylation. Derivatized compounds are 

then identified based on their specific MS fragment ion patterns. Known standards or established 

libraries are used to confirm the identity of the compounds. LC-MS-MS analysis requires little or 

no sample preparation and a small volume of initial sample (Agrawal and Gieg, 2013).  

Detection of metabolites in microbial cultures or in the environment has helped in 

defining biodegradation pathways for hydrocarbon compounds. For example, metabolite 

profiling allowed the detection of benzylsuccinate metabolites associated with the fumarate 

addition pathway in toluene degradation (Biegert et al., 1996; Beller and Spormann, 1997). Later 

on, fumarate addition metabolites related to alkane degradation (e.g., alkylsuccinates) were also 

identified in anaerobic cultures (Rabus et al., 1999; Kropp et al., 2000).   Metabolomics tools 

also have contributed to the monitoring of natural attenuation or bioremediation in contaminated 

areas such as groundwater aquifers (Beller et al., 1995; Gieg and Suflita, 2002; Rios-Hernandez 

et al., 2003; Gieg et al., 2009). Beller et al. (1995) assessed the presence of benzylsuccinates in 

situ as an indicator of BTEX bioremediation in a groundwater aquifer. Gieg and Suflita (2002) 

found alkyl- and benzylsuccinate metabolites in contaminated aquifers, indicating in situ 

microbial utilization of alkanes and aromatic hydrocarbons, respectively.  

A limitation of hydrocarbon metabolomics is that the identification of metabolites 

requires knowledge of the compounds that are likely present in the sample, and a detailed 

understanding of the metabolic mechanisms that may be occurring. Moreover, this approach is 

limited by the analytical capabilities to resolve certain compounds, especially complex 

metabolites or high molecular weight metabolites (Callaghan, 2013). Recently, 2-dimensional 
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GC (GC X GC) analysis coupled to MS was used to identify hydrocarbon-related mixtures such 

as naphthenic acids (Rowland et al., 2011). The same chromatography approach was later 

applied to characterize oil fractions, and allowed the identification of various aromatic acids 

known as intermediates in anaerobic naphthalene biodegradation (West et al., 2014). Thus, these 

high resolutions techniques could potentially help to characterize complex hydrocarbon 

metabolites that remain unknown. Furthermore, developing an open-source database that 

includes anaerobic hydrocarbon degradation metabolites, may also help to make hydrocarbon 

metabolomics a high-throughput tool (Spiegelman et al., 2005).  

 

2.4.2 PCR -based approaches 

2.4.2.1 Functional gene-based analysis 

Ribosomal RNA genes, especially 16S rRNA, are commonly used as marker genes to 

assess microbial diversity in a community. Also, catabolic genes involved in metabolic and 

functional processes are useful to assess the occurrence of functional abilities in certain 

microorganisms or communities (Spiegelman et al., 2005). The presence or absence of a targeted 

gene is assessed by polymerase chain reaction (PCR) amplification of an extracted DNA 

template.  DNA isolation protocols are currently available for the extraction of nucleic acids in 

soil and water. Purification of extracted DNA is also an important step to remove any inhibitory 

compound that can interfere with PCR and decrease the amplification efficiency (Liesack and 

Dunfield, 2003). Oligonucleotide primers that are complementary to the desired genes are 

designed for PCR, based on a database that is built from reference sequences of common 

domains or gene functions (e.g. mcrA, dsrA, and pmoA). Bioinformatic tools can be applied to 

align the selected sequences and find regions of high similarities. Thus, primers are designed 
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based on conserved regions of the reference sequences (Junca and Pieper, 2010).  For the 

separation of PCR products of the gene(s) of interest different molecular biology methods can be 

used including clone library construction, denaturant gradient gel electrophoresis (DGGE), or 

pyrotag sequencing.  Once individual sequences are obtained, they can be identified by available 

screening tools (e.g. BLAST), used in comparative analysis methods (e.g. phylogenetic tree 

construction), or further analyzed by other approaches (e.g. qPCR, and DNA-SIP) (Liesack and 

Dunfield, 2003). 

Functional gene-based approaches are commonly applied to assess the potential for 

anaerobic hydrocarbon biodegradation in anaerobic cultures and environments.  Fumarate 

addition genes such as assA and bssA, for alkane and aromatic hydrocarbon metabolism, are 

functional marker genes that can be used to assess natural attenuation or bioremediation in 

contaminated environments. Beller et al. (2002) developed primers for RT-PCR analysis to 

monitor the presence of benzylsuccinate synthase genes (bssA) in nitrate-reducing cultures 

inoculated with aquifer sediments and amended with BTEX compounds. Toluene degradation 

was coupled to an increase in the number of bssA copy genes. Also, Callaghan et al. (2010) 

designed primer sets to screen for the presence of assA and bssA genes in a variety of samples 

from hydrocarbon contaminated environments and enrichment cultures. A wide diversity of the 

assA genes within crude oil-impacted environments was shown with this approach. Recently, 

von Netzer et al. (2013) developed a gene detection assay for screening fumarate addition genes 

(assA, bssA, and nmsA) in cultures and environmental samples, and for further identification of 

major lineages in these genes using TRFLP analysis.  Functional gene analysis has also helped to 

monitor genes associated with further degradation of hydrocarbon components such as bcr, bam, 
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and ncr genes involved in the dearomatization of benzoyl- or naphthoyl-CoA (Song and Ward, 

2005; Kuntze et al., 2008; Morris et al., 2014).   

2.4.2.2 Pyrotag sequencing 

Next-generation sequencing tools have contributed to the genomic exploration of many 

unexplored surroundings including hydrocarbon-laden environments. With novel sequencing 

technologies, large-scale sequencing can be performed in a relatively short time, and at a low 

price (Caffrey, 2011). These new sequencing approaches aim to amplify single strands of a 

fragment library, and perform sequencing reactions on the strand that was amplified. Specific 

linkers (adapters) are annealed to blunt-ended fragments from the sample DNA in order to obtain 

library fragments (Mardis, 2008). In 454 pyrotag sequencing, the fragments are added to agarose 

beads that contain nucleotides that are complementary to the adapter sequences of the fragments. 

An individual mixture of “fragment and bead” is isolated into single micelles of oil and water, 

and then amplified up to about 1 million copies per fragment.  Each amplified bead is isolated in 

extremely small wells (e.g., PicoTiterPlates) where nucleotides and chemiluminescent enzymes 

are sequentially added across the wells. If a nucleotide is complementary to the template strand, 

it is incorporated by polymerases. Binding of template and added nucleotides releases 

pyrophosphate that reacts with APS and ATP cofactors. This reaction is catalyzed by the added 

enzymes (sulfurylase and luciferase), and generates a flash of light recorded and analyzed by a 

computer, generating reads of about 400 nucleotides long. 

Pyrotag sequencing has been used to characterize the microbial communities within 

hydrocarbon cultures or enrichments (e.g. Callbeck et al., 2011; Abbai et al., 2012; An et al., 

2013). A combination of stable isotope probing (SIP) experiments coupled to pyrotag sequencing 
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analysis helped to assess microbial community in oil-tar contaminated aquifer, showing a high 

abundance of toluene-degraders (Pilloni et al., 2011).  

2.4.2.3 qPCR 

Quantitative polymerase chain reaction (qPCR) is used for the amplification, detection 

and quantification of PCR products (Spiegelman et al., 2005). qPCR monitors the accumulation 

of PCR products over time using fluorescent dyes that excite when they are attached to double-

stranded DNA (e.g. Syber green I) or specific oligonucleotide probes that release a fluorescent 

signal when the target DNA is amplified. (Junca and Pieper, 2010). An amplification plot is 

generated during qPCR analysis, which is used to quantify the target DNA. Four phases 

comprise a qPCR plot; baseline region, exponential phase, linear phase and plateau phase. qPCR 

assays also have a quantification cycle (Cq) which is used to determine the initial copy numbers 

of a specific target. High reproducibility between replicate samples and efficiency close to 100% 

is optimal for a qPCR assay.  The efficiency is based on a calibration curve that is generated 

from serially diluted standards of the template DNA (Spiegelman et al., 2005).  

qPCR assays have been used to quantify 16S rRNA genes to determine key 

microorganisms growing in response to hydrocarbon substrates (Sakai et al., 2009; Gray et al., 

2011). Other assays target functional genes that code for enzymes known to catalyze anaerobic 

hydrocarbon degrading reactions such as fumarate addition. For instance, the first qPCR assay to 

detect bssA genes was designed by Beller et al. (2002) from consensus sequences of toluene 

degrading nitrate-reducing cultures. Later on, bssA sequences were also detected and quantified 

in sulfate-reducing bacteria and methanogens (Beller et al., 2008). qPCR has also been applied to 

monitor anaerobic aromatic degradation in contaminated sites (Winderl et al., 2008; Oka et al., 
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2011), and novel primers targeting fumarate addition genes (nmsA) have been designed to 

potentially be used in qPCR approaches (von Netzer et al., 2013). 

 

2.5 Biotechnology applications of petroleum microbiology  

Microbial activities related to the petroleum industry can lead to detrimental or beneficial 

consequences for human and the environment. For example, the production of hydrogen sulfide 

by SRB in oil reservoirs can lead to souring and induce microbial corrosion in oil facilities 

(Voordouw, 2011). Methanogenesis has also been associated with pipeline corrosion in oil 

reservoir facilities (Suflita et al., 2008; Uchyama et al., 2010). In contrast, many microorganisms 

possess the ability to utilize hydrocarbons or produce compounds (e.g. biosurfactants or biofuels) 

offering potential industrial applicability. Hence, microbial activities can help minimize the 

environmental impact of using fossil fuels or improve oil recovery in a more sustainable manner. 

Hence, knowledge on microbial communities and metabolic processes that are associated with 

hydrocarbon biodegradation can contribute to overcome the negative effects of microbes in oil 

facilities, help to improve bioremediation strategies, and investigate the feasibility of energy-

emerging biotechnologies.  Here we describe those applications that make use of the microbial 

degradation of hydrocarbons under methanogenic conditions. 

 

2.5.1 Crude oil bioremediation 

 The production, storage, and transportation of petroleum hydrocarbons can result in 

accidental oil spills, and lead to the contamination of soil and ground water environments. 

Naturally the environment can attenuate contaminants by sorption, volatilization, dilution, or 

biodegradation (Banwart and Thornton, 2010). Initial biodegradation occurs in the presence of 
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oxygen, but aerobic microorganisms living at the surface of a contaminated site rapidly consume 

this electron acceptor.  Thus, in a natural setting, biodegradation must then proceed through other 

electron-accepting processes such as with nitrate, iron, sulfate, and/or in the absence of electron 

acceptors.   

Novel tools can be applied in contaminated sites to monitor microbial pathways and 

microorganisms involved in anaerobic hydrocarbon metabolism. One method to assess microbial 

activity in polluted environments is detecting and quantifying in situ key metabolites involved in 

anaerobic degradation of contaminants (Beller, 2002; Gieg and Suflita, 2002; Gieg et al., 2009; 

Jobelius et al., 2010). Moreover, with the use of genomic or proteomic analysis, and stable 

isotope probing tools, key microorganisms and genes involved in hydrocarbon biodegradation 

pathways can also be measured in the environment (Griebler et al., 2003; Kunapuli et al., 2007; 

Beller et al., 2008; Kuntze et al., 2008; Kazy et al., 2010; Winderl et al., 2010). Because of the 

slow biodegradation rates of anaerobic metabolism, microbial degradation of hydrocarbon 

contaminants can be enhanced by chemical or physical methods, and bioaugmentation (Hunkeler 

et al., 2002; Da Silva and Alvarez, 2004; Bauer et al., 2009). A combination of genomic, 

metabolomic and geochemical tools were used to assess how hydrocarbon biotransformation 

occurs in a tar-oil contaminated aquifer (Winderl et al., 2008).  Increases in the sulfate-reducing 

activity and number of toluene-degraders carrying bssA genes were observed in the depth near 

the contaminated plume named as “hot spot” zone.  These findings support the “plume fringe 

concept”, observed in other studies on contaminated aquifers, which states that the formation of 

biogeochemical gradients in a contaminated plume allow the formation of areas where microbial 

degradation occurs at the highest rates (Tuxen et al., 2006; Anneser et al., 2010, Jobelius et al., 

2010). 
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2.5.2 Improved energy production 

Current primary and secondary oil extraction technologies can only recover up to about 

50% of the crude oil from existing deposits, leaving large amounts of residual oil trapped in 

reservoir rock pores (Ollivier and Magot, 2005). In addition, the extraction of a great majority of 

crude oil on the planet is limited by physical properties of the oil such as high viscosity that 

characterizes heavy oil. Enhanced oil recovery methods based on thermal, chemical, and gas 

miscible technologies have been developed to mobilize the remaining oil from mature oil fields. 

However, they can be highly expensive, and some require the use of large amounts of energy and 

water (Suflita et al., 2004). Microbial products including CO2, biosurfactants, alcohols, and fatty 

acids can potentially be used to alter physical properties of crude oils in the reservoirs including 

viscosity, interfacial tension, permeability, and porosity (Suflita and McInerney, 2008). The 

alteration of these properties may contribute to enhanced oil recovery. The latter strategy can be 

considered a tertiary oil recovery technology and is known as microbially enhanced oil recovery 

(MEOR). Laboratory and field studies have shown possibilities for utilizing microbial products 

such as gases, fatty acids, alcohols, and biosurfactants as a mean to reduce viscosity and recover 

oil (Youssef et al., 2007; Youssef et al., 2009; Town et al., 2010), but the technology is not yet 

widely applied.  

Recent work with isotopic fractionation analysis showed that crude oil reservoirs have 

been biodegraded to methane over geological time (Head et al., 2003). Thus, the activity of 

microorganisms able to convert crude oil components to methane can potentially contribute to 

recover crude oil, particularly in reservoirs where primary and secondary extraction technologies 

are no longer cost-effective (marginal oil fields) (Gray et al., 2010). Gieg et al. (2008) obtained a 

bacterial consortium capable of degrading a variety of hydrocarbon components to methane. 
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When the culture was amended with a crushed sandstone core from a marginal oil field 

containing residual oil, methane production was enhanced. Methanogenic rates ranging from 

0.15 to 0.40 mol/day /g of core were observed with yields up to 3 mmol CH4/g core. Gray et al. 

(2009) tested different mechanisms to stimulate methane production in microbial cultures 

enriched from formation waters of a high temperature oil/gas field. The addition of inorganic 

nutrients enhanced methane production in incubations amended with H2/CO2, and additional 

methane was seen when the incubations were amended with traces of yeast extract. Microbial 

conversion of residual oil to methane was also investigated in high-pressure and high 

temperature column systems that were filled with reservoir brine samples (Maeda et al., 2009). 

Enhanced levels of methane and carbon dioxide were observed in the columns, and members of 

the family Clostridiaceae, as well as Desulfotomaculum and Thermotoga members dominated 

the columns. Also, Sugai et al. (2010) examined the microbial community and hydrogen 

production of brine samples collected from an oilfield with high CO2 concentrations, to assess 

the feasibility of converting H2 and CO2 to CH4. Hydrogen producing bacteria including 

Thermotoga sp and Thermoanaerobacter sp. and hydrogenotrophic methanogens 

Methermicoccus and Methanobacterium were identified in the samples. Recently, Berdugo-

Clavijo and Gieg (2014) examined the conversion of crude oil to methane in sandstone-packed 

columns simulating residual-oil fields. An oil-degrading enrichment from oil production waters 

was used to inoculate the columns. Methane production was observed in inoculated columns as 

alkane compounds were shown to be depleted.   

One of the limitations of bioconversion of crude oil to methane as potential energy source 

is the slow methane production rates and the availability of nutrients and water for microbial 

processes. In situ conversion of hydrocarbon to methane will most likely require the stimulation 
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of native communities, and/or the establishment of external microbial consortia designed to 

efficiently convert oil to methane in a marginal reservoir (Gray et al., 2010). Investigations on 

microbial processes participating in the biodegradation of hydrocarbons in situ would help to 

realistically assess the feasibility of this technology (along with engineering studies). Moreover, 

the high natural abundance of gas in oil shale environments, and the current low price of gas in 

relation to conventional oil make this technology not very realistic nowadays.  

 

2.6 Conclusions 

The study of anaerobic hydrocarbon biodegradation mainly under nitrate- and sulfate-

reducing conditions has contributed to the understanding of metabolic mechanisms and microbial 

communities involved in hydrocarbon metabolism. In more recent years, the anaerobic 

biodegradation of hydrocarbons in the absence of electron acceptors has gained more interest.  

The methanogenic biodegradation of hydrocarbons is now known to have an important role in 

the formation of heavy crude oil, and in the origin of methane accumulations in coal seams and 

petroleum reservoirs.  More studies have emerged on the investigation of hydrocarbon 

methanogenesis to understand initial hydrocarbon activation mechanisms and subsequent 

downstream degradation processes. For instance, fumarate addition has been shown to be an 

important mechanism in the anaerobic hydrocarbon degradation, including under methanogenic 

conditions. Studies are also focused on understanding syntrophic processes and microbial 

partners, such as members of the Firmicutes and Deltaproteobacteria that have been shown to 

participate in the degradation of hydrocarbon components under methanogenic conditions.   
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This thesis work aims to investigate the methanogenic biodegradation of whole crude oil 

and PAH by investigating the metabolic mechanisms and microbial communities involved in this 

metabolic process.  
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Preface 

Chapter 3 includes the work conducted to develop enrichment cultures able to degrade 

hydrocarbon components from light and heavy crude oils. In addition, this chapter includes work 

on metabolite analysis, functional gene analysis on light oil (assA/bssA), and microbial 

community characterization. This enrichment culture was used in sandstone-packed column 

studies, described in Chapter 4. Part of the work described in Chapter 3 was published in 

Frontiers in Microbiology (Berdugo-Clavijo and Gieg, 2014).  The other part of the work 

published in this article is included in Chapter 4 of this thesis.  
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Chapter Three: Methanogenic biodegradation of hydrocarbon compounds 

from light and heavy crude oil 

3.1 Introduction 

In hydrocarbon-impacted subsurface environments, fuel components can be anaerobically 

biodegraded via a number of electron accepting processes including nitrate, iron, and sulfate 

reduction (Widdel et al., 2010). However, when available electron acceptors are depleted in such 

environments, hydrocarbon biodegradation has to proceed via methanogenesis.  Methanogenic 

hydrocarbon metabolism involves the interaction between syntrophic bacteria and methanogens. 

Although methanogenic oil biodegradation is a low energy yielding process (Schink, 1997), it is 

thermodynamically feasible when intermediate products generated by syntrophic bacteria are 

kept at low concentrations by methanogens (Dolfing et al., 2008). The biodegradation of 

hydrocarbons under methanogenic conditions has been widely investigated for a variety of crude 

oil components such as n-alkanes (Zengler et al., 1999; Anderson and Lovley, 2000), benzene 

(Grbić-Galić and Vogel, 1987; Ulrich and Edwards, 2003), toluene (Grbić-Galić and Vogel, 

1987; Godsy et al., 1992; Edwards and Grbić-Galić, 1994), and polycyclic aromatic 

hydrocarbons (Chang et al., 2006; Zhang et al., 2011; Berdugo-Clavijo et al., 2012).  Only more 

recently have reports emerged demonstrating the susceptibility of whole crude oil to 

methanogenic biodegradation (Townsend et al., 2003; Jones et al., 2008; Gieg et al., 2010) and 

work is ongoing to elucidate the mechanism(s) involved in the initial activation of hydrocarbons 

under these conditions.  Addition to fumarate as an initial hydrocarbon activation mechanism 

under anoxic conditions was initially demonstrated with toluene under nitrate-reducing 

conditions (Biegert et al., 1996) and subsequently for other alkyl-substituted monoaromatic 
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compounds (e.g., reviewed in Foght, 2008; Widdel et al., 2010). Likewise, n-alkanes were 

shown to be activated via addition to fumarate by nitrate- and sulfate-reducing bacteria (e.g., 

Kropp et al., 2000; Rabus et al., 2001; Callaghan et al., 2006).  Fumarate addition pathway has 

been shown to occur in methanogenic toluene-degrading enrichments by quantification, 

expression, or detection of benzylsuccinate synthase genes (Beller et al., 2002; Washer and 

Edwards, 2007), as well as by metabolite analysis (Fowler et al., 2012). Although fumarate 

addition genes (e.g., ass/mas for alkanes or bss for toluene) have been identified in methanogenic 

oil-degrading enrichments (Zhou et al., 2012; Aitken et al., 2013) and samples from oil-

contaminated environments (Callaghan et al., 2010), it is still uncertain whether this metabolic 

pathway occurs during methanogenic oil biodegradation as the fumarate addition metabolites 

have been difficult to detect (Aitken et al., 2013). Other putative activation mechanisms may 

include carboxylation, hydroxylation, or methylation, all of which have been reported to occur 

under other electron-accepting conditions (e.g., reviewed in Foght, 2008; Widdel et al., 2010). 

 The understanding of methanogenic crude oil biodegradation can contribute to a number 

of biotechnological applications related to bioremediation (Kazy et al., 2010; Callaghan, 2013), 

or to assess the feasibility of energy recovery in the form of CH4 from marginal oil reservoirs 

(Parkes, 1999; Gieg et al., 2008; Jones et al., 2008). 

In this study, we describe a methanogenic crude oil-degrading culture able to grow with 

light and heavy oil, and detected putative hydrocarbon metabolites and genes known to be 

involved in hydrocarbon biodegradation via fumarate addition.  In addition, the microbial 

community of the enrichment culture growing with light oil was characterized using pyrotag 

sequencing analysis.   
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3.2 Materials and Methods 

3.2.1 Development of a crude oil-degrading enrichment culture  

A methanogenic enrichment culture was initially developed from a mixture of production 

waters of a low temperature reservoir that has been subject to nitrate injection for souring 

treatment (Agrawal et al., 2012).  The production waters were initially enriched with 0.5 -1 mM 

of phosphate and 5% (by volume) of light crude oil.  Following the detection of methane, a 

secondary enrichment culture was developed by transferring 20 mL of the original production 

waters into 20 mL of bicarbonate-buffered minimal salt medium (Figure A-1) prepared under 

strictly anoxic conditions, and containing rezasurin as a redox indicator and cysteine-HCl-

sodium sulfide (2.5% solution) as a reducing agent. Triplicate incubations were prepared and 

amended with 0.5 mL of light crude oil. This culture was incubated for 500 days at 30℃. Finally, 

a tertiary transfer was prepared by adding 5 mL of the oil-amended enrichment culture into 50 

mL of sterile anoxic medium with an atmosphere of N2/CO2 (90/10). Incubations were amended 

with an over layer of 0.5 mL of light crude oil (°API = 37) or with ~0.2 mL of heavy crude oil 

(°API = 16). In addition, inoculated controls without crude oil were prepared in parallel to 

account for any background production of methane. Incubations were prepared in triplicate for 

each tested condition. All enrichments were incubated in the dark at 30°C for approximately 48 

weeks. 

 

3.2.2 Methane measurements  

Methane production from the oil-amended enrichments was monitored over time by 

injecting 0.2 mL of an incubation head space into a HP model 5890 gas chromatograph (GC) 

equipped with a flame ionization detector held at 200°C. Injections were done at 150°C onto a 
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packed stainless steel column (6 ft. x 1/8 in., Poropak R, 80/100, Supelco) held isothermally at 

100°C.  Methane amounts were determined with calibration curves prepared from five standards 

containing known methane concentrations that were analyzed every time methane was measured 

in the samples.   

 

3.2.3 Metabolite analysis 

Supernatants (40 mL) from the crude-oil degrading enrichments and controls were 

subsampled when substantial amounts of methane were produced. Samples were acidified with 

HCl (pH = 2), extracted with 3 volumes of ethylacetate that were dried over anhydrous sodium 

sulfate, and were initially concentrated by rotary evaporation at 60°C. Samples were further 

concentrated under a stream of N2 to a volume of 100 μL then silylated with 100 µL of N, O-bis-

(trimethylsilyl) trifluoroacetamide (BSTFA) (Thermo Scientific, Waltham, MA) for 20 minutes 

at 60°C.  All samples were prepared to the exact same volume (200 μL). Sample components 

were separated and identified using an Agilent 7890A gas chromatograph equipped with an HP-

5MS column (50 m × 0.25 mm × 0.25 µm; Agilent) and an Agilent 5975C mass selective 

detector.  The oven temperature was held at 45°C for 5 min, then increased at a rate of 4°C/min 

to 270°C, then held at this final temperature for 5 min. The injector, operated in split mode 

(50:1) was held at 270°C. Putative hydrocarbon metabolites were identified through mass 

spectral analysis and comparisons to literature reports, or confirmed by matching GC retention 

times and MS profiles with commercially available authentic standards.  
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3.2.4 DNA isolation from light oil-degrading culture 

A liquid sample (5 mL) was removed from the crude oil degrading culture and was 

pelleted by centrifugation at 17 000 × g for 5 min. Genomic DNA was extracted from the cell 

pellet using a commercially available kit (FastDNA Spin Kit for Soil; MP Biomedicals). DNA 

was quantified using a Qubit Fluorometer (Invitrogen, Carlsbad, USA) according to the 

manufacturer’s instructions.  

 

3.2.5 Identification of putative bssA and assA sequences 

Genomic DNA from the light oil degrading enrichment was used to test for the presence 

of fumarate addition genes involved in the initial degradation of alkanes (assA/masD) and 

monoaromatic (bssA) hydrocarbons. PCR amplification for the assA/bssA genes was performed 

using nine published primers sets from Callaghan et al. (2010) (Table 3-1). The PCR reactions 

(50 µL) were conducted with the following temperature program: 95℃ for 3 min, followed by 40 

cycles of denaturing step at 95℃ for 45 sec, primer annealing at 55℃ for 1 min, 72 ℃ for 2 min 

and a final extension at 72℃ for 10 min. Amplified products were cloned and transformed into 

E.coli plasmid using the TOPO TA cloning kit (Invitrogen) following the manufacturer’s 

protocol.  Positive transformants were incubated overnight in LB medium (5 mL). Plasmids were 

isolated using a QIAprep Miniprep kit (Qiagen), and sent for sequencing (Eurofins).  

The ass/bssA sequences from the light oil degrading culture were screened and confirmed 

against the NCBI database using BLASTN. Selected sequences from this study were aligned 

with other relevant sequences (retrieved from NCBI) from other hydrocarbon degrading cultures 

using MuscleV3.3 (Edgar, 2004). Aligned sequences (~750 bp) were used to construct a 

maximum likelihood phylogenetic tree using MEGA6 (Tamura et al., 2013). The tree was 
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conducted with a bootstrap phylogeny test (100 replications), and Kimura2-parameter model 

with a uniform substitution rate.  

 

Table 3-1. Primer sets (from Callaghan et al., 2010) that were used to target assA and bssA 

genes in the light crude oil degrading culture.  

assA/bssA F TTTGAGTGCATCCGCCAYGGICT assA:661

assA/bss R TCGTCRTTGCCCCATTTIGGIGC bssA: 682

bssA 1213F GACATGACCGAYGCCATYCT

bssA1987R TCRTCGTCRTTGCCCCAYTT

bssA 1294F TTSGARTGCATCCGNCACGGN

bssA 1936R TCRTCATTNCCCCAYTTNGG

assA  1294F TTSGARTGCATCCGNCACGGN

assA  2457R TTGTCCTGNCTYTTGCGG

assA 1294F TTYGAGTGYATNCGCCASGGC

assA 1936R TCRTCATTNCCCCAYTTNGG

assA 1294F TTYGAGTGYATNCGCCASGGC

assA 2457R TTGTCCTGNGTYTTGCGG

assA 1432F CCNACCACNAAGCAYGG

assA 1936R TCRTCATTNCCCCAYTTNGG

assA 1432F CCNACCACNAAGCAYGG

assA 2457R TTGTCCTGNGTYTTGCGG

assA1432F CCNACCACNAAGCAYGG

assA/bss R TCGTCRTTGCCCCATTTIGGIGC

661

1180

7

8

9

523

1042

523

1

2

3

4

5

6

1180

Expected size 

(bp)

793

661

Primer set
Forward (F) and Reverse (R) 

primer name
Sequence (5'-3')

 

 

3.2.6 Microbial community analysis 

Genomic DNA from the light oil degrading culture was amplified using a two round PCR 

method with universal microbial primers 926F and 1392R (Ramos-Padrón  et al., 2010), and 

barcoded FLX titanium amplicon primers 454T-RA and 454T-FB (Berdugo-Clavijo et al., 2012). 

PCR products were purified, quantified with a Qubit Fluorometer (Invitrogen, Carlsbad, USA), 

and sent to Genome Quebec and McGill University Innovation Centre for pyrotag sequencing 

analysis with Roche GS-FLX Titanium technology. 16S rRNA sequencing results were analyzed 

with a locally installed Phoenix 2 pipeline (Soh et al., 2013).  For this study, taxonomic 
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annotation was done with RDP classifier on the Silva small subunit rRNA database using a 5% 

cutoff clustering distance.  

 

3.3 Results 

3.3.1 Methanogenic microbial activity and hydrocarbon metabolites 

Two microbial cultures able to utilize hydrocarbon components from light or heavy crude 

oil were established from production waters of a low temperature heavy oil-containing reservoir. 

After 48 weeks of incubation, enhanced levels of methane were observed in the methanogenic 

enrichments amended with light and heavy crude oil relative to oil-free controls (Figure 3-1). 

Enrichments amended with light oil produced higher amounts of methane (up to 850 μmol) than 

enrichments amended with heavy oil (up to 310 μmol) and relative to the oil-free controls. The 

average methane production rate for the light oil amended incubations was 6.2 μmol CH4/g of 

oil/day, while that for the heavy oil amended incubations was 4.6 μmol CH4/g of oil/day.  The 

loss of crude oil was not measured in the oil-amended incubations because the oil over-layer was 

too thin for sampling over time or it would have required sacrificing the cultures.  
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Figure 3-1. Methane production in incubations with light (blue) or heavy (red) crude oil, 

enriched from production waters, relative to oil-free controls (green).  Error bars represent 

a standard error of the mean of triplicate incubations. 
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Putative metabolites known to be formed during the anaerobic biodegradation of 

hydrocarbon compounds were searched in the enrichment cultures amended with light and heavy 

oil, and in the oil-free controls after incubation for 342 days.  Various silylated compounds with 

characteristic mass spectra of hydrocarbon metabolites were identified in the enrichments by 

GC-MS analysis (Table 3-2).  These compounds were either not present or were in higher 

abundances than in the oil-free control incubations. Hydrocarbon metabolites detected in the 

light and heavy oil enrichments included benzoate (m/z 194, M+-15) and cyclohexane 

carboxylate (m/z 185, M+-15), known metabolites of anaerobic aromatic compound degradation. 

Other metabolites detected in both enrichments had mass profiles corresponding to toluic acids 

(m/z 208, M+-15) and carboxybenzylaldehyde (m/z 222, M+-15), suggesting the degradation of 

monoaromatic hydrocarbons. Benzylsuccinate, a fumarate addition metabolite formed from the 

degradation of toluene was not detected in any of the extracted samples. Metabolites associated 

with the degradation of PAH such as carboxy-PAHs, (e.g., Berdugo-Clavijo et al., 2012) were 

also not found in the cultures.  In contrast, peaks with MS fragment ions diagnostic of silylated 

fumarate addition metabolites of n-alkanes (e.g., alkylsuccinates) were detected in the extracts 

amended with light and heavy oil (Table 3-2). Metabolites detected in the light oil-amended 

enrichment culture included methylsuccinate (m/z 276, M+-15), pentylsuccinate (m/z 317, M+-

15) (Figure 3-2B), and hexylsuccinate (m/z 331, M+-15) (Figure 3-2C).  Other tentatively 

identified metabolites included heptyl (m/z 345, M+-15) and octyl (m/z 359, M+-15) succinates 

(based on published MS profiles; Gieg and Suflita, 2002).  A MS profile of a hexylsuccinate was 

also identified in the enrichment culture amended with heavy oil. Although these alkylsuccinate 

peaks were present at low abundance, they were not detected in sterile controls or were found 

above the levels of the oil-free controls (Figure 3-2A).  It is possible that low levels of some of 
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the metabolites were detected in the oil-free controls due to the presence of small amounts of 

crude oil that were transferred from the oil-amended enrichment during the inoculation of the oil-

free controls.  

 

 

Table 3-2. Metabolites detected in methanogenic enrichment cultures amended with light 

and heavy crude oil. The characteristic mass spectra (m/z) for the identified compounds is 

also shown. M represents the molecular mass of the compound and bold numbers indicate 

the M+-15 fragment ion and distinctive TMS fragment. 

Light oil Heavy oil 

Benzoate 194 (M), 179, 135, 105, 77, 51, 45 X X

Cyclohexanecarboxylate 200 (M), 185, 145, 117, 73 X X

Glutarate 276 (M), 261, 233, 204, 158, 147, 73 X

Dimethylbenzoate 222 (M), 207, 163, 133, 105 X X

Toluic acid 208 (M), 193, 149, 119, 91, 65 X X

Carboxybenzaldehyde 222 (M), 207, 193, 179, 163, 133, 105, 77 

C1-alkylsuccinate 276 (M), 261, 217, 172, 147, 73 X

C5-alkylsuccinate 332 (M), 317, 262, 217, 172, 147, 73 X

C6-alkylsuccinate 346 (M), 331, 262, 217, 172, 147, 73 X X

C7-alkylsuccinate 360 (M), 345, 262, 217, 172, 147, 73 X

C8-alkylsuccinate 374 (M), 359, 262, 217, 172, 147, 73 X

Tentatively-identified metabolite Characteristic m/z
Enrichment cultures
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Figure 3-2. Detection of putative alkylsuccinates in methanogenic light crude oil-amended 

incubations.  (A) A portion of a GC total ion chromatogram showing larger peaks detected 

in oil-amended culture extracts (black) relative to oil-free controls (red) whose mass 

spectral profiles are indicative of (B) pentylsuccinate and (C) hexylsuccinate.  Metabolites 

were detected as their trimethylsilylated derivatives.   
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In accordance with the metabolite results, genes encoding for the enzymes involved in 

anaerobic degradation of alkanes via fumarate addition, alkylsuccinate synthase (assA/masD) 

were found in the enrichment culture amended with light oil. Although the compound 

benzylsuccinate was not detected in the culture, a benzylsuccinate synthase coding gene (bssA) 

was identified. Using primer sets 2 and 7 from Callaghan et al. (2010) (Table 3-1), we obtained a 

single fragment (771 bp) that showed homology (86%) to known benzyl succinate synthase 

subunit A sequences, and another fragment (501 bp) that also showed homology (92%) to known 

alkylsuccinate synthase gene sequences (Figure A-2). Amplified PCR products were cloned and 

confirmed by sequencing. The assA clones recovered from this study (designated as assA-

OILEN) aligned closely with assA sequences from other crude oil degrading cultures (Figure 3-

3). For example, assA-OILEN1 was clustered with an assA gene from a different methanogenic 

alkane degrading consortium (Zhou et al., 2012). The assA-OILEN2 clone was closely related to 

an assA gene from a crude oil degrading SRB enrichment (Sherry et al., 2013). Also, the latter 

clone obtained from our enrichment culture was closely aligned with an assA sequence from 

Smithella sp. (Tan et al., 2014) isolated from produced waters of the same oil reservoir from 

where our culture was enriched. Interestingly, Smithella was the most dominant genus in our 

light oil degrading culture (Figure 3-4), suggesting this organism may play an important role in 

the degradation of alkanes in the culture. In addition, the bssA clones retrieved from the 

enrichment culture in this study were related to benzylsuccinate clones previously published 

from methanogenic cultures able to degrade toluene (Washer and Edwards, 2007) and crude oil 

components (Tan et al., 2013) (Figure 3-3).  Other bss sequences from microbial cultures 

growing under other electron accepting conditions (e.g., with NO3
-, SO4

2-
, or Fe (III)) were 
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clustered together and were more distantly related to the sequences obtained from the 

methanogenic oil enrichment cultures in this study (Figure 3-3).  
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Figure 3-3. Phylogenetic tree of ass/bssA sequences recovered from a light oil degrading 

enrichment culture (bold), and other published ass/bssA sequences. A maximum likelihood 

phylogenetic tree was constructed with aligned sequences (~750 bp) using 100 bootstrap 

replicates. Only bootstraps values greater than 40% are shown at the nodes. Pyruvate 

formate lyase (PFL) from Clostridium beijerinckii (CP000721) was used to root the tree. 

The scale bar represents 0.5 change per nucleotide position. 
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3.3.2 Microbial community of the light oil-degrading culture 

The microbial community composition of the light oil-degrading enrichment was 

assessed by pyrotag sequencing analysis of 16S rRNA genes. At the phylum level, the 

community of the enrichment culture was dominated by members of the phyla Euryarchaeota, 

Spirochaetes, Firmicutes, and Proteobacteria (Table A-1). Other phyla detected at lower relative 

abundances included Bacteroidetes, Thermotogae, Chloroflexi and Synergistetes. At the genus 

level, the microbial community of the enrichment culture was dominated by bacterial members 

affiliated with Smithella, while most dominant archaeal members were affiliated with 

Methanosaeta and Methanoculleus (Figure 3-4). Bacterial genera detected in lower proportion in 

the enrichment included Desulfotobacterium, Kosmotoga, Thermanaerovibrio, and 

Sedimentibacter (Figure 3-4A). Methanocalculus and Methanolinea were also found in lower 

relative abundances in the enrichment culture (Figure 3-4).  

 

 

77%
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6%
Desulfobacterium

5% Kosmotoga

3% Thermanaerovibrio

2% Sedimentibacter 7% Others

47%
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33%
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10%
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Figure 3-4. Distribution of bacterial (A) and archaeal (B) sequences obtained from pyrotag 

sequencing analysis of 16S rRNA genes in the light oil-degrading enrichment. Taxa 

identified at the genus level are shown. 
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3.4 Discussion 

In this work, methanogenic communities enriched from production waters of a low-

temperature oil reservoir were found to be capable of utilizing hydrocarbon components present 

in light and heavy crude oil.  Although the demonstration of hydrocarbon-degrading oilfield-

derived consortia remained elusive for many years, this finding adds to the handful of reports 

that now exist showing that microbes enriched from oilfield fluids can utilize hydrocarbons 

under methanogenic conditions (Gieg et al., 2010; Mbadinga et al., 2011; Zhou et al., 2012; 

Cheng et al., 2013).  

The detection of putative anaerobic hydrocarbon metabolites at higher levels in the oil-

amended than in the oil-free controls provides further evidence that the consortium metabolizes 

crude oil components.   The detection of alkylsuccinates (Figure 3-2), along with alkyl- and 

benzylsuccinate synthase genes (Figure 3-3), suggests that addition to fumarate is at least one 

mechanism being used by a member(s) of the enrichment culture to activate hydrocarbons. 

Fumarate addition to n-alkanes has been proposed to occur in methanogenic microbial 

enrichments (Callaghan et al., 2010; Zhou et al., 2012) and in oil-contaminated environments 

(Callaghan et al., 2010) where fumarate addition genes (assA) have been detected.  However, 

detecting the products in laboratory cultures has proven difficult (Gieg et al., 2010; Zhou et al., 

2012). Using a combined approach of metabolite analysis and qPCR analysis of the assA gene in 

a different methanogenic crude oil-degrading enrichment culture, Aitken et al. (2013) did not 

detect alkylsuccinates nor increases in copy numbers of the assA gene at significant levels above 

controls even though n-alkanes were metabolized over time.  These results suggested that an 

alternate mechanism for activation of alkanes was occurring by members of this methanogenic 

consortium.  In contrast, Tan et al. (2013) were able to detect fumarate addition metabolites from 
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branched alkanes (but not from n-alkanes) in a short chain alkane-degrading microbial culture 

enriched from oil sands tailings ponds, which corresponded to the identification of assA in the 

metagenome of the consortium.  These differing results demonstrate that the activation of 

hydrocarbons under methanogenic conditions remains uncertain, and that multiple (unidentified) 

mechanisms may occur, likely depending on the microbial/genetic composition of the 

consortium under study.  In the present culture, alkylsuccinates were only assessed at one time 

point, thus additional work to determine whether these form transiently during methanogenic 

crude oil degradation is a goal of future work. 

The microbial characterization of the oil degrading enrichment culture described here 

revealed that bacterial members of the genus Smithella dominated (Figure 3-4). The genome 

sequence for Smithella was recently obtained (Tan et al., 2014) from produced waters of an oil 

field from Southern Alberta (Voordouw et al., 2009).  The Smithella genome revealed the 

presence of alkylsuccinate synthase genes involved in alkane metabolism (Tan et al., 2014). 

Interestingly, an assA sequence recovered from our light oil-degrading culture that was enriched 

from produced waters of the same oil field showed high sequence identity to one assA sequence 

from this Smithella sp. sequenced in Tan et al. (2014). This observation suggests that in our 

crude oil-degrading enrichment, an organism affiliated with Smithella may be involved in the 

degradation of alkanes. Smithella is a syntrophic member of the Deltaproteobacteria shown to be 

prevalent in several methanogenic oil-degrading cultures or environments (Gray et al., 2010).  

Gray et al. (2011) observed increased numbers of 16S rRNA genes from members of the genera 

Smithella and Syntrophus during methanogenic degradation of alkanes.  In a separate culture, a 

member of the Syntrophaceae closely related to Smithella propionicus was identified by DNA-

SIP analysis as a key player in the methanogenic degradation of hexadecane (Cheng et al., 2013).  
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Other organisms detected in lower abundance in our enrichment culture were Sedimentibacter 

and Desulfotomaculum species. Members of these genera have been detected in other 

hydrocarbon-degrading enrichments, and have been proposed to act as either primary or 

secondary syntrophs in such consortia (Kleinsteuber et al., 2012).  In addition, sequencing 

analysis revealed that acetate- and H2-utilizing methanogens in the enrichment culture are found 

in similar proportions.  To date, there is no clear consensus regarding the predominant route (via 

acetotrophic or hydrogenotrophic methanogenesis) involved in methanogenic hydrocarbon 

biodegradation since both mechanisms have been observed in hydrocarbon studies (Gieg et al., 

2008; Jones et al., 2008).  However, further experiments are required to assess the specific roles 

that these abundant organisms play in the anaerobic degradation of crude oil components.   

Overall, the results of the present study demonstrate that the methanogenic microbial 

consortium enriched from oilfield production waters can convert hydrocarbons from light or 

heavy oil to methane. Also, metabolite and marker gene analysis indicate that the activation of n-

alkanes and monoaromatic hydrocarbons in the enrichment culture amended with light oil can 

occur via a fumarate addition mechanism. Further, the community of the oil-degrading 

enrichment culture was dominated by bacterial members of the genus Smithella, previously 

identified as alkane-degrading bacterium under methanogenic conditions. Pyrotag analysis also 

revealed that both hydrogen and acetate-utilizing methanogens were present in the enrichment 

culture.  
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Preface 

Chapter 4 presents experiments conducted with sandstone-packed column systems 

including a set of columns inoculated with a light oil enrichment culture which is introduced in 

Chapter 3. This chapter also covers part of the work published in Frontiers in Microbiology 

(Berdugo-Clavijo and Gieg, 2014), and contains unpublished work conducted with three other 

different microbial inocula to assess crude oil bioconversion to CH4 in columns simulating 

marginal oil fields, as a continuation of the work showed in Chapter 3.   This work includes 

hydrocarbon analyses conducted in columns showing the highest levels of CH4, and a 

comparison between the microbial community of the initial inoculum and the community that 

was enriched after incubation in the sandstone-packed columns.  
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Chapter Four:  Methanogenic biodegradation of hydrocarbons in marginal 

reservoir-simulating columns 

4.1 Introduction 

The ability of microorganisms to metabolize crude oil hydrocarbons to methane has been 

reported for several microbial enrichments and in oil-associated samples (Townsend et al., 2003; 

Jones et al., 2008; Gieg et al., 2010; Mayumi et al., 2011; Aitken et al., 2013). Further, isotopic 

analysis also showed that hydrocarbon methanogenesis takes place in situ in biodegrading oil 

reservoirs (Larter and di Primio, 2005; Jones et al., 2008).  Thus, it has been suggested that in 

marginal oil fields, the residual oil that remains after conventional recovery technologies (up to 

50%) can be microbiologically converted to methane gas, and be recovered as an energy source 

(Head et al., 2003; Gieg et al., 2008; Jones et al., 2008; Gray et al., 2009).  In addition, the 

production of CH4 from residual oil degradation can potentially be used to mobilize heavy oil by 

pressurizing the reservoir and decreasing its viscosity (Grigoryan and Voordouw, 2008; Gray et 

al., 2009).  However, before this technology becomes a reality, there are challenges concerning 

the engineering of the oil reservoirs, and it is necessary to understand the methanogenic 

microbial activities and communities that can survive and actively metabolize oil in the 

subsurface (Gray et al., 2010). Microbial communities present in oil reservoirs likely need to be 

stimulated with nutrients to accelerate the slow methanogenesis process, or new microbial 

amendments able to survive reservoir conditions need to be established and added to reservoirs 

(Gray et al., 2010). Gieg et al. (2008) enriched a methanogenic crude oil degrading culture from 

sediments of a gas condensate contaminated aquifer.  This culture was able to enhance methane 

production from sandstone core containing residual oil sampled from a marginal oil field relative 

to controls without the inoculum. Also, Gray et al. (2009) showed the stimulation of a 
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methanogenic community from oil reservoir formation waters by the addition of inorganic 

nutrients and yeast extract.  Methane production was also investigated in high temperature and 

high pressure bioreactors amended with liquid petroleum brine (Maeda et al., 2009; Sugai et al., 

2010). However, the microbial conversion of oil to methane, and the methanogenic communities 

able to utilize these hydrocarbons have not been well studied in sediment environments 

mimicking actual oil reservoir rocks that are typically comprised of porous, permeable sediments 

such as limestone and sandstone (Larter and di Primio, 2005).  

This study aimed to test the feasibility of various microbial inocula to grow and produce 

methane from residual oil trapped in sandstone-packed columns, simulating marginal oil 

reservoirs. Four different microbial inocula were incubated in the column systems for up to 400 

days and they included; 1) a crude oil enrichment culture originally established by Gieg et al. 

(2008) able to degrade crude oil components to methane, 2) produced waters from a low 

temperature reservoir, 3) an enrichment culture that was originated from produced waters of a 

low temperature oil field (Chapter 3), and 4) produced waters from a high temperature oil field. 

Here we report methane production, and the loss of saturate and aromatic hydrocarbons in the 

columns after 400 days of incubation. In addition, we characterize the microbial community for 

all three inocula before inoculation into the column and after the microbial inocula were 

incubated in the sandstone-packed columns.   

 

4.2 Material and methods 

4.2.1 Enrichment cultures and microbial inocula 

Four different microbial inocula were used for the column experiments in this study. The 

first was a methanogenic oil-degrading culture that was able to metabolize alkanes from crude oil 
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into methane (Gieg et al., 2008). This culture previously produced up to 500 µmol of CH4 when 

incubated with 0.2 mg of a light oil, and it is referred to in this chapter as RESOIL. The second 

source of microbial inoculum was a mixture of unenriched produced water samples (PW4 and 

PW10), obtained from a shallow low temperature (30℃) reservoir near Medicine Hat, Alberta 

(Voordouw et al., 2009). The microbial communities from these waters were previously found to 

contain methanogens (Dr. Akhil Agrawal, unpublished). This inoculum is described in this study 

as LOWT. The third inoculum, referred to as LOWT-EN, was a methanogenic enrichment 

culture established from produced waters also from the Medicine Hat oil reservoir that was able 

to degrade light and heavy oil components (described in Chapter 3).  The last source of microbial 

inoculum was obtained from a mixture of produced waters sampled from a high-temperature 

(80℃) reservoir in Argentina (Agrawal et al., 2014) and its methanogenic potential was 

unknown at the time of the experiment. This inoculum is described here as HIGHT.  

 

4.2.2 Column set-up 

Sandstone-packed columns systems simulating mature oil fields were established to test 

the ability of microbial inocula to biodegrade crude oil to methane. Sterile glass syringes (30 

mL) were used as columns, fitted with a layer of polymeric mesh at the bottom, and packed with 

40 g of crushed Berea sandstone core (that was sieved to < 250 μm grain size).  The tops of the 

columns were sealed with rubber stoppers that were modified to incorporate an effluent port 

(Figure 4-1). Residual oil conditions were simulated by first injecting anoxic mineral salts 

medium (McInerney et al., 1979) through the columns, then flooding the columns with light 

crude oil (°API 37) until saturation was obtained. The columns amended with HIGHT received 

crude oil (°API 25) from the same reservoir of the inoculum (Agrawal et al., 2014).  Columns sat 
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for 5 days to allow the crude oil to be attached to the sandstone, and then anoxic sterile medium 

was injected again into the columns to displace the non-attached crude oil.  Residual oil-

simulating columns were considered ready when the water and oil volume ratio reached 

equilibrium (e.g., measured from the volume of oil and water). A mineral salts medium was used 

(McInerney et al., 1979) to provide N, P, and other essential nutrients (Figure A-1), so that they 

were not limiting the hydrocarbon biodegradation processes; such biostimulation would likely be 

required for a field application to enhance the recovery of gas from oil in marginal reservoirs 

(Gray et al., 2010).  All injections were done with Tygon tubing connected to the bottom of the 

column and using a multichannel peristaltic pump (Minipuls 3 Gilson) at a flow rate of 27 mL/h. 

Between 40 to 50% of the crude oil initially injected remained trapped in the columns. The 

average porosity of the columns was 32% ± 5 (n=6) and the estimated permeability was 1100 

mD.  Columns were inoculated with 4 mL of either RESOIL, LOWT, LOW-EN, or HIGHT by 

first injecting 2 mL of the inoculum followed by 5 mL of sterile anoxic mineral medium 

(injected at 5.3 mL/h) to push the microbial culture through the column, and then repeating the 

injection again with 2 mL inoculum and 3 mL of medium.  These volumes were added to help 

ensure that the inoculum was distributed throughout the pore volumes of the columns. Column 

conditioning and inoculation were conducted inside an anaerobic glove bag (90:10, N2/CO2). 

Triplicate columns were made for each tested inoculum. Also, two controls were prepared in 

parallel, one without crude oil, and another one without inoculum. A serum bottle flushed with 

argon gas was attached at the top of the column to collect methane gas over time (Figure 4-1). 

All columns were shut-in and incubated at 22℃ inside an anaerobic glove bag filled with a 

N2/CO2 (90/10) atmosphere for up to 400 days.  Cumulative methane in the columns was 
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monitored over time by sampling 0.2 mL of headspace from the attached serum bottle, and 

injecting it into a GC-FID as described in Chapter 3.   

 

 

Gas Collection 
bottle

Residual oil 
trapped in 
crushed core 

Injection port

Polymeric mesh

 

Figure 4-1.  Diagram of a sandstone-packed column used in this study to simulate a 

marginal oil reservoir. 

 

4.2.3 Oil analysis 

After the incubation period (~400 days), sandstone-packed columns that were actively 

producing methane over time relative to the oil-unamended controls were then taken out of the 

anaerobic hood and aseptically opened for DNA and oil analysis. Subsamples were removed for 

hydrocarbon analysis.  Crude oil hydrocarbons entrained in the sandstone were recovered with a 

Soxhlet extractor method by running methylene chloride continuously through 10 g of sand for 8 

hours. About 0.8 g of crude oil were extracted, and a portion of the oil (0.2 g) was used for 

saturate and aromatic component separation. Extracted oil was passed through a silica column 
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developed with 10 mL of 100% pentane, 20 mL of 20% methylene chloride in pentane, and 25 

mL of 50% methylene chloride in pentane, to allow for the separation of saturate and aromatic 

fractions (Fedorak and Westlake, 1981).  Squalene and p-terphenyl (0.48 μmol) were added as 

internal standards during the extraction of the saturate and aromatic fractions, respectively. 

Extracted fractions were collected in separate tubes, completely dried under nitrogen, and diluted 

in 1 mL of methylene chloride. The extracted samples (1 μL) were analyzed using an Agilent 

7890A GC-FID equipped with an HP-5 capillary column (30 m × 0.32 mm × 0.25 µm; Agilent) 

and a FID detector held at 200℃.   The oven was held at 90˚C for 2 min, increased at a rate of 

4˚C/min to 250˚C, and then held at this temperature for 18 min.  The injector was operated in 

split mode (50:1) and held at 250°C.  For the hydrocarbon analysis, ratios between the peak areas 

of selected saturate and aromatic hydrocarbons and the peak area of a squalene or p-terphenyl 

standard were calculated. Hydrocarbon loss was determined by comparing the area ratios of the 

oils from the inoculated columns relative to those from the uninoculated oil-containing columns.  

In addition, mass balance calculations for the bioconversion of hydrocarbons to methane were 

determined by estimating the amount (μmol) of saturate and select aromatic hydrocarbons in 

each replicate and control samples based on calibration curves prepared with hexadecane 

(saturates) and p-terphenyl (aromatics), assuming a similar response factor for all saturates and 

aromatics.  The amount of hydrocarbons consumed by the cultures was determined by 

subtracting the amounts in the inoculated, oil-amended column from those in the oil-amended, 

uninoculated control.  Then, the expected amount of methane for that amount of hydrocarbon 

consumed was estimated for each hydrocarbon, based on stoichiometric reactions determined 

using the Symons and Buswell (1933) equation (a). 
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CnHaOb  H2O  CO2  CH4     (a) 

4.2.4 Protein content assay  

To determine biomass, the protein content in the initial inocula (LOWT-EN, RESOIL, 

LOWT, and HIGHT) was determined with a colorimetric test using the DC protein assay 

(BioRad). From each inoculum 1 mL of liquid culture was taken and centrifuged at 17 000 × g 

for 8 minutes. The cell pellet was then resuspended with 1mL of NaOH (0.5 N), and a subsample 

(100 µL) was mixed with the assay reagents according to the BioRad manual instructions. 

Standards were prepared with dilutions of albumin (1.55 mg/mL) in NaOH. Protein content was 

obtained by measuring the absorbance of each reaction with a spectrophotometer at 750 nm.  

 

4.2.5 Microbial community analysis 

Genomic DNA was extracted from the initial microbial inocula used for the experiments 

and from the sacrified columns using a commercially available kit (FastDNA Spin Kit for Soil; 

MP Biomedicals).  For the initial inocula (RESOIL, LOWT, LOWTEN and HIGHT) 5 mL of 

liquid sample were collected and pelleted by centrifugation at 17 000 × g for 5 min. For the 

columns, 500 mg of sandstone material were aseptically collected from the columns after they 

were cut open. DNA was amplified using a two round PCR method described elsewhere 

(Ramos-Padrón  et al., 2010) with universal microbial primers 926F and 1392R, and barcoded 

FLX titanium amplicon primers 454T-RA and 454T-FB (Berdugo-Clavijo and Gieg, 2014). PCR 

products were purified and sent to Genome Quebec and McGill University Innovation Centre for 

pyrotag sequencing analysis as descried in Chapter 3. 16S rRNA sequencing results were 

analyzed with a locally installed Phoenix 2 pipeline (Soh et al., 2013).  For this study, taxonomic 
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annotation was done with RDP classifier on the Silva small subunit rRNA database using a 5% 

cutoff clustering distance.  

 

4.3 Results 

4.3.1 Methanogenic activity  

Enhanced levels of methane were observed in all of the inoculated and oil-amended 

columns relative to controls.  However, due to the variability in methane production within the 

replicate columns that received the same inoculum (except HIGHT), mean values were not 

calculated. The highest methane production was measured in one column amended with LOW-

EN (Table 4-1).  In this column, up to 160 μmol of CH4 were produced relative to controls after 

48 days of incubation. The methane production rate for this column was 1.43 μmol CH4/g of 

oil/day.  Columns amended with the other inocula (RESOIL, LOWT, or HIGHT) showed lower 

methane production than the column inoculated with LOWT-EN (Table 4-1).  Within these latter 

columns, the highest methane production was measured in a column amended with RESOIL (up 

to 14 µmol) after 99 days of incubation, and similar amounts of CH4 (up to 13 µmol) were 

measured for a column amended with LOWT after a lag phase of about 207 days (Table 4-1). 

The columns amended with HIGHT produced only 1.24 µmol (± 0.6, n=3) of CH4 after 400 

days, suggesting the poor growth of this community (Table 4-1). The amount of biomass (e.g., 

protein content) in each inocula used to inoculate the columns was determined. The highest 

biomass was measured for the enrichment cultures RESOIL and LOWT-EN, while the samples 

obtained from unenriched produced waters, HIGHT and LOWT, had far lower biomass (Table 4-

1).   
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Table 4-1. CH4 production of columns amended with LOWT-EN, RESOIL, LOWT, and 

HIGHT and incubated at 22℃ with residual oil (light oil) for up to 400 days.  Only results 

from the best CH4 producer of three replicate columns are shown. Protein content (e.g., 

biomass) is also shown for each initial inocula. 

LOWT-EN 160.0 1.430 48 30.6 ± 1.8

RESOIL 14.4 0.018 99 58.0 ± 5.2

LOWT 12.7 0.022 207 2.2 ± 0

HIGHT
d

1.2 0.0003 400 7.6 ± 2.6
a
 
 
Calculated relative to oil-unamended and uninoculated controls 

b
 Time before onset of CH4 production 

c
 Standard deviations were determined from duplicates

d
 Columns amended with heavy oil. Calculations from three replicate samples

CH4  production rate 

(µmol/g of oil/day)

Biomass of initial 

inoculum  (µg/ml)
c

Duration of lag phase 

(days)
b

Inoculum 
Maximum CH4 

production  (µmol)
a
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4.3.2 Hydrocarbon analysis  

The loss of saturate and aromatic components was determined in the columns that 

showed the highest amount of methane relative to an uninoculated (only oil) control for the 

LOW-EN, RESOIL, and LOWT inocula.  Hydrocarbon analysis was not conducted for the 

HIGHT columns as relatively low CH4 was produced (Table 4-1).  In the column inoculated with 

LOWT-EN, between 40 to 50 % of n-alkanes ranging from C8 to C19 were depleted, except for 

C17 that showed only 20 % of depletion (Figure 4-2).  The rest of the n-alkanes quantified in the 

column (C19, C20, C24, C30, and C36) were less depleted (< 40%) (Figure 4-2). Also, oil analysis 

showed that PAH such as methylnaphthalene, dimethylnaphthalene, phenanthrene, and 

methylanthracene were also partially depleted in the inoculated replicate columns relative to the 

inoculum-free control (Figure 4-2).  The two-ringed PAH were consumed to a greater extent than 

the three-ringed PAH analyzed. According to mass balance calculations of the hydrocarbons that 

were quantified (e.g., the n-alkanes, the four known PAH compounds, and other 2- or 3-ringed 

aromatics) approx. 11 μmol of hydrocarbons were consumed, and approximately 113 μmol of 

CH4 were predicted to form in the column (Table B-1 and Table B-2).  Experimentally, the 

column amended with LOWT-EN produced 160 μmol CH4.  The difference in methane 

concentrations from predicted to actual measured amounts (~ 47 mol) is likely due to the 

consumption of other hydrocarbons (such as branched alkanes or PAHs with > 3 rings) that were 

not quantified in this study and were thus not taken into account in the mass balance calculations.  
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Figure 4-2. Hydrocarbon loss measured as hydrocarbon (HC) to squalane/terphenyl peak 

area ratios for (A) n-alkanes and (B) select PAH. Data shown are for columns inoculated 

with LOWT-EN. Striped-bars represent the results from inoculated columns, while the 

black bars represent the results from a control with no inoculum. Error bars represent 

standard deviations of duplicates. Columns were amended with light oil. MeNaph, 

methylnaphthalene; DimeNaph, dimethylnaphthalene; Phenanth, phenanthrene; and 

MeAnth, methylanthracene.  
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Oil analysis was also performed for a column amended with RESOIL showing the 

highest CH4 production. In this column, between 6 to 40% of n-alkanes ranging from C9 to C18 

were depleted (Figure 4-3A). The highest depletion (~90%) was observed for C8, C20, C24, and 

C30 alkanes (Figure 4-3A). Mass stoichiometric calculations showed that from the amount of n-

alkanes that were depleted (~1µmol), 12 µmol of CH4 were expected to be produced (Table B-3). 

For the identified aromatic components, only dimethylnaphthalene was found to be degraded, 

and its degradation only accounts for 0.2 µmol of CH4. Experimentally 14 µmol of CH4 were 

measured in the column. It is possible that the extra 1.8 µmol of CH4 detected comes from other 

aromatic compounds that were depleted, but not identified in the analysis, or from the 

degradation of branched alkanes, which were not quantified.   

The column amended with LOWT that exhibited the highest CH4 production also showed 

depletion of n-alkanes relative to an oil-only control (Figure 4-3B). Up to 33% of n-alkanes from 

C8 to C30 were depleted after incubation. Compared to the RESOIL column, LOWT showed a 

lower percentage of biodegraded compounds, but overall more n-alkanes were consumed (1.5 

µmol) in the LOWT-inoculated column. Stoichiometric calculations, based on the n-alkanes that 

were utilized, predicted that 17 µmol of CH4 should have been produced (Table B-4). Identified 

aromatic compounds such as methyl and dimethyl naphthalene were also depleted, but in much 

lower proportions (<13% loss). Experimentally, up to 13 µmol of CH4 were measured in the 

column. 
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Figure 4-3. n-Alkane loss measured as hydrocarbon (HC) to squalane peak area ratios for 

columns inoculated with (A) RESOIL and (B) LOWT. Results for one technical replicate 

from each inoculum are shown. Columns were amended with light oil.  
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4.3.3 Microbial community characterization  

The microbial communities of all inocula tested for their ability to produce CH4 were 

assessed before and after the column experiments. The microbial communities enriched after the 

incubation in sand-packed columns were determined only for those columns that showed the 

highest CH4 production within each inocula tested.  

There was a dramatic shift in the dominant microbial community members of the LOWT-

EN culture after the column experiments compared to the initial inoculum.  At the phylum level, 

the percentage of microbial reads from the Euryarchaeota, mainly methanogens, increased from 

25% in the enrichment culture to 61% in the column system (Figure 4-4A).  Other microbial 

members that were enriched in the column community belonged to the Proteobacteria and 

Actinobacteria phyla (Figure 4-4A). In contrast, the relative abundance of Firmicutes decreased 

(~17%) after the incubation in the sand-packed columns (Figure 4-4A). At the genus level, the 

microbial community of the enrichment culture was dominated by members of Smithella (27% 

total reads), followed by Methanosaeta (25% total reads) and Methanoculleus (23% total reads) 

(Figure 4-4B). In contrast, the composition of the community following incubation in the 

sandstone column was dominated by the hydrogen-utilizing methanogen, Methanobacterium 

(56% of total reads), and bacterial members affiliated with Pseudomonas (16%) (Figure 4-4B).  

Other microbial members in the column community that increased in their relative abundance 

belonged to the genera Eggerthella, Halomonas, Clostridium, and Desulfovibrio (Figure 4-4B).  
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Figure 4-4. Distribution of microbial sequence reads identified at the (A) phylum and (B) 

genus level for LOWT-EN before (“inoculum”) and after (“column”) incubation in the 

sandstone-packed column. Only taxa with relative abundance higher than 1% are shown.  
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The microbial community composition of the RESOIL culture also showed a substantial 

change after the column experiment. Prior to the inoculation, RESOIL was dominated by 

members of the Euryarcheaota, specifically the methanogens Methanosaeta and Methanolinea 

(Table 4-2).  The majority of bacterial members in the enrichment culture belonged to the 

phylum Firmicutes, followed by members of the Proteobacteria and Chloroflexi groups (Figure 

B-1). Clostridium species had the highest relative abundance within the Firmicutes, and 

Smithella, found within the Proteobacteria group, was the next most dominant genus. In 

contrast, the dominant bacterial phylum in the column community was Proteobacteria, with 

microbial members affiliated with Halomonas and Pseudomonas.  Actinobacteria and 

Bacteriodetes also showed an increase in their relative abundance after incubation in the column 

(Figure B-1).  Further, the relative abundance of archaeal members decreased in the culture, but 

the methanogens Methanosaeta and Methanolinea were still the dominant groups within the 

Euryarcheaota.  Other groups that were decreased in the column community were affiliated with 

the Firmicutes, Chloroflexi, and Spirochaetes phyla (Figure B-1).  

The microbial community of the produced water LOWT inoculum was also assessed 

before and after the column experiments. The initial community was dominated by members of 

the Euryarchaeota, including Methanosarcina and Methanofollis (Table 4-2). The most 

dominant bacterial phylum was Proteobacteria (Figure B-1). Within the Proteobacteria, 

members of the genus Geobacter had the highest relative abundance (Table 4-2). In the column 

community, members of the phylum Proteobacteria were also predominant. Within the 

Proteobacteria, an identified phylotype within the family Rhodocyclaceae (within the 

Betaproteobacteria) was the most abundant followed by other bacteria affiliating with Thauera, 

Pseudomonas, Smithella, Brachymonas, and members of the Proteobacteria phylum (Table 4-2). 
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The relative abundance of the archaeal members was decreased, but methanogens such as 

Methanosaeta and Methanocalculus were enriched after incubation in the sandstone-packed 

column (Table 4-2). 

At the phylum level the community of the high temperature production water (HIGHT) 

was apparently not very different after it was incubated in the column (Figure B-1). Before and 

after the incubation in the column, Proteobacteria (94% of relative abundance) was the most 

dominant phylum.  In the original inoculum, the majority of Proteobacteria members were 

closely related to Desulfovibrio and Desulfuromonadales (Table 4-2). Meanwhile, the column 

system enriched for unidentified members of Proteobacteria, as well as Marinobacter, 

Rhodospirallaceae, and Rhodobacteraceae (Table 4-2). In the community obtained after the 

incubation in the sandstone-packed columns, Firmicutes and Spirochaetes phyla were decreased 

(Figure B-1).  In contrast, bacterial members affiliated to the Bacteriodetes, Thermotogae and 

Deferribacter increased after incubation in the column (Table 4-2).  Moreover, the relative 

abundance of the phyla Euryarchaeota, specifically Methanosarcina that comprise all the 

methanogens in the community, decreased after the incubation in the sandstone-packed column.    
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Table 4-2. Ten most abundant OTUs determined by pyrotag sequences of the 16S rRNA 

genes before (“inoculum”) and after (“column”) incubation in sandstone-packed columns 

for RESOIL, LOWT, and HIGHT inocula.  Percentages represent the proportion of reads 

associated with each taxon relative to the domain. 

Microbial OTUs % of reads Microbial OTUs % of reads

Methanosaeta 40.0 Halomonas 25.0

Methanolinea 26.7 Coriobacteriaceae 14.1

Clostridium 18.4 Pseudomonas 10.8

Smithella 4.4 Proteiniphilum 7.5

Euryarchaeota 2.3 Methanosaeta 6.5

Methanoregula 2.2 Sphingomonas 3.4

Anaerolineaceae 0.9 Sediminibacterium 3.1

Firmicutes 0.9 Enterobacter 3.0

Enterobacter 0.5 Clostridium 2.9

Bacteroidetes 0.4 Proteobacteria 2.7

Microbial OTUs % of reads Microbial OTUs % of reads

Methanosarcina 23.9 Rhodocyclaceae 37.8

Methanofollis 16.8 Methanosaeta 7.6

Geobacter 7.3 Methanocalculus 6.9

Spirochaetes 6.6 Thauera 6.5

Methanolinea 4.4 Proteobacteria 6.0

Acholeplasma 4.3 Brachymonas 4.0

Thermanaerovibrio 3.8 Pseudomonas 3.0

Chloroflexi 3.5 Smithella 2.9

Deferribacteraceae 2.9 Deferribacteraceae 2.8

Halomonas 2.3 Rhizobium 2.1

Microbial OTUs % of reads Microbial OTUs % of reads

Desulfovibrio 40.8 Proteobacteria 33.2

Desulfuromonadales 40.7 Proteobacteria 13.5

Marinobacter 4.2 Marinobacter 13.4

Marinobacterium 3.8 Rhodospirillaceae 9.6

Methanosarcina 1.7 Rhodobacteraceae 7.7

Rhodobacteraceae 1.0 Parvibaculum 6.3

Thiomicrospira 0.9 Shewanella 2.2

Proteobacteria 0.8 Thalassospira 1.9

Bacteroidetes 0.7 Pusillimonas 1.8

Acetobacterium 0.5 Geoalkalibacter 1.8

 Microbial OTUs: Lowest identified taxon (phylum, family or genus) is shown  

RESOIL

LOWT

HIGHT

Inoculum Column

Inoculum Column

Inoculum Column
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According to the Shannon biodiversity index, which measures the evenness of a 

community with a focus on rare species, LOWT-EN was less biodiverse after it was incubated in 

the sandstone-packed column system (Table 4-3). An increase in the Simpson index, which 

focuses on the number of abundant species, also indicated lower biodiversity in the community 

after column incubation. These results suggest that the LOWT-EN community was enriched in 

more specialized organisms able to survive the column conditions. In accordance with these 

results, the biodiversity of the LOWT community, originating from the same oil field, was also 

decreased after the inoculum was incubated in a sandstone-pack column.  

In contrast, based on the Shannon and Simpsons indexes, RESOIL and HIGHT 

communities were more biodiverse after incubation in the sandstone-packed column (Table 4-3). 

This can also be observed with the Chao estimator that indicates the richness of a community 

(based on OTUs), showing that the microbial richness for the RESOIL and HIGHT increased 

after the column experiments (Table 4-3). The increase in the number of OTUs in these samples 

may be explained by the introduction of new OTUs coming from the oil amended in the 

columns. Although the light oil that was amended in the sandstone-packed columns had its own 

microbial community (Table B-6) and it may explain the present of “new” microbial taxa in the 

columns, pyrosequencing results showed that specific microorganisms were enriched in the 

column experiments, and the new community was not just a mix of two microbial communities. 
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Table 4-3. Alpha-diversity indexes obtained from 16S rRNA gene pyrotag sequencing of 

RESOIL, HIGHT, LOWT, and LOWT-EN before and after incubation in the column 

systems.  

Inoculum Column Inoculum Column Inoculum Column Inoculum Column

Shannon 1.76 3.08 1.70 2.38 3.26 2.85 3.57 1.99

Simpson 0.27 0.08 0.32 0.16 0.10 0.17 0.08 0.33

Chao 117 207 107 157 282 201 1798 157

RESOIL LOWTHIGHT LOWT-EN

 

 

4.4 Discussion 

In an effort to determine how hydrocarbon methanogenesis would proceed in a system 

more closely resembling a marginal oilfield, different microbial inocula were incubated in 

sandstone packed columns containing residual oil.  Although the columns were not prepared 

under pressurized conditions (e.g., that would truly simulate an actual oilfield), they were used as 

a ‘proof-of-concept’ assessment of whether hydrocarbon methanogenesis would occur in a 

system characterized by residual oil-laden porous rock.  From the column experiments, we were 

able to measure the evolution of methane at rates of up to ~ 1.4 μmol CH4/g of oil/day (Table 4-

1), and after a ‘shut-in’ period, more than 40% aliphatic hydrocarbons were biodegraded, 

presumably to methane, relative to uninoculated controls.  The highest CH4 production was 

observed in a column amended with LOWT-EN. This methanogenic consortium was able to 

utilize crude oil components both as a planktonic culture (Chapter 3), and enriched for sessile 

organisms in the sandstone-packed columns (Figure 4-2).  Notably, the microbial community 

composition of the LOWT-EN enrichment shifted substantially when grown planktonically in 

liquid medium versus growth on a solid support (Figure 4-4). First, the relative abundance of 

methanogens increased, especially Methanobacterium (a H2-user), in the sessile community 
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relative to the original planktonic enrichment culture (Figure 4-4).  Methanocalculus remained at 

a similar abundance (~ 5% of total reads at the genus level), while the relative abundances of 

Methanoculleus and Methanosaeta decreased substantially.  Second, bacterial members of the 

genus Pseudomonas dominated the community of the sand-packed column, whereas the most 

predominant bacterial members in the original enrichment were related to Smithella.    

Lower CH4 production was observed in columns amended with RESOIL and LOWT.  

However, n-alkanes were also depleted in these columns relative to uninoculated controls 

(Figure 4-3). Archaeal members from the sandstone-packed columns inoculated with RESOIL 

and LOWT were not enriched, and in contrast to the LOWT-EN community, these columns were 

dominated mainly by methanogens that strictly utilize acetate (e.g., Methanosaeta) (Table 4-2). 

Members of the phylum Proteobacteria were increased in the RESOIL and LOWT communities 

after the column experiments. For example, a betaproteobacterium member of the 

Rhodocyclaceae family was detected in high relative abundance in the column amended with 

LOWT (Table 4-2). Members of the Rhodocyclaceae family were previously shown to grow 

under anoxic conditions, and to degrade polycyclic aromatic hydrocarbons (Rotaru et al., 2010; 

Singleton et al., 2012).  Other members of Proteobacteria that were enriched in the RESOIL and 

LOWT columns were affiliated with Pseudomonas and Halomonas (Table 4-2). These two 

organisms were also enriched in the column inoculated with LOWT-EN. This was a surprising 

finding as Pseudomonas species are often described as hydrocarbon-degrading aerobes, while the 

column incubations were strictly anoxic.  However, these organisms are facultative and have 

been associated with oil biodegradation under some anoxic conditions (Grossi et al., 2008).  

Further, Pseudomonas spp. have been detected in samples collected from anoxic oil reservoirs 

(Li et al., 2012; Zhang et al., 2012; Meslé et al., 2013). It is possible that the proliferation of 
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Pseudomonas sp. in the sandstone column environment may be related to the known ability of 

these organisms to form biofilms (e.g., Klausen et al., 2006; Li et al., 2009), thus giving sessile 

organisms a competitive advantage in the sandstone column.  Halomonas sp., also enriched in 

the sandstone columns with LOWT-EN, RESOIL, and LOWT (Figure 4-4 and Table 4-2), are 

known biofilm and exopolysaccharide-forming organisms that may allow for the solubilization 

of hydrocarbons attached to rock (Llamas et al., 2006; Qurashi and Sabri, 2012; Gutierrez et al., 

2013). Members of this genus have also been found to be associated with oil reservoirs and the 

deep biosphere (Mnif et al., 2009; Dong et al., 2014).    

Given the relatively high abundance of Pseudomonas in the sandstone-packed column 

experiment amended with LOWT-EN, we hypothesize that these bacteria were at least partially 

responsible for the anaerobic biodegradation of crude oil components, potentially acting as 

syntrophic organisms in conjunction with methanogens.  While such a hypothesis remains to be 

tested, it should be noted that pyrotag sequencing of several produced water samples from the 

oilfield from which the enrichment was derived revealed the presence of Pseudomonas sp. and 

other nitrate-reducers along with methanogens (Agrawal et al., 2012), thus interactions between 

these kinds of microbes may be occurring in some oilfield environments.  Interestingly, the 

coexistence between these two groups of microorganisms in bioreactor systems has been 

previously noted (Percheron et al., 1999).   Other bacteria that were enhanced in the column 

amended with LOW-EN were members of the genera Clostridium and Desulfovibrio (Figure 4-

4). These bacteria and other members from the Firmicutes and Deltaproteobacteria groups have 

been associated with anaerobic oil biodegradation (Gray et al., 2010).   The enrichment of 

Eggerthella in the sandstone incubations is unclear, given that this organism is a known gut-
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associated organism, although clones related to this genus (e.g., in the Actinobacteria) were 

previously identified in RESOIL (Gieg et al., 2008).  

All the columns amended with HIGHT had very low CH4 production after a 400-day 

incubation period. The microbial community of HIGHT was dominated by sulfate-reducing 

bacteria such as Desulfovibrio and Desulfuromonadales (Table 4-2), while the other inocula 

tested in this study were dominated by methanogens (Table 4-2 and Figure 4-4). Methanogens 

affiliating with Methanosarcina were present in the HIGHT inoculum at low abundance (1.7%), 

and were decreased after incubation in the column. Thus, the microbial composition of HIGHT 

may explain why the column amended with this inoculum had relatively low CH4 production. 

Although the amount of biomass in produced waters from HIGHT was higher than in LOWT, the 

microbial composition of the inoculum seemed to play a more important role in the ability to 

bioconvert hydrocarbons to CH4.  

It was hypothesized that the oil degrading culture RESOIL would produce the highest 

amount of methane when inoculated in the column systems, as this was an established culture 

with high biomass (Table 4-1) and high methanogenic activity (Gieg et al., 2008). It was 

surprising to see that the columns amended with RESOIL produced relatively low CH4, 

especially compared to the column amended with LOWT-EN. A possible explanation for these 

findings is that the cells were not well distributed in the columns (e.g., cells were stuck in the 

injection ports), thus oil and nutrients were not readily available to cells. The RESOIL culture 

inoculum contained sediments from the crushed core used to enhance methane production in the 

enrichment culture, which could have affected the mobilization of cells through the columns 

when it was injected.  In addition, the inocula from production waters were expected to take a 

longer time than the enrichments to start producing CH4. In accordance with this prediction, the 
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column inoculated with LOWT with the highest CH4 production had a longer lag period than the 

ones amended with LOWT-EN and RESOIL prior to the onset of CH4 production. Regarding the 

differences in CH4 production within the columns amended with the same inocula, it is possible 

that this variation was due to the slightly different amounts of residual oil remained in each 

column (Figure B-4) or slight variations in physical properties (e.g., differences in permeability 

or biomass distribution) that were hard to replicate in the column systems. Thus, more attention 

should be given in the future on the designing and preparation of anaerobic bioreactors 

simulating marginal oil fields for better reproducibility.  

Overall, this study showed that at least three tested microbial communities previously 

exposed to hydrocarbons were able to convert residual oil to methane according to stoichiometric 

calculations, and that they survived in columns comprising Berea sandstone rock.  This work 

also showed that in sandstone-packed columns, more similar to actual sediment rock reservoirs, 

enriched for different microbial communities than the planktonic organisms found in the 

enrichments and produced waters. The information gained in this study would help to understand 

the syntrophic communities inhabiting the subsurface, and may lead to the development of 

specialized microbial consortia able to grow on oil reservoir sediment rocks while biodegrading 

crude oil to methane.  
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Preface 

Chapter 5 consists of a manuscript published in FEMS Microbiology Ecology (Berdugo-

Clavijo et al., 2012).  The work described in this chapter shows the study of methanogenic 

enrichments capable of degrading polycyclic aromatic hydrocarbons, with an emphasis on 2-

methylnaphthalene and 2, 6-dimethylnaphthalene. This work is directly related to the study of 

hydrocarbon metabolism described in Chapter 3 and 4. Metabolite analysis and microbial 

community characterization of the enrichment cultures are also presented in this chapter.   
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Chapter Five: Methanogenic Metabolism of Two-Ringed Polycyclic Aromatic 

Hydrocarbons  

5.1 Abstract 

Polycyclic aromatic hydrocarbons (PAH) are widespread in subsurface environments, such as oil 

reservoirs and fuel-contaminated aquifers, however little is known about the biodegradation of 

these compounds under methanogenic conditions.  To assess the metabolism of PAH in the 

absence of electron acceptors, a crude oil-degrading methanogenic enrichment culture was tested 

for the ability to biodegrade naphthalene, 1-methylnaphthalene (1-MN), 2-methylnapthalene (2-

MN) and 2, 6-dimethylnaphthalene (2, 6-diMN).  When methane was measured as an indicator 

of metabolism, nearly 400 µmol of methane was produced in the 2-MN- and 2, 6-diMN-

amended cultures relative to substrate-unamended controls, which is close to the amount of 

methane stoichiometrically predicted based on amount of substrate added (51-56 µmol).  In 

contrast, no substantial methane was produced in the naphthalene- and 1-MN-amended 

enrichments.  In time course experiments, metabolite analysis of enrichments containing 2-MN 

and 2, 6-diMN revealed the formation of 2-naphthoic acid and 6-methyl-2-naphthoic acid, 

respectively.  Microbial community analysis by 454 pyrotag sequencing revealed that these 

PAH-utilizing enrichments were dominated by the archaeal members most closely affiliated with 

the Methanosaeta and Methanoculleus species and bacterial members most closely related to the 

Clostridiaceae, suggesting that these organisms play an important role in the methanogenic 

metabolism of the substituted naphthalenes in these cultures. 
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5.2 Introduction 

Polycyclic aromatic hydrocarbons (PAH) comprise a substantial fraction of petroleum 

mixtures, including crude oils, coal tar creosote, and refined fuel mixtures such as diesel. When 

such fuel mixtures are accidentally spilled or seep into the natural environment, some of the 

more water-soluble PAH, such as the 2-ringed naphthalenes and methyl-substituted 

naphthalenes, can migrate away from the source, while the larger ringed, less water-soluble PAH 

can adhere to sediments and soils (Hughes et al., 1997). Many PAH can be toxic and/or 

carcinogenic (Sverdrup et al., 2002), thus PAH contamination in the natural environment is of 

ecological and human health concern. The microbial degradation of hydrocarbons has been 

widely investigated to understand how these compounds can be remediated in petroleum-

contaminated ecosystems.  The aerobic biodegradation of PAH has been known for decades 

(Haritash and Kaushik, 2009) and it is now evident that PAH can also be biodegraded under 

anaerobic conditions. As recently reviewed, PAH biodegradation has been most frequently 

shown under nitrate- and sulfate-reducing conditions (e.g. Foght, 2008; Widdel et al., 2010; 

Meckenstock and Mouttaki, 2011).  Reported mechanisms for the initial activation of 

unsubstituted PAH include carboxylation (Zhang and Young, 1997; Davidova et al., 2007), 

methylation (Safinowski and Meckenstock, 2006), or hydroxylation (Bedessem et al., 1997).   

Fumarate addition occurs for the metabolism of 2-methylnaphthalene under sulfate reducing 

conditions (Annweiler et al., 2000; Selesi et al., 2010). Naphthyl-2-methylsuccinate (-succinyl-

CoA) forms and is further metabolized to 2-naphthoate (2-naphthoyl-CoA) in a manner similar 

to that elucidated for anaerobic toluene metabolism (Beller and Spormann, 1997).  2-Naphthoate 

is then metabolized by ring reduction to form 5, 6, 7, 8-tetrahydro-2-naphthoate, followed by 

further stepwise ring reduction (Annweiler et al., 2000; Zhang et al., 2000; Annweiler et al., 
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2002), and cleavage of the reduced ring (Annweiler et al., 2002).  Key genes and enzymes 

responsible for the biotransformation of 2-methylnaphthalene under sulfate-reducing conditions 

have been recently identified (Selesi et al., 2010).  

As PAH are widely present in methanogenic environments such as crude oil reservoirs 

and fuel-contaminated sediments, they can potentially serve as carbon sources for deep and near-

surface methanogenic communities. Although syntrophic PAH metabolism coupled with 

methane production is considered a low energy yielding process (Schink, 1997), it is 

thermodynamically feasible (Dolfing et al., 2009) and has been reported in a handful of 

laboratory-based studies.  Methanogenic enrichments from sewage sludge were shown to utilize 

PAH of more than 3 aromatic rings (Trably et al., 2003; Christensen et al., 2004). Chang et al. 

(2006) observed up to 50% loss of naphthalene and phenanthrene, relative to controls when 

contaminated harbor sediments were incubated in the absence of electron acceptors. Similarly, 

Yuan and Chang (2007) reported the anaerobic degradation of five PAH by river sediment 

enrichments incubated under methanogenic conditions. The addition of acetate, lactate, or 

pyruvate to these incubations enhanced the methane production and PAH degradation rates. 

However, H2 was included in the headspace (5-10%), so it is not clear what portion of the CH4 

was formed from H2 versus the added PAH.  Recently, Siegert et al. (2011) reported low 

amounts of methane production from naphthalene-amended enrichments, Zhang et al. (2012) 

described methanogenic anthracene-amended cultures, and Gieg et al. (2010) showed that a 

thermophilic anaerobic consortium consumed specific PAH and alkanes in crude oil-amended 

incubations relative to controls, with overall hydrocarbon loss correlating with methane 

production.   
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Recent biogeochemical evidence also suggests that PAH can be methanogenically 

biodegraded in situ.  Aitken et al. (2004) detected several anaerobic PAH metabolites in 

biodegraded crude oils sampled from reservoirs across the globe, offering evidence that PAH can 

serve as substrates in deep anaerobic subsurface environments.  Such a finding, coupled with 

isotopic analyses indicating that a substantial portion of the CH4 and CO2 present in oil-bearing 

formations is biogenic, also suggests that biodegradation of oil components in reservoirs, 

including PAHs, occurs under methanogenic conditions and can lead to the formation of heavy 

oil (Gray et al., 2010).   Many near-surface fuel-contaminated aquifers also contain PAH and can 

be methanogenic (e.g. Godsy et al., 1992; Gieg et al., 1999; Kleikemper et al., 2005; Essaid et 

al., 2011).  Bianchin et al. (2006) showed the in situ mineralization of 14C-naphthalene to 14CO2 

in a creosote-contaminated aquifer characterized by iron-reducing and methanogenic conditions, 

offering evidence that in situ methanogenic PAH degradation can potentially occur.   Some 

studies have revealed the presence of anaerobic PAH metabolites in fuel-contaminated aquifers 

(Gieg and Suflita, 2002; Griebler et al., 2003) although these sites were characterized as 

primarily sulfate- or nitrate-reducing rather than methanogenic.  Little is known about the 

metabolic pathways and microorganisms involved in the methanogenic biodegradation of PAH, 

thus an understanding of their fate in the absence of electron acceptors is important for 

optimizing bioremediation efforts and in situ energy production applications.  

In a previous study examining the methanogenic bioconversion of crude oil to methane, 

the alkane fraction was consumed with concomitant methane production (Gieg et al., 2008). 

Periodic analyses of this culture for the presence of known anaerobic hydrocarbon metabolites 

did not reveal the presence of key anaerobic alkane metabolites, such as alkylsuccinic acids 

(unpublished data).  However, several putative anaerobic naphthalene metabolites were detected 
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relative to controls.  We thus hypothesized that the microbial community could also metabolize 

PAH under methanogenic conditions.  Here, we report the activity of enrichment cultures 

capable of metabolizing 2-ringed PAH to methane, describe the microbial community members 

found in these enrichments, and identify metabolites that were produced during the degradation 

of the tested naphthalenes.  

 

5.3 Materials and methods  

5.3.1 Enrichments  

The inoculum for all experiments originated from a crude oil-degrading enrichment 

previously shown to consume alkanes under methanogenic conditions (Townsend et al., 2003; 

Gieg et al., 2008).  PAH-utilizing enrichments were developed by adding 2 mL of the inoculum 

previously incubated with crude oil to16 mL of anoxically prepared mineral salts medium 

(Figure A-1) reduced with 2.5% cysteine-HCl ̶ sodium sulfide solution.  These initial anaerobic 

incubations were prepared in 26-mL glass tubes capped with butyl rubber stoppers and 

aluminum seals.  Substrate stock solutions containing 20 mg of 2-methylnaphthalene (2-MN), 2, 

6-dimethylnaphthalene (2, 6-diMN), 1-methylnaphthalene (1-MN) or naphthalene (Naph) were 

anoxically prepared in 20 mL of the inert carrier 2, 2, 4, 4, 6, 8, 8-heptamethylnonane (HMN) by 

bubbling the solution with N2 for 20 min prior to autoclaving.  Two milliliters of each stock 

solution (2 mg of the PAH) were added to triplicate incubations. Substrate-free controls 

containing HMN only were also established. Methanogenic activity was periodically monitored 

by methane formation for over a year.  After this incubation time all cultures containing the 

different PAH substrates showed enhanced methane production relative to the substrate-free 

controls.  The cultures were then prepared for transfer. Replicate cultures containing the same 
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PAH substrate were combined, centrifuged, and the resulting cell pellet was resuspended in a 

small volume of sterile anaerobic medium (12 mL).  An equal volume of this ‘concentrated’ 

inoculum (3 mL) was then added to each of four 120-mL serum bottles containing 60 mL sterile 

anaerobic medium.  Three of the bottles received the PAH with which the cells were initially 

incubated (2-MN, 2, 6-diMN, 1-MN, or Naph) and one bottle contained the medium but no 

substrate.  Thus, the substrate-free control for each PAH was derived from a separate inoculum 

source.  For these transfers, the naphthalene substrates (6 to 8 mg) were pre-adsorbed to 

Amberlite XAD-7 (0.3 g), as previously described by Morasch et al. (2001) to allow for the 

addition of higher amounts of substrate while minimizing toxicity.  Abiotic experiments 

examining the sorption of 2-MN to XAD-7 (carried out as described by Morasch et al. (2001)) 

showed that the aqueous phase concentrations of 2-MN was close to 40 µM with 6 mg of 

substrate in 60 mL of medium (Figure C-1). All cultures were incubated in the dark at room 

temperature (21-23°C) for 16 to 20 weeks.  

 

5.3.2 Analytical Methods 

Methane formation was monitored in the enrichment cultures by injecting 0.2 mL of an 

incubation headspace, using a sterile syringe preflushed with N2/CO2 (90/10), into a HP model 

5890 gas chromatograph (GC) equipped with a flame ionization detector maintained at 200°C. 

Injections were carried out at 150°C onto a packed stainless steel column (6 ft. x 1/8 in., Poropak 

R, 80/100, Supelco) held isothermally at 100°C.  Methane amounts were determined based on 

calibration curves prepared from standards containing known methane concentrations.   

To determine the putative PAH metabolites produced during the methanogenic 

degradation of 2-MN or 2, 6-diMN, time course experiments were carried out.  For each 
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substrate, newly transferred incubations were prepared as described above (e.g. using a washed 

cell concentrate as the inoculum and adsorbing the PAH to Amberlite).  Substrate-containing, 

substrate-free, and sterile control incubations were prepared in triplicate for each PAH.  The 

incubations were monitored for methane production and culture fluids were subsampled (20 mL) 

as increasing amounts of methane were produced. The samples were acidified with HCl to a pH 

of 2 and extracted with 3 volumes of ethyl acetate.  For some incubations, the whole culture was 

sacrificed by acidifying and extracting in the same manner.  The organic layers were dried over 

sodium sulfate and concentrated by rotary evaporation and under a stream of N2 to a volume of 

approximately 100 L.  The samples were then silylated with 100 µL of BSTFA (Thermo 

Scientific, Waltham, MA) for 20 minutes at 60˚C.  Putative metabolites were separated and 

identified using an Agilent 7890A gas chromatograph equipped with an HP-5MS column (30 m 

× 0.25 mm × 0.25 µm; Agilent Technologies) and an Agilent 5975C mass selective detector.   

The oven was held at 45˚C for 5 min, increased at a rate of 4˚C/min to 270˚C, and then held at 

this temperature for 5 minutes. The injector was operated in split mode (50:1) and was held at 

270°C.  Metabolite identifications were confirmed by matching GC retention times and MS 

profiles with those of authentic standards or tentatively identified through mass spectral analysis.  

Metabolite concentrations were calculated based on calibration curves prepared with authentic 2-

naphthoic acid.  

 

5.3.3 Microbial community analysis  

The 2-MN and 2, 6-diMN enrichment cultures were subject to DNA extraction, 16S 

rRNA gene amplification, and subsequent microbial community analysis by 454 pyrotag 

sequencing in a manner similar to that described by Ramos-Padrón  et al., 2011. DNA was 
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extracted from 5 mL of the culture fluids using a commercial kit according to the provided 

instructions (FastDNA Spin Kit for Soil; MP Biomedicals).  The 16S rRNA genes were 

amplified by PCR (95 °C, 3 min; 25 cycles of 95 °C 30 s, 55 °C 45 s, 72 °C 90 s; 72 °C 10 min; 

final hold at 4 °C) using the FLX Titanium amplicon primers 454T-RA and 454T-FB (20 pmol 

L-1) that have the sequences for 16S primers 926f (aaa ctY aaa Kga att gac gg) and 1392r (acg 

ggc ggt gtg tRc) as their 3’-ends.  Primer 454T-RA had a 25 nucleotide A-adaptor sequence of 

CGTATCGCCTCCCTCGCGCCATCAG, whereas primer 454T-FB had a 25 nucleotide B-

adaptor sequence of CTATGCGCCTTGCCAGCCCGCTCAG. The resulting PCR products were 

purified using a commercial kit (QIAquick PCR Purification Kit, Qiagen) and concentrations 

were determined by fluorometry (on a Qubit Fluorometer using a Quant-iT™ dsDNA HS Assay 

Kit, Invitrogen).  PCR products were sent to the McGill University and Genome Quebec 

Innovation Centre for pyrotag sequencing where they underwent 10 PCR cycles with primers 

454T-RA-X and 454T-FB, where X is a 10 nucleotide multiplex identifier barcode (to enable the 

simultaneous analysis of multiple samples in one run). The barcoded PCR products were 

analyzed by pyrotag sequencing using a GS FLX Titanium Series Kit XLR70 (Roche 

Diagnostics Corporation). All the pyrotag sequencing reads were deposited at the Sequence Read 

Archive (SRA) in NCBI. The accession numbers of the reads in the 2-MN and 2, 6-diMN 

enrichment samples are SRS151517 and SRS151516, respectively. 

 

5.3.4 Phylogenetic analysis 

Phoenix 2, an in-house developed SSU rRNA data analysis pipeline, was used to conduct 

the Pyrotag analysis (Ramos-Padrón  et al., 2011). There were 3,540 and 13,178 raw reads in the 

2-MN and 2, 6-diMN enrichment samples, respectively. After quality control by Phoenix 2, there 
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were 2,024 reads with an average read length of 371 (median 380.5) from the 2-MN enrichment 

sample and 7,183 reads with an average read length of 375 (median 391) from the 2, 6-diMN 

enrichment sample. From these reads, 321 operational taxonomic units (OTUs) were generated 

using average neighbor clustering at a 3% distance cutoff. The most frequently occurring 

sequence in an OTU was chosen as its representative sequence. The taxonomic annotation of 

each OTU was based on the blast search results of the representative sequences against SSU Ref 

NR 102 database (http://www.arb-silva.de/no_cache/download/archive/release_102/Exports). 

The representative sequences of those OTUs of bacterial origin, whose frequencies were > 25 

reads, were selected as the bacterial sequences, and the representative sequences of those OTUs 

of archaeal origin, whose frequencies were > 40 reads, were selected as the archaeal sequences 

for this study to build phylogenetic trees.  Sequences from known aromatic hydrocarbon 

degrading species or environments relevant to our study were retrieved from the ENA database 

(European Nucleotide Archive). All sequences were aligned with SINA (the SILVA web aligner, 

Pruesse et al., 2007). SINA aligned sequences were imported and inserted into the ‘All-Species 

Living Tree’ alignment version 106 (Yarza et al., 2008) using the ARB parsimony approach with 

ARB (http://www.arb-silva.de/projects/living-tree).  For each inserted sequence, we searched 

and marked the closest relatives in the tree. The phylogenetic trees were calculated using the 

distance matrix neighbor-joining method with a Jukes-Cantor correction model and FMX filter in 

ARB.  The representative OTUs in the 2-MN and 2, 6-diMN cultures were designated 

MethylNaph1, MethylNaph2, MethlyNaph3, etc. (Figure 5-3, Figure C-2, Table C-1). 

 



88 

 

5.4 Results 

5.4.1 Methanogenic microbial activity  

To evaluate whether the 2-ringed PAH substrates were metabolized under methanogenic 

conditions, methane production was monitored over time. Enhanced levels of methane were 

observed in the 2-MN- and 2, 6-diMN-amended incubations relative to the corresponding 

substrate-unamended controls, demonstrating the methanogenic bioconversion of these 2-ringed 

PAH.  For the cultures amended with 2-MN, an average of 422 µmol methane was detected, 

while the 2, 6-diMN-amended cultures produced an average of 388 µmol methane after 110 days 

of incubation (Figures 5-1A and 5-1B).  These methane values were close to those expected 

based on theoretical stoichiometric predictions (Table 5-1) calculated from the amounts of the 

substrates added.   In contrast, methanogenesis was inhibited by the presence of 1-MN (Figure 5-

1C), as the unamended controls produced substantially more methane than the 1-MN-amended 

incubations.  Although methanogenesis was not inhibited in the Naph-amended cultures, 

methane was produced at similar levels as the unamended controls after 140 days of incubation 

(Figure 5-1D), suggesting that naphthalene did not serve as a substrate for the enrichment 

culture. Due to the increased methanogenic activity observed with 2-MN and 2, 6-diMN-

amended enrichments, further studies focused on these two cultures. 
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Figure 5-1. Methane production in incubations amended with (A) 2-MN: (B) 2, 6-diMN; 

(C) 1-MN; or (D) Naph.  Closed symbols show the mean of replicate incubations amended 

with the requisite PAH, and open symbols represent the corresponding substrate-

unamended controls. Error bars indicate the standard deviation for triplicate PAH-

amended incubations.  
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Table 5-1. Stoichiometric calculations for the biodegradation of 2-MN and 2, 6-diMN under 

methanogenic conditions relative to unamended controls. 

2-MN C11H10 + 8.5H2O → 4.25CO2 + 6.75CH4 379 422 ±6 111 ±1.6

2, 6-diMN C12H12 + 9H2O → 4.5CO2 + 7.5CH4 384 388 ±62 101 ±16

*
Based on the amount of substrate added (8 mg; 56.3 µmol 2-MN; 51.2 µmol 2, 6-diMN)

Predicted 

CH4 (µmol)*

Measured 

CH4 (µmol)

Percentage of predicted 

CH4 recovered
Substrate Stoichiometric reaction
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5.4.2 Identification of metabolites 

Subsequent transfers of the methanogenic cultures amended with 2-MN or 2, 6-diMN 

were used to determine the formation of metabolites in time course experiments.  Substrate-

unamended and sterile controls were incubated and analyzed in parallel.  Mass spectral analyses 

of the incubation extracts revealed the presence of 2-naphthoic acid in the 2-MN-amended 

enrichments (Figure 5-2a) and a presumed methylnaphthoic acid in the 2, 6-diMN-amended 

cultures (Figure 5-2b).   The mass spectral profile of the latter metabolite revealed fragment ions 

that were 14 mass units higher than those of an authentic 2-naphthoic acid standard. Using 2-

naphthoic acid as the calibration standard, the maximum concentrations of the naphthoic acids 

averaged 32 nM (n=6).  These products were not detected in the corresponding substrate-

unamended or sterile controls.  In addition to these compounds, other putative methyl-substituted 

naphthalene metabolites were sought (based on literature reports) including naphthyl-2-

methylsuccinate, 1, 2, 3, 4-tetrahydro- and 5, 6, 7, 8-tetrahydro-2-naphthoic acids, 

octahydronaphthoic acid, and decahydronaphthoic acid (and their methylated analogs in the case 

of the 2, 6-diMN cultures).  However, none of these compounds was detected during the time 

course experiments. 
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Figure 5-2. Mass spectral profiles of (a) 2-naphthoic acid (silylated) detected in the 2-MN-

amended culture and (b) the tentatively identified 6-methyl-2-naphthoic acid (silylated) 

detected in the 2, 6-diMN-amended culture.  The major fragment ions in (B) are shifted 14 

mass units higher than in (a), denoting the presence of an extra methyl group. 
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5.4.3 Microbial community analysis of enrichments  

Pyrotag sequencing analysis of the 16S rRNA genes amplified from the 2-MN- and 2, 6-

diMN-amended cultures revealed the predominance of organisms belonging primarily to the 

phyla Euryarchaeota, Firmicutes, and Proteobacteria (Table 5-2).   Sequences falling within the 

Chloroflexi, Spirochaetes, Bacteroidetes, and Actinobacteria were also present in low 

abundance.  Both methanogenic enrichment cultures were dominated by archaeal members 

affiliating with the genera Methanoculleus and Methanosaeta, representing approximately 50 to 

65% of the sequences identified at the genus level (Table 5-2).  Members of the Methanolinea 

and Candidatus Methanoregula comprised the next most abundant archaeal genera. The 

dominant representative archaeal OTU in the cultures (MethylNaph3, Figure C-2, Table C-1) 

matched most closely with other uncultured Methanosaeta clones derived from the original 

aquifer sediments (Struchtemeyer et al., 2005). In addition, both enrichment cultures were 

dominated by bacterial members belonging to the genus Clostridium (Table 5-2), representing 

24% and 32% of the sequences identified at the genus level in the 2-MN and 2, 6-diMN cultures, 

respectively. The dominant representative bacterial OTU in the cultures (MethylNaph1, 

representing 27% of the sequences identified at the genus level) also aligned most closely with a 

Clostridia clone retrieved from the aquifer sediments from which the cultures were initially 

derived (Callaghan et al., 2010) (Figure 5-3).  Another minor representative OTU (MethylNaph5 

0.7% abundance) also fell within this class (Figure 5-3).  The OTUs present in our PAH-

degrading enrichment were only distantly related to clones retrieved from other PAH-degrading 

methanogenic enrichments (clones RFLP U10 and RFLP U27; (Chang et al., 2005).  The other 

seven representative OTUs aligned within the Desulfuromonadales, Desulfovibrionales, 

Betaproteobacteria, and Chloroflexi (Figure 5-3, Table C-1) but were not closely related to other 
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sulfate-reducing, naphthalene-degrading strains or clones in PAH-degrading cultures (e.g. 

NaphS2, NaphS3, NaphS6, clone N47-1, clone N47-2) (Galushko et al., 1999; Musat et al., 

2009; Selesi et al., 2010). 

 

Table 5-2. Phylogenetic affiliations of the microbial reads identified at the phylum and 

genus levels by pyrotag sequencing of the 16S rRNA genes in the 2-MN and 2, 6-diMN-

amended methanogenic enrichment cultures. 
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Figure 5-3. Phylogenetic relationships of bacterial 16S rRNA gene representative sequences 

(bold) identified in the 2-MN and 2, 6-diMN-amended enrichments with respect to other 

bacterial sequences including those in other anaerobic hydrocarbon degrading cultures or 

environments. The phylogenetic tree was constructed using the distance matrix neighbour-

joining method with Jukes-Cantor model and FMX filter in ARB. The number in 

parenthesis for the MethylNaph sequences indicates the percentage of abundance 

compared to all OTUs. The scale bar indicates 1% of sequence divergence.  
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5.5 Discussion 

We have developed enrichment cultures capable of metabolizing 2-ringed PAH in order 

to assess the microbial community composition and metabolites associated with methanogenic 

PAH degradation.  Incubations containing Naph or 1-MN did not produce substantial methane 

over 140 days relative to their requisite substrate-unamended controls (Figure 5-1C and 5-1D).  

However, cultures amended with 2-MN or 2, 6-diMN produced near stoichiometrically predicted 

amounts of methane relative to their substrate-free controls (Figure 5-1A and 5-1B, Table 5-1) 

within 110 days and were further transferred and studied for their community composition and 

pathways of metabolism.  The compounds 2-naphthoic acid and 6-methyl-2-naphthoic acid were 

the only metabolites detected during time course experiments of cultures amended with 2-MN 

and 2, 6 di-MN, respectively. 2-Naphthoic acid was previously identified as a central 

intermediate in sulfate-reducing enrichment cultures able to degrade naphthalene or 2-

methylnaphthalene (e.g.  Zhang et al., 2000; Morasch et al., 2001; Davidova et al., 2007).  Our 

work shows that (methyl) naphthoic acid is also an important metabolite produced during the 

methanogenic metabolism of methyl-substituted 2-ringed PAH.  The amounts of the naphthoic 

acids detected were approximately three orders of magnitude lower than that of the starting 

substrate, consistent with other studies reporting anaerobic hydrocarbon metabolite 

concentrations (Ulrich et al., 2005; Fowler et al., 2012). Previous studies under sulfate-reducing 

conditions showed that 2-MN is activated via addition to fumarate prior to conversion to 2-

naphthoic acid (Annweiler et al., 2000; Annweiler et al., 2002), but we were not able to detect 

the predicted naphthylmethylsuccinates in our cultures. Thus, the metabolic mechanism 

responsible for the attack of the 2-MN or 2, 6-diMN in the absence of electron acceptors leading 

to the production of naphthoic acid is still unknown.  Based on the fact that we added a similar 
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amount of PAH to our cultures (e.g. 8 mg per 60 mL culture) as was added to sulfate-reducing 

cultures wherein the fumarate addition product was detected (4-6 mg PAH per 50 mL culture) 

(Annweiler et al., 2000), and our own experience in detecting fumarate addition metabolites in 

methanogenic cultures metabolizing low concentrations of toluene (Fowler et al., 2012), we 

would expect to detect such compounds if formed.  Ongoing efforts to scale up our enrichments 

will help determine whether the lack of detection of the fumarate addition metabolites is a scale 

issue or whether another mechanism of activation is occurring.  

Microbial community analysis of the 2-MN- and 2, 6-diMN-amended enrichments 

revealed that the cultures were dominated by methanogens (Table 5-2, Figure C-2) and bacterial 

members affiliating within the phylum Firmicutes and class Clostridia (Table 5-2, Figure 5-3).   

In the crude oil-degrading methanogenic culture from which the PAH-degrading enrichments 

were derived, the most dominant bacterial OTU (clone lg1a03, EU037969) was also a member of 

the Firmicutes aligning within the Clostridiaceae (Gieg et al., 2008). In the PAH-degrading 

enrichments described here, only a small portion of the identified sequences (MethylNaph4, 

0.3%) was most closely related to this OTU (Figure 5-3).  Instead, the most dominant OTU 

within the Firmicutes in the PAH-degrading enrichments (MethylNaph1, 27%, Figure 5-3) 

aligned most closely with a clone retrieved directly from the aquifer sediments from which the 

enrichments were initially derived (Clone Fort Lupton 498,  Callaghan et al., 2010). Although 

these results suggest that a shift occurred in the enrichment cultures as the community was 

transferred from whole crude oil to specific PAH substrates, further experiments (such as 

monitoring the growth of specific groups of organisms in the cultures or nucleic acid-based 

stable isotope probing) are still necessary to help pinpoint the roles played by these abundant 

organisms in PAH-amended cultures relative to substrate-free controls. Interestingly, Chang et 
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al. (2005), using RFLP analyses of a 16S rRNA gene library created from naphthalene and 

phenanthrene-amended methanogenic enrichments, also found that the most abundant RFLP 

types in the cultures most closely affiliated with members of the phylum Firmicutes and class 

Clostridia.   In fact, an increasing number of studies are revealing the importance of Gram-

positive organisms within the Firmicutes as key players in anaerobic hydrocarbon degradation in 

contaminated sites and enrichment cultures.  For example, Winderl et al. (2008) examined the 

microbial community distribution with depth of a tar oil-contaminated aquifer and found that a 

specialized aromatic hydrocarbon-degrading microbial community of iron- and sulfate-reducing 

bacteria, as well as organisms belonging to the Firmicutes (uncultured Peptococcaceae, and 

Desulfosporosinus, Desulfotomaculum, and Sedimentibacter spp.), dominated hydrocarbon-

sulfate transition zone. Winderl et al. (2010) further analyzed a microbial population from the 

same contaminated site by DNA-SIP and found that the most active population corresponded to 

the toluene-degrading Gram-positive sulfate-reducing Desulfosporosinus spp. within the class 

Clostridia.  Kunapuli et al. (2010) isolated two iron-reducing bacteria capable of degrading 

monoaromatic hydrocarbons such as toluene, phenol and m-cresol.  Phylogenetic analyses 

revealed that one of the strains was closely related to Desulfitobacterium also within the 

Clostridia.   Fowler et al. (2012) also found that members of the Clostridiales dominated a 

methanogenic toluene-degrading community.  The potential importance of the Firmicutes in 

hydrocarbon-associated environments in general was recently noted in a survey conducted by 

Gray et al. (2010).  These authors compared and clustered the microbial community information 

from 26 different studies related to hydrocarbon-associated environments, and found that 

bacterial sequences affiliating with the Firmicutes were the most frequently detected in the 

diverse habitats, representing 31% of the surveyed bacterial sequences (amassed from over 3000 



99 

 

16S rRNA gene sequences).   Based on the abundance of Clostridia in our 2-MN- and 2, 6-

diMN-degrading cultures, we speculate that these organisms play a key role in PAH activation 

but as stated earlier, further studies are needed to support this hypothesis. The dominant 

methanogenic OTUs in the PAH-degrading enrichments, MethylNaph3 (22.5%) and 

MethyNaph2 (19%), affiliated most closely with uncultured Methanosaeta clones and 

Methanoculleus spp., respectively (Figure C-2).  These findings suggest that both acetate- and 

hydrogen-utilizing methanogens also function in the syntrophic metabolism of the 2-ringed PAH. 

Thus, in this work, we demonstrated the stoichiometric conversion of 2-ringed methyl 

substituted PAH to methane and identified naphthoic acids to be key PAH metabolites under 

methanogenic conditions. Our pyrotag sequencing data suggest the importance of Clostridia, 

Methanosaeta, and Methanoculleus species in methanogenic PAH metabolism although further 

study will help reveal the exact roles played by these organisms.  Interestingly, Zhang et al. 

(2012) recently used SIP to identify the microbes involved in methanogenic anthracene 

degradation, and found that members of the deltaproteobacterial genera Methylibium and 

Legionella and an unclassified Rhizobiales, were the dominant phylotypes. Such results 

demonstrate not only the diversity of microbes that can be involved in methanogenic PAH 

biodegradation, but also that our understanding of such metabolism is far from complete. 
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Preface 

Chapter 6 describes additional work that was conducted on the 2-MN-degrading 

enrichment described in Chapter 5. These work includes, qPCR work conducted to identify and 

quantify microorganisms able to degrade methylnaphthalene.  In addition, initial work to detect 

metabolic genes involved in PAH biodegradation under methanogenic conditions conducted with 

the same enrichment cultures is included, as part of the study of hydrocarbon metabolism.   
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Chapter Six: Detection of key microorganisms and functional genes involved 

in the degradation of two-ringed polycyclic aromatic hydrocarbons  

6.1 Introduction 

During the production and usage of fossil fuels, hydrocarbons can be spilled into the 

environment, leading to the contamination of soil and water ecosystems. Hydrocarbons can be 

initially degraded in the environment under aerobic conditions (Rosenberg, 2013), but when 

oxygen is depleted biodegradation proceeds via anoxic mechanisms with other electron acceptors 

(Heider and Schühle, 2013).  Aromatic hydrocarbons are major components of crude oil that can 

be metabolized by microorganisms. Various aromatic hydrocarbons including m-xylene, 

naphthalene, or toluene can be biodegraded via a fumarate addition mechanism (e.g. Harms et 

al., 1999; Beller and Edwards, 2000; Musat et al., 2009). In the degradation of toluene, the 

double bond of fumarate is added to the methyl carbon of the hydrocarbon to form 

benzylsuccinate, and this reaction is catalyzed by an oxygen-sensitive glycyl radical enzyme 

known as benzylsuccinate synthase (BSS) (Beller and Spormann, 1997; Beller and Edwards, 

2000). In a similar way, a fumarate addition enzyme named naphyl-2-methylsuccinate synthase 

is known to activate the degradation of 2-methylnaphthalene with the formation of 

naphthylsuccinate (DiDonato et al., 2010; Selesi et al., 2010).  The fumarate addition mechanism 

for hydrocarbon activation has been most frequently studied under denitrifying or sulfate-

reducing conditions. Under methanogenic conditions, fumarate addition was found to initiate the 

degradation of toluene (Washer and Edwards, 2007; Fowler et al., 2012).  Thus, it is expected 

that methanogenic degradation of PAH would occur via the addition of fumarate, but there is no 

direct evidence that this mechanism is taking place under methanogenic conditions. Hence, the 

metabolic mechanism (s) for activation of PAH under methanogenic conditions is still unknown.  



102 

 

Many microorganisms thought to degrade aromatic hydrocarbons under anoxic 

conditions have also been identified. Sulfate- and nitrate-reducing bacteria known to degrade 

aromatic hydrocarbons (e.g., xylene, toluene, or naphthalene) include Azoarcus, Thauera, 

Georfuchsia, Desulfotomaculum, Desulfobacula, and Desulfosarcina (Heider and Schühle, 

2013). Desulfosporosinus was recently reported as the initial toluene-degrader in methanogenic 

enrichment cultures (Fowler et al., 2014; Sun et al., 2014). Other aromatic hydrocarbon 

degraders involved in syntrophic metabolism include Pelotomaculum, Peptococcaceae, 

Thermincola, and Syntrophus (Kleinsteuber et al., 2012). In a survey of over 3000 16S rRNA 

sequences from hydrocarbon-associated cultures and environments (Gray et al., 2010), members 

of the Firmicutes phylum were the most frequently detected, and within this phylum, Clostridia 

were dominant.  In another study involving a methanogenic consortium able to grow with PAHs 

(Chang et al., 2005), members of the Clostridia were also enriched, suggesting these organisms 

were involved in the initial PAH degradation. However, there has been no direct evidence to 

demonstrate that specific members of the class Clostridia can activate PAHs. 

As described in Chapter 5, 2-methylnaphthalene (2-MN) degrading enrichments were 

developed from sediments of a contaminated aquifer. Members of the Firmicutes, specifically 

Clostridium species, dominated in these cultures.  In this study, quantitative PCR (qPCR) was 

used to measure the abundance of 16S rRNA genes (targeting most dominant bacterial taxa 

based on pyrotag analysis). We hypothesized that the taxa that increased in abundance during the 

course of incubation with 2-MN play an important role in its biodegradation. Further, cultures 

were exposed to pasteurization to study the ability of spore-forming bacteria to degrade the 

hydrocarbon. In addition, 2-MN and 2, 6-diMN degrading cultures were screened for the 

presence of genes known to be involved in the initial activation of the hydrocarbon (e.g. bssA, 
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nmsA) (Washer and Edwards, 2007; von Netzer et al., 2013) and in the subsequent degradation 

of the aromatic ring structure (e.g. ncr) using primers available in the literature (2013; Morris et 

al., 2014). 

 

6.2 Materials and methods 

6.2.1 Quantification of 16S rRNA genes  

The abundance of bacterial 16S rRNA genes of Clostridium, Desulfovibrio, Geobacter, 

and Bacteria was quantified over time in 2-MN degrading cultures by qPCR.  These organisms 

were selected based on previous pyrotag sequencing results using the most frequently occurring 

sequence analysis (MOF) (Table D-1). Enrichment cultures were prepared with 10 mL of 

anaerobic mineral medium (Figure A-1) and reduced with 0.05 mL of a sodium sulfide solution 

(Widdel et al., 2006). Each bottle was inoculated with 10% of a resuspended cell pellet collected 

from previous cultures growing with 2-MN. Incubations were amended with 2 mL of HMN 

containing 2.5 mg of 2-MN.  In addition, substrate-free (unamended) and autoclaved (sterile) 

control incubations were prepared in parallel. All cultures were incubated at 22℃ in the dark for 

41 weeks, and regularly monitored for CH4 production as previously described (Berdugo-Clavijo 

et al., 2012). Numerous replicates (44 bottles) of 2-MN-amended and -unamended incubations 

were prepared in order to sacrifice individual incubations in triplicate at different time points (0, 

13, 35, 119, and 206 days). For each time point, 10 mL incubations were opened in the anaerobic 

glove bag and centrifuged at 12 000 × g for 10 minutes. Cell pellets from sacrificed incubations 

were used for DNA extraction using a commercially available kit (FastDNA Spin Kit for Soil; 

MP Biomedicals). DNA concentration from all samples was normalized for qPCR analysis. Each 

qPCR reaction (10 μL) was prepared with 5 µL of 2X Evagreen supermix (Bio-Rad), 0.5 µM of 
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each forward/reverse primer, and 1 µL of DNA template (previously normalized) from sacrified 

incubations and run on a C1000 thermocycler (Bio-Rad). qPCR primers used in this study to 

quantify the selected 16S rRNA genes in the culture were obtained from the literature and 

optimized by temperature gradient PCR (Table 6-1).   

 

Table 6-1. 16S rRNA gene primers used for qPCR analysis. 

Clos2-16S F AGCGTTGTCCGGATTTACTG

Clos2-16S R TTCGCCACTGGTGTTCCTCC

DSV 691 F CCGTAGATATCTGGAGGAACATCAG

DSV 826 R ACATCTAGCATCCATCGTTTACAGC

Geo546F AAGCGTTGTTCGGAWTTAT

Geo840R GGCACTGCAGGGGTCAATA

Bac338F ACTCCTACGGGAGGCAGC

Bac530R GTATTACCGCGGCTGCTG
aAmplicon size was between 130 to 200 bp due to variations in 16S RNA gene sequences of various organisms

Reference

182 52Clostridium 

135 62

16s rRNA 

target gene

ID name 

(Forward/Reverse)
Sequence (5'-3')

Template 

size (bp)

Annealing 

temperature (℃)

Wang et al ., 2008 (F); 

Fowler et al ., 2014 (R)

Fite et al ., 2004Desulfovibrio

Bacteria ~130-200
a 55

Whiteley and Bailey, 2000 

(F); Lane, 1991 (R)

Cumming et al. , 2003Geobacter 294 63

 

 

The temperature program for Geobacter primers was: 94°C, 4 min; 40 cycles of 94°C 30 

s, 63°C 30 s (Cummings et al., 2003). The following qPCR program was used for Clostridium, 

Desulfovibrio and Bacteria primers: 95°C, 3 min; 40 cycles of 95°C 20 s, 25 s at the optimized 

annealing temperature (Table 6-1). All programs were followed by a melt curve analysis to 

detect possible primer dimer formation, with a temperature gradient from 65℃ to 95℃ at an 

increment of 0.5℃/min. 16S rRNA genes were quantified using prepared standards (102 to 109 

copies/µL) from diluted plasmids. For the preparation of the standards, amplified products for 

each bacterial gene were cloned from culture DNA and transformed into E.coli plasmid using the 

TOPO TA cloning kit (Invitrogen) according to the manufacturer’s protocol. Successful 

transformants were grown in 5 mL of LB liquid medium, plasmids were isolated with a Miniprep 

kit (Qiagen), and confirmed by sequencing (Eurofins). The slopes of the calibration curves 
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ranged from -3.0 to -3.4 and their efficiencies were higher than 97% (Figure D-1). Changes in 

16S rRNA gene abundance were calculated from mean differences of abundances between the 

lag phase data points (0, 13 and 35 days) and the exponential phase points (119 and 206 days).  

Raw data was log-transformed for statistical analysis. A one-tail one sample t-test analysis was 

used to determine if there were significant changes in the gene abundances over time using IBM 

SPSS Statistics Program, version 22.0 (Armonk, NY).   

 

6.2.2 Pasteurization  

Based on the 16S rRNA gene sequencing results from pyrotag analysis described in 

Chapter 6, 2-MN and 2, 6-diMN degrading cultures were dominated by Firmicutes, specifically 

members of the genus Clostridium. In order to test whether a spore former like Clostridium was 

degrading the hydrocarbon, a 2-MN degrading culture was pasteurized. Incubations were 

established with 25 mL of anoxic mineral medium (McInerney et al., 1979) amended with 0.125 

g of amberlite resin pre-adsorbed with 2.5 mg of 2-MN.  Culture medium was initially 

conditioned by placing the bottles in a water bath at 80℃ for about 20 minutes. Then, medium 

was inoculated with 30% of an actively growing culture able to degrade 2-MN.  Immediately 

after, the bottles were moved back to the water bath and pasteurized at 80℃ for 10 minutes 

(Sanford et al., 1996).  The next morning, pasteurized cultures were inoculated with 6% of a pure 

H2/CO2-using methanogenic culture Methanospirillum hungatei strain JF1 to allow 

methanogenesis to proceed. Thus, if the heat-resistant bacterium survived and degraded the 

hydrocarbon, its metabolic products would be converted to methane by strain JF1. Unpasteurized 

incubations were also prepared and incubated in parallel. All bottles were incubated at room 

temperature for 295 days. During that time methane was monitored in the incubations by 
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injecting 0.2 mL of the headspace into a GC-FID system (Chapter 5; Berdugo-Clavijo et al., 

2012). Acetate was measured in the pasteurized and non-pasteurized incubations at the end of the 

incubation period by ion chromatography as previously described (Grigoryan et al., 2008). 

 

6.2.3 Functional gene analysis 

Functional genes associated with aromatic hydrocarbon biodegradation were sought in 

genomic DNA from the 2-MN and 2, 6-diMN degrading cultures described in Chapter 5.  

Primers from published literature targeting genes coding for glycyl radical enzymes known to 

catalyze fumarate addition reactions were used, including three primer sets for the bssA gene 

(Washer and Edwards, 2007) and three primer sets for the nmsA gene (von Netzer et al., 2013) 

(Table 6-2). In addition, genes coding for 2-naphthoyl-CoA reductase (ncrA) shown to be 

involved in the dearomatization of the unsubstituted aromatic ring (Morris et al., 2014) were 

screened (Table 6-2). A PCR reaction with bssA gene primers was conducted with the following 

PCR program: initial denaturation at 95°C for 5 min, followed by 30 cycles of 94°C for 1 min, 

primer annealing for 1 min at an specific temperature (Table 6-2), 72°C for 1.5 min, and a final 

extension step at 72°C for 10 min. The temperature program for the PCR with nmsA primers was 

initially 94℃ for 3 min, followed by 35 cycles starting at 94℃ for 30 sec, primer annealing for 

30 sec at 58℃, 72°C for 1 min, and a final extension step at 72°C for 5 min. The PCR reaction 

with the ncr primers was conducted with the following program: 95℃ for 3 min, followed by 30 

cycles at 95℃ for 30 sec, primer annealing for 30 sec at 55℃, 72°C for 2 min, and a final 

extension step at 72°C for 10 min. PCR products of all reactions were observed on a 1% agarose 

gel and detected using SYBR safe gel stain to visualize amplified bands.  DNA from Thauera 

aromatica (Biegert et al., 1996) extracted from a culture grown in our lab was used as a positive 
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control for bssA genes. For nmsA and ncr genes, positive controls were not available at the time 

of the experiment. Molecular grade water used in the PCR reactions was used as the negative 

control for all the tested genes. 

 

Table 6-2. PCR primers used to amplify genes potentially involved in anaerobic aromatic 

hydrocarbon degradation (bssA, nmsA and ncr). S1=primer set 1, S2=primer set 2, 

S3=primer set 3. 

BssA327F CGAATTCATCNTCGGCTACC

BssA2004R GTCGTCRTTGCCCCAYTTNGG

MBssA1516F AGACCCAGAAGACCAGGTC

BssA2524R ATGATSGTGTTYTGSCCRTAGGT

BssA 1985F CNAARTGGGGCAAYGACGA

BssA 347R TGYTCNGGNCGRTTGATCTCYTC

8543R TCGTCRTTGCCCCAYTTNGG NA

S1 7363F TCGCCGACAATTTCGAYTTG 1180

S2 7374F TTCGAYTTGAGCGACAGCGT 1169

S3 7768F CAAYGATTTAACCRACGCCAT 775

Ncr1F CGTTATWCKCCYTGCCGTG

Ncr1R CGATAAGCCATRCADATRGG

Ncr2F TGGACAAAYAAAMGYACVGAT

Ncr2R GATTCCGGCTTTTTTCCAAVT
aDegenerate primers designed to amplified putative bssA genes.  Expected region based on positive control T. aromatica  was 300 bp. NA = not applicable

ncr ~320 Morris et al ., 201455

58

S1

S2

nmsA
von Netzer et al ., 

2013

Target gene
ID name 

(Forward/Reverse)
Sequence (5'-3')

1677
a

1008
abssA

S1

S2

S3

Primer 

set

Template 

size (bp)
Reference

Annealing 

temperature (℃)

491638
a

Washer and 

Edwards., 2007

54

 

6.3 Results and discussion 

6.3.1 qPCR analysis 

The methanogenic activity of the microbial enrichment culture amended with 2-MN was 

enhanced compared to unamended and uninoculated control incubations (Figure 6-1). After 289 

days, the culture produced up to 32 µmol of CH4 (relative to unamended controls) that 

corresponds to almost 30% of the expected CH4.  In order to minimize disturbing the cultures, 2-

MN was not measured over time. From the amount of CH4 produced, it can be expected that 

almost 5 µmol of 2-MN were consumed by the culture (based on the stoichiometric reaction 

shown in Chapter 5).  
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16S rRNA genes of Bacteria, Clostridium, Desulfovibrio, and Geobacter were quantified 

in the culture over time (0, 13, 35,119 and 206 days) to determine their importance in the 

degradation of the PAH. The changes in abundance of these 16S rRNA genes were calculated 

from the mean differences of abundances (log copy genes/mL) measured between the lag phase 

(0-35 days) and the time points showing the highest methane production (119 and 206 days) 

(Figure 6-1).  The average increase in abundance of Clostridium in 2-MN-amended triplicates 

was 2.01 ± 0.61 log units (p < 0.05), while the average increase in abundance of Clostridium for 

the substrate-unamended controls was 0.76 ± 0.45 log units (p > 0.05) (Figure 6-2). 

Desulfovibrio had an average change in abundance of 1.13 ± 0.09 log units in the 2-MN-

amended replicates, but a similar increase in abundance was observed in the substrate-

unamended controls (1.25 ± 0.41 log units) (Figure 6-2).  The highest increase in abundance of 

all the quantified 16S rRNA genes corresponded to Geobacter, however the changes of 

abundance in 2-MN-amended and unamended samples were not significantly different from each 

other (Figure 6-2). After 206 days of incubation, the total Bacteria in the culture showed a 

significant increase in abundance (1.8 ± 0.7 log units) in the triplicate cultures amended with 2-

MN, while the increase in the abundance of total Bacteria in the unamended samples was not 

significant (p > 0.05) (Figure 6-2).  These findings suggest that the bacterial community in the 

culture was enhanced by the presence of 2-MN. 
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Figure 6-1. Methane production from enrichment cultures amended with 2-MN (blue), 

substrate-unamended incubations (red) and sterile controls (black). Arrows indicate the 

time points wherein cultures were sacrificed for qPCR analysis. Error bars indicate the 

standard error of the mean of triplicates. 
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Figure 6-2. Average increase of 16S rRNA gene abundance (log copy gene/mL) for 

taxonomic groups selected for qPCR analysis in response to 2-MN amendment. The data 

show changes in abundances between data collected during lag phase (0-35 days) and the 

exponential phase (119 and 206 days). A value greater than zero indicates increase in 

abundance from the lag phase to the exponential phase. Unamended: from incubations 

without 2-MN. Error bars represent standard error of the mean of three replicates. T-test: 

* p<0.05; **p<0.01 (log-transformed data was used).  
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The qPCR data show that of the taxa monitored, the increase in Clostridium abundance 

was coupled to the production of CH4 over time, suggesting the importance of this bacterium in 

the initial degradation of 2-MN.  These results were in agreement with previous pyrotag 

sequencing analysis of the microbial enrichment that revealed the predominance of bacterial 

members affiliated with the genus Clostridium (e.g. comprised 24% of microbial sequences, 

Chapter 5). Microbial members closely related to Clostridium genus or within the Clostridia 

class have been found to be dominant in other enrichments amended with naphthalene and 

phenanthrene (Chang et al., 2005). Other genera found in lower relative abundance in our 2-MN 

degrading culture included Desulfovibrio, Geobacter and Desulfobulbus. According to qPCR 

data, Geobacter and Desulfovibrio abundances were not significantly different between the 2-

MN-amended incubations and unamended controls. However, it is possible that Desulfovibrio 

may be acting as a syntrophic H2-utilizing partner in the 2-MN culture. This organism was 

previously shown able to switch to a syntrophic metabolism in the absence of sulfate (Meyer et 

al., 2013) and has been detected in other microbial consortia degrading hydrocarbons 

(Kleinsteuber et al., 2008; Herrmann et al., 2010; Fowler et al., 2012; Fowler et al., 2014). 

Geobacter have also been implicated in utilizing hydrocarbon intermediate products that form 

during hydrocarbon degradation (Botton et al., 2007). Although Desulfobulbus was also found in 

a low relative abundance in our culture, this organism was not targeted for qPCR. However, it 

may also play a role in downstream degradation as this bacterium has been previously associated 

with syntrophic propionate utilization (Widdel and Pfennig, 1982).  
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6.3.2 Pasteurization of 2-MN-degrading cultures 

Prior to qPCR analysis, the 2-MN-degrading culture was used to test whether a spore-

forming bacterium (e.g., Clostridium) would survive pasteurization and degrade the added PAH 

substrate. It was hypothesized that the 2-MN would be converted to CH4 if the right syntrophic 

partner(s) such as a hydrogen-utilizing methanogen (strain JF1) were present. However, the 

pasteurization results indicated that CH4 production in the enrichment cultures that were 

pasteurized and then amended with JF1 was inhibited, as they produced only 8% of the expected 

CH4 (9.5 µmol) after 295 days (Figure 6-3). In contrast, incubations that were not pasteurized, 

but received the same inoculum as the pasteurized cultures, produced 80% of the expected CH4 

(95 µmol, relative to unamended), which indicates that the 2-MN was almost completely 

degraded. Thus, it was not possible to confirm with this experiment whether Clostridium was 

responsible for the initial degradation of 2-MN as these results suggest that the bacterium 

degrading the substrate did not survive pasteurization. This is unexpected because Clostridium is 

a known spore-forming bacterium that would be expected to survive pasteurization (Yang et al., 

2009).  However, it is also possible that the enrichment culture that was pasteurized was not re-

amended with the requisite syntrophic partner(s) following pasteurization. According to pyrotag 

results from the 2-MN degrading culture (Chapter 5), H2-utilizing methanogens comprised up to 

38% of all methanogens in the culture, while acetate-utilizing methanogens had a relative 

abundance of 26%. Based on these findings, it was expected that at least one third of the 

predicted methane in the culture would be produced in the pasteurized cultures amended with 

JF1.  
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Figure 6-3. Methane production of unpasteurized (●) and pasteurized (■) methanogenic 

cultures amended with 2-MN.  Unamended cultures are shown with open symbols. Error 

bars represent standard deviation of duplicate samples. 
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Acetate measurements conducted at the end of the incubation showed that the 

unpasteurized cultures contained 0.5 mM of acetate, while the pasteurized cultures amended with 

the H2-utilizing methanogen JF1 accumulated up to 1.8 mM of acetate, showing that acetate-

utilizing methanogens were likely also needed for syntrophic conversion to methane.  Thus, a 

major reason for the “failure” of the pasteurization experiment to help demonstrate the 

importance of Clostridium in the degradation of 2-MN is likely because a methanogen able to 

utilize acetate was not present. It is also possible that pasteurization killed other important 

syntrophic bacteria that may be involved in syntrophic 2-MN degradation. Ficker et al. (1999) 

suggested that in the methanogenic degradation of toluene, an initial fermenter (Chloroflexi sp.) 

activates the hydrocarbon, and then a secondary fermenter (Desulfotomaculum sp.) converts the 

fatty acids to acetate and hydrogen for methanogens.  Thus, it is probable that in our enrichment 

culture a necessary secondary fermenter did not survive pasteurization, and methanogenesis 

could not be completed.  

 

6.3.3 Gene screening analysis 

Evidence of fumarate addition in the 2-MN and 2, 6-diMN degrading cultures was 

initially assayed by searching for benzylsuccinate synthase coding genes (bssA).  BSS is known 

to catalyze the addition to fumarate in the anaerobic activation of toluene. It is believed that 

anaerobic methylated PAH degradation occurs via an analogous reaction catalyzed by a 

naphthylsuccinate synthase enzyme (NMS). Since there were no nms primers available initially 

when this experiment was conducted, primer sets targeting bssA genes previously used to obtain 

amplicons in a methanogenic toluene degrading culture (Washer and Edwards, 2007) were used 

in this study (Table 6-2).  
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PCR conducted with bssA primer sets S1 and S3 did not result in the amplification of any 

bands (Figure 6-4), while PCR done with bssA primer set S2 resulted in the amplification of two 

bands using the genomic DNA of 2-MN and 2, 6 diMN degrading cultures (Figure 6-4). The first 

band had a similar size (~300 bp) to the positive control (T. aromatica), but it could not be 

confirmed by sequencing due to low DNA concentration (following gel purification or cloning). 

The second amplified band (smaller size) had a higher intensity (Figure 6-4), but as expected it 

did not show similarity to any benzylsuccinate synthase coding genes.  

 

 

 

Figure 6-4. Amplification of bssA genes in methanogenic cultures degrading 2-MN (A) and 

2, 6-diMN (B). The positive control shows amplification with T. aromatica (+), while the 

negative control was prepared with PCR water (-). S1, S2 and S3 correspond to the three 

primer sets that were used to target bssA genes (Table 6-2). 
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Later on, primer sets targeting genes coding naphthylmethylsuccinate synthase (NMS) 

were reported (von Netzer et al., 2013), thus they were used in PCR analysis with our PAH 

degrading cultures (Table 6-2). Amplification was not observed with primer sets S1 and S2 (data 

not shown). These primer sets were designed to target a sequence motif region present in nmsA 

genes of the cultures N47 and NaphS strains that are able to degrade PAHs under sulfate-

reducing conditions (von Netzer et al., 2013). It is possible that the nmsA genes in our 

methanogenic cultures do not share high identity to these nmsA sequences retrieved from SRB 

cultures.  However, an amplified band of the expected size (775 bp) was obtained with nmsA 

primer set S3 from the DNA of the 2-MN degrading culture (Figure 6-5A).  Further, PCR done 

with DNA of the 2, 6-diMN degrading culture resulted in the amplification of a band of smaller 

expected size (~300 bp) (Figure 6-5B). The primers S3 were designed to target bssA/nmsA 

homolog regions (von Netzer et al., 2013). Thus, it is possible that the band amplified with the 

nmsA primer set 3 in the 2,6-dMN degrading culture (Figure 6-5B) was the same as the band 

observed with the bssA primer S2 for the same culture (Figure 6-4). Amplified nmsA band 

obtained from 2-MN-degrading culture were gel excised, but the DNA concentrations were too 

low for sequencing analysis (despite repeated attempts). Thus, PCR protocols still need to be 

optimized to conclusively indicate the identity of these nmsA genes in the PAH-degrading 

cultures. 
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Figure 6-5. DNA amplification obtained with nmsA primer set 3 (S3) using A) 2-MN and B) 

2, 6-di-MN degrading cultures. Negative control (-) prepared with PCR water. No positive 

control was available.  
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In downstream conversion of 2-MN under sulfate-reducing conditions, the reduction and 

ring cleavage of 2-naphthoic acid was shown to be catalyzed via a 2-naphthoyl-CoA reductase 

pathway (Eberlein et al., 2013).  2-Methylnaphthoic and dimethylnaphthoic acids were detected 

in the cultures amended with 2-MN and 2, 6-diMN, respectively (Chapter 5).  Thus, in order to 

assess the further degradation of the PAH, 2-naphthoyl-CoA reductase genes (ncr) were sought 

in our cultures using two ncr primers sets (Table 6-2). PCR reactions did not result in the 

amplification of NCR from genomic DNA from any of the PAH-degrading cultures. Although 

the first ncr primer set was specifically designed to target SRB cultures (Morris et al., 2014), the 

second set was designed to target a broader range of bacteria (Morris et al., 2014). It is possible 

that microbes carrying the ncr genes were too low in abundance in the culture to amplify the 

targeted genes.   However, in our PAH-degrading cultures other reduced metabolites such as 

decahydro-naphthoic acid or tetrahydro-naphthoic acids, known to be formed from the reduction 

of 2-naphthoic acid, were not detected. Thus, these findings suggest that other mechanisms may 

be involved in the reductive dearomatization of naphthoic acid under methanogenic conditions. 

Future cultivation of the PAH-degrading cultures with 2-naphthoic acid or dimethyl-naphthoic 

acid as a sole carbon source may help to identify metabolites and enzymes involved in an 

aromatic compound reduction pathway under methanogenic conditions. 

In summary, 16S rRNA genes of the dominant bacterial taxa found in 2-MN degrading 

cultures were quantified. qPCR analysis showed an increase in Clostridium abundance over time  

in 2-MN amended cultures compared to unamended controls, suggesting that Clostridium plays 

an important role as a hydrocarbon degrader in the culture.  Other taxa (Geobacter and 

Desulfovibrio) did not show higher abundance compared to substrate-unamended controls. The 

possibility that other microorganisms detected at lower relative abundances in the culture 
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(Chapter 5) and not targeted by this qPCR assay should not be ruled out. Also, the significant 

increase in Bacteria abundance in the 2-MN-amended samples compared to the unamended 

controls, indicates higher bacterial growth in the cultures amended with 2-MN.  It should be 

noted that qPCR results in this study showed gene abundances of the 2-MN culture when only 

30% of the expected CH4 production was reached.  It is likely that if the cultures were incubated 

for a longer period of time, the differences in the Bacteria and Clostridium abundances would be 

even higher.  DNA-SIP analysis can help to confirm if this organism is the initial degrader in the 

culture, however this approach was not conducted in this study due to the lack of availability of 

13C-labeled 2-MN (and the high cost of its synthesis). Methanogenic culture studies with 

hydrocarbon substrates are limited by the long doubling times of these microbial consortia (e.g., 

Gray et al., 2011; Berdugo-Clavijo et al., 2012; Fowler et al., 2012). Thus, different strategies to 

enhance methanogenic activity in established enrichment cultures are currently under 

investigation in our lab.  Although the pasteurization experiment did not help to confirm the role 

of Clostridium (spore-forming bacterium) in the initial degradation of 2-MN, it revealed the 

importance of acetate-utilizing methanogens in the syntrophic conversion of PAH to methane. 

The quantification of gene copy numbers of Methanosaeta (acetate-utilizing methanogen with 

the highest relative abundance in PAH degrading enrichments) may help to determine the role of 

this methanogen in the culture.  The screening of functional genes in the culture involved in the 

initial degradation of PAH, suggested that fumarate addition is the mechanism utilized in the 

enrichment to degrade 2-MN and 2, 6-diMN as shown by the DNA amplification with nmsA 

targeting primers although we were not able to find the corresponding metabolites (Chapter 5). 

Further experiments to scale up the cultures and to develop an optimized PCR approach may 

help to obtain amplicons of higher intensities to confirm the identity of these nmsA sequences.  
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Preface 

Chapter 7 describes the activity, metabolite analysis and microbial communities 

characterized in enrichment cultures amended with naphthalene and 1-methylnaphthalene, as a 

continuation of published work described in Chapter 5, where these PAH-degrading cultures are 

initially introduced. 
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Chapter Seven: Methanogenic biodegradation of naphthalene and 1-

methylnaphthalene 

7.1 Introduction  

Polycyclic aromatic hydrocarbons (PAH) can be found naturally or released into the 

environment during the production and transportation of crude oil or coal (Preuss et al., 2003; 

Krauss et al., 2005).  Many PAHs are considered to be environmental and human health concern 

as they can be toxic and carcinogenic compounds (Sverdrup et al., 2002). A number of PAHs are 

currently known to be susceptible to microbial mineralization. Naphthalene is the simplest PAH 

that can be found in nature, but it can be more difficult to enzymatically attack due to the 

absence of a methyl or other functional group (Wilkes and Schwarzbauer, 2010). Aerobic 

biodegradation of naphthalene and other PAHs has been well studied for decades (Seo et al., 

2009), while studies on naphthalene biodegradation under anoxic conditions are more recent and 

fewer in number. In the absence of oxygen, naphthalene mineralization can take place under 

nitrate- (Mihelcic and Luthy, 1988; Rockne et al., 2000) and sulfate-reducing conditions 

(Bedessem et al., 1997; Zhang and Young, 1997; Galushko et al., 1999; Meckenstock et al., 

2000).  Iron- and manganese-reducing cultures have also been found capable of degrading 

naphthalene (Coates et al., 1996; Langenhoff et al., 1996).  The degradation of naphthalene and 

methyl substituted naphthalenes has been most often studied under sulfate-reducing conditions, 

especially in strain NaphS2 (Galushko et al., 1999) and the N47 culture (Meckenstock et al., 

2000). This thesis work has shown that 2-methylnaphthalenes can also be degraded under 

methanogenic conditions (Chapter 5). 
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Naphthalene activation was proposed to occur via initial carboxylation (Zhang and 

Young 1997; Meckenstock et al., 2000; Musat et al., 2009) or by methylation, followed by a 

fumarate addition reaction (Safinowski et al., 2006).  The hydroxylation of naphthalene to 

naphthol was also suggested as a possible mechanism to activate the naphthalene molecule 

(Bedessem et al., 1997), however, little evidence was shown to support this pathway. Based on 

the formation of putative metabolites (e.g., naphthyl-2-methylsuccinate), and the activity of 

enzymes typical of the fumarate addition pathway, it was suggested that methylation was the 

mechanism used to activate naphthalene in the SRB N47 culture (Safinowski and Meckenstock, 

2006). However, in recent years the carboxylation mechanism for naphthalene degradation has 

gained more attention.   Initially, 13C-naphthoic acid and other labeled metabolites were detected 

in a sulfate-reducing enrichment amended with 13C-bicarbonate, indicating that an initial 

carboxylation reaction was occurring during the degradation of naphthalene (Zhang and Young, 

1997). In support of this mechanism, carboxylase encoding genes were found to be upregulated 

in anaerobic cultures when exposed to benzene or naphthalene (Abu Laban et al., 2010; 

Bergmann et al., 2011). Moreover, microarray and proteomic analyses with the NaphS2 culture 

(DiDonato et al., 2010), showed that although fumarate addition genes were detected in the 

culture, naphthyl-2-methylsuccinate synthase (NMS) and most of the ß-oxidation reactions 

(BNS) subunits and genes were not upregulated when grown with naphthalene. Thus, these 

findings contradicted the occurrence of the methylation pathway in naphthalene degradation. 

Later on, Mouttaki et al. (2012) identified a naphthalene carboxylase in the SRB N47 culture, 

suggesting carboxylation was in fact the more likely mode of activation by this culture.  

Genomic and proteomic studies with the N47 and NaphS2 cultures have also revealed 

degradation mechanisms involved in the dearomatization and ring cleavage of 2-naphthoic acid 
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(naphthoyl-CoA). Naphthoyl-CoA reductase (NCR) encoding genes were expressed during the 

growth in naphthalene (DiDonato et al., 2010) and were also detected in the N47 enrichment 

(Selesi et al., 2010). Moreover, genes coding for fumarate addition enzymes such as naphthyl-2-

methylsuccinate synthase (NMS), and other genes like bns involved in the ß-oxidation of 

naphthyl -2-methylsuccinate to 2-naphthoyl-CoA were characterized in the N47 culture amended 

with 2-methylnaphthalene (Selesi et al., 2010).  Under methanogenic conditions, the 

biodegradation of naphthalene and other PAHs has been less investigated. Thus, it is not clear 

whether the same metabolic mechanisms occurring for the degradation of PAH under sulfate 

reducing conditions, can be used to metabolize PAH in the absence of electron acceptors. 

Although methanogenic aromatic hydrocarbon degradation is a low energy yielding process, 

naphthalene biodegradation was shown to be thermodynamically possible under methanogenic 

conditions (Dolfing et al., 2009).  There are a number of studies indirectly showing the 

biodegradation of PAH under methanogenic conditions (Yuan and Chang, 2007; Larsen et al., 

2009). Naphthalene loss was also observed in microbial communities from contaminated harbor 

sediments in the absence of electron acceptors (Chang et al., 2006). However, in this latter study 

incubations were amended with hydrogen gas, so it is unclear what portion of naphthalene 

actually contributed to the formation of methane. Hence, knowledge on the metabolic pathways 

and microorganisms involved in the mineralization of PAHs under methanogenic conditions is 

scarce.  

In order to test the ability of microbial communities to biodegrade PAHs under 

methanogenic conditions, microbial cultures previously shown to degrade crude oil components 

under methanogenic conditions (Townsend et al., 2003; Gieg et al., 2008), were amended with 

various two ringed PAHs.  In Chapter 5 enrichment cultures able to metabolize 2-
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methylnaphthalene and 2, 6-dimethylnaphthalene were described.  Initially, cultures amended 

with naphthalene and 1-methylnaphthalene (1-MN) did not produce substantial amounts of CH4 

relative to controls (Chapter 5).  However, in this chapter, we show that after long incubation 

periods and transfers, these more chemically stable PAHs (Naph and 1-MN) were also 

metabolized under methanogenic conditions.  Further, in this study we show the methanogenic 

activity of a naphthalene-amended culture, and the formation of several metabolites present in 1-

MN- and naphthalene-amended cultures relative to controls. In addition, the microbial 

community characterization of the two PAH degrading cultures is described.  

  

7.2 Methods 

7.2.1 Enrichment cultures  

The inoculum used in these experiments was originally obtained from an anaerobic 

microbial culture able to degrade n-alkanes in crude oil (Townsend et al., 2003; Gieg et al., 

2008). The initial incubations amended with naphthalene and 1-MN were prepared as previously 

described in chapter five, briefly by adding 3 mL of resuspended cells from the original culture 

to 60 mL of sterile anoxic mineral medium (Figure A-1) flushed with N2 / CO2 (90:10). 

Incubations were amended with 8 mg of naphthalene or 10 mg of 1-MN pre-adsorbed in 0.3 g of 

resin (Amberlite XAD-7) as described by Morasch et al. (2001). The medium was reduced with 

2.5% cysteine-HCl ̶ 2.5% Na2S solution (2 mL/100 mL). After 140 days of incubation, these 

enrichments produce lower or equal amounts of CH4 relative to controls that were not amended 

with the PAH (Chapter 5). In order to test whether the cultures were able to utilize naphthalene, 

new transfers (10%) were prepared and amended with 3 mL of HMN containing 7.5 mg of 
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naphthalene in 70 mL of anoxic mineral medium described above. Transfers were incubated at 

30℃ to enhance microbial activity.  

 

7.2.2 Naphthalene loss 

Naphthalene loss in the cultures was determined by sampling ~ 0.1 mL of the HMN layer 

and injecting 1 µL onto a GC-FID system (Agilent 7890A).  The GC was equipped with a HP-5 

capillary column (30m × 320µm × 0.25µm; Agilent). The oven was held at 50℃ for 2 min, 

increased at a rate of 7℃ / min to 140℃, and held at this temperature for 3 min. The injector was 

held at 275℃ in split mode (50:1), and the detector was held at 300℃. Naphthalene 

concentrations were determined based on calibration curves prepared from naphthalene standards 

of known concentrations, which were run every time naphthalene was measured.  

 

7.2.3 Metabolite analysis 

Putative metabolites formed during the degradation of naphthalene or 1-MN were 

examined in the enrichment cultures by subsampling 50 mL of culture supernatant at different 

time points, or by using the whole volume of a sacrified culture. Liquid samples from the 

microbial cultures were acidified with HCl (pH 2) and extracted with 3 volumes of ethyl acetate.  

The extracted organic layers were initially concentrated by rotary evaporation at 60℃, and under 

a stream of N2 to a volume of approximately 50 or 100 L. Concentrated samples were then 

reacted with an equal volume of BSTFA (Thermo Scientific, Waltham, MA) to form 

trimethylsilyl (TMS) esters. Extracted samples were injected and analyzed using a GC (Agilent 

7890A) with a HP-5MS column (50 m × 0.25 mm × 0.25 µm; Agilent) and equipped with a mass 

selective detector (Agilent 5975C). The oven temperature was held at 45℃ for 5 min, increased 
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to 270℃ at a rate of 4℃/min, and then held for 5 min. The injector was held at 270℃ and 

operated in split mode (50:1). In some cases, injections were made in splitless mode to obtain 

maximum sensitivity for metabolite detection.   

 

7.2.4 13C-bicarbonate incorporation  

To test whether carboxylation was the mechanism involved in the initial microbial 

activation of naphthalene, new incubations were prepared with 13C-bicarbonate, as a co-

substrate. A microbial pellet from an established naphthalene-degrading culture was collected by 

centrifugation at 12 000 × g for 10 min, and resuspended in fresh anoxic mineral salts medium. 

Collected biomass (5 mL) was distributed into 70 mL of sterile anaerobic medium that was 

buffered with 25 mM of HEPES instead of bicarbonate, and flushed under N2.  Incubations were 

amended with 3 mL of a HMN layer containing 7.5 mg of naphthalene, and 23 mM of 

NaH13CO3 (Cambridge Isotope Laboratories Inc., Andover, MA, USA). Cultures were incubated 

at 22℃ for over a year and metabolites were extracted and analyzed by GC-MS in the same way 

as described above.  

 

7.2.5 DNA extraction and sequencing analysis 

Liquid samples (4 mL) from the naphthalene and 1-MN degrading cultures were 

collected, and their cell pellets centrifuged at 17 000 × g for 5 minutes. Genomic DNA was 

isolated using a commercially available kit (FastDNA Spin Kit for Soil; MP Biomedicals) and 

quantified with a Qubit Fluorometer using a dsDNA HS assay kit (Invitrogen, Carlsbad, USA). 

The 16S rRNA genes from isolated DNA were PCR amplified using a two round PCR method of 

25 and 10 cycles.  For the initial PCR method, universal primers 926F and 1392F (as described 
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in Chapter 5) were used at the following conditions: 95 °C, 3 min; 25 cycles of 95°C 30 s, 55°C 

45 s, 72°C 90 s; 72°C 10 min; final hold at 4°C. For the 10-cycle PCR method FLX Titanium 

amplicon primers 454T-RA and 454T-FB (20 pmol L-1) were used. PCR products were purified 

with a MP purification kit (MP Biomedicals, Santa Ana, USA) and then quantified with a Qubit 

flourometer (Invitrogen, Carlsbad, USA). Prepared DNA was sent to McGill University and 

Genome Quebec Innovation Centre for pyrotag sequencing analysis with a GS FLX Titanium 

Series kit (Roche Diagnostics Corporation). Sequencing data was analyzed using an in-house 

SSU rRNA pipeline data system (Phoenix 2) as described by Soh et al. (2013).  For this study 

taxonomic annotation results done with RDP classifier on the Silva SSU rRNA database were 

used at 5% cutoff clustering distance. 

 

7.2.6 Screening for functional genes 

Functional genes involved in the degradation of PAHs by fumarate addition (nmsA) or 

carboxylation were assayed for by PCR in isolated DNA from enrichment cultures amended with 

naphthalene. PCR amplification was conducted using three available primer sets (von Netzer et 

al., 2013) targeting fumarate addition genes coding naphthylmethylsuccinate synthase (NMS), 

nmsA1F (TCGCCGACAATTTCGAYTTG), nmsA2F (TTCGAYTTGAGCGACAGCGT) and 

nmsA3F (CAAYGATTTAACCRACGCCAT) with the reverse primer nmsAR 

(TCGTCRTTGCCCCAYTTNGG). The PCR reaction (50 µL) with nmsA primer was conducted 

with the following program: initial denaturation at 95°C, 3 min; 35 cycles of 94°C 30 s, 

annealing at 58°C 30 s, 72°C 1 min; final extension at 72 °C 5 min, and final hold at 4 °C. DNA 

was also screened with a primer set designed in our lab (Dr. Jane Fowler, unpublished) to target 
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benzylcarboxylase coding genes, benCarbF (GTGGTCTTCGCACCGTTAAT) and benCarbR 

(TCTCCGGTAACTGGGTGTTC). The PCR reaction (25 µL) with the carboxylase primers was 

run with the following program: denaturation at 95°C, 5 min; 25 cycles of 95°C 30 s, annealing 

at 54°C 45 s, 72°C 40 min; final extension at 72°C 7 min; final hold at 4°C.  

 

7.3 Results 

7.3.1 Methanogenic activity of the PAH-degrading cultures 

Methane production was enhanced in the naphthalene-amended incubations relative to 

unamended controls (Figure 7-1) and after incubation at 30℃. After 320 days of incubation, 

methane production in the cultures amended with naphthalene produced up to 120 µmol of CH4 

relative to controls without naphthalene.  According to stoichiometric calculations (Table 7-1), 

the cultures produced 37% of the expected methane for the complete degradation of the substrate 

(56 µmol). Even though CH4 production was also observed in the “substrate unamended 

controls”, naphthalene was shown to be depleted in those incubations amended with the PAH. 

Stoichiometric calculations indicated (Table 7-1) that the amount of naphthalene that was 

consumed was in agreement with the amount of methane produced in the naphthalene-amended 

cultures (relative to unamended control).  It was hypothesized that the CH4 produced in the 

“substrate-free” controls was formed from the degradation of the cysteine that was added to the 

medium as a reducing agent. From the amount of cysteine added to these incubations (286 

µmol), it was calculated that 357 µmol of CH4 could be produced (Table 7-2).  In the “substrate-

free” controls up to 236 µmol of CH4 were observed corresponding to 66% of the CH4 predicted 

from the degradation of the added cysteine. However, cysteine loss was not monitored to 

conclusively confirm that CH4 produced in the controls was formed from cysteine utilization.  
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Other possible carbon sources in the medium could be small amount of naphthalene likely 

introduced into the “substrate-free” controls from the inoculum during the transfer of the culture. 

GC-MS analysis revealed that about a third of the naphthalene amended in the cultures was 

present in the incubations labelled as “substrate-free” controls. Thus, from this amount of 

naphthalene up to 117 µmol of CH4 should be produced. It is also possible that the microbial 

culture might be utilizing dead biomass accumulated in the culture after various transfers. 

Further studies are necessary to conclusively confirm the reason for the methane production in 

the substrate-unamended controls. Nevertheless, for the following transfers the cysteine used as a 

reducing agent in the medium was replaced with Na2S in all the PAH-degrading cultures.  
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Figure 7-1. Methane production from incubations amended with naphthalene (blue), 

“substrate-unamended” controls (red) and sterile controls (black).  Error bars were 

calculated from standard error of duplicate incubations. 
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Table 7-1. Stoichiometry of naphthalene degradation coupled to methane production. 

Calculations based on the results from duplicate samples. 

320 days 20.5 ±6 334 ±26 356 ±30 120 ±22 36.8 ±9

a Based on the amount of substrate amended (7.1 ±0.5 mg; 56 ±4 µmol naphthalene)

b Calculated by substracting the amount of CH4 observed in unamended from the total CH4 in amended 
C From the amount of naphthalene loss

Predicted CH4 

recovered (%)C

C10H8 + 8H2O → 6CH4 + 4HCO3
- + 4H+

Incubation time 

Naphthalene loss 

(µmol)a Expected CH4 (µmol)
Total CH4 in 

amended (µmol)

Calculated CH4 in 

amended (µmol)b  

 

 

 

Table 7-2. Stoichiometry of cysteine degradation coupled to methane production. 

Calculations based on the results from duplicate samples. 

320 days 357 236 ±8 66
a Based on the amount of cysteine amended (35 mg; 286 µmol)

Observed CH4 in 

controls (µmol)
Incubation time Expected CH4 (µmol)a Predicted CH4 

recovered (%)

4C3H8O2SN+ + 6H2O → 5CH4 +7CO2 + 4NH4
+ + 4 H2S
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The microbial enrichment amended with 1-MN was also stimulated by incubation at 30℃ 

(Figure E-1), but the CH4 production rate of the enrichment was still low (0.08 µmol CH4 /day) 

compared to the CH4 production rate of the naphthalene-degrading culture (0.96 µmol CH4/day).  

This was in accordance to previous studies with methanogenic enrichments that reported an 

increased PAH removal when incubations were grown at higher temperatures (Trably et al., 

2003; Christensen et al., 2004). 

 

7.3.2 Metabolites in PAH-degrading cultures 

Despite the slow growth of 1-MN degrading incubations, those bottles with the highest 

CH4 production were subject to metabolite extraction. GC-MS analysis of the extracts obtained 

from this culture revealed the presence of a metabolite (Figure 7-2) that matches the MS profile 

and retention time of a 1-naphthoic acid standard. This compound was not found in extracts from 

controls.  2-Methylnaphthoic acid was detected in sulfate-reducing cultures able to degrade 

naphthalene and 2-methylnaphthalene (Zhang and Young, 1997; Meckenstock et al., 2000), and 

we previously detected 2-naphthoic acid in methanogenic cultures able to degrade 2-MN 

(Berdugo-Clavijo et al., 2012). Thus, our result shows that 1-methylnaphthoic acid is formed 

from 1-MN, indicating that despite the long doubling time of the culture (based on low CH4 

production rates), the enrichment was able to biotransform 1-MN. 
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Figure 7-2. Mass spectral profiles (analyzed as TMS esters) of 1-naphthoic acid authentic 

standard (A) and a tentatively detected naphthoic acid in the 1-MN-degrading culture (B).  
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Repeated extractions of supernatants from cultures amended with naphthalene were 

conducted to identify putative metabolites that may be formed during the degradation of 

naphthalene by carboxylation or methylation reactions (Figure 7-3).  Naphthoic acid (IV) or 

methylated naphthalene (II) were not detected in samples extracted from the naphthalene-

degrading culture. Also, metabolites associated with the fumarate addition pathway such as 

naphthyl-2-methylsuccinate (III) were not detected in the extracted samples from the 

naphthalene-amended culture. Naphthol (I) was detected in various extractions, but it was also 

found in sterile controls containing naphthalene, indicating the abiotic formation of this 

compound.  However, GC-MS analysis revealed the presence of various compounds that were 

not found in sterile or unamended controls, and thus may be metabolites formed during the 

anaerobic degradation of naphthalene under methanogenic conditions (Table 7-2).  For example, 

a cyclohexane-diacid compound (C11H14O4-diacid) was tentatively detected in the culture. This 

metabolite was 2 mass units lower than a C11H16O4-diacid detected in a sulfate-reducing culture 

able to degrade naphthalene (Annweiler et al., 2002) (Figure 7-3, compound X).  It is 

hypothesized that C11H14O4-diacid (in our culture) formed from the reduction of 5,6,7,8-

tetrahydro-2-naphthoic acid (V). However, the latter metabolite or the further degradation 

product, octahydro-naphthoic acid (VI) were not detected in the extracts from the naphthalene-

degrading culture. A metabolite with the mass spectral profile of decahydro-2-naphthoic acid 

(m/z 254, 239, Figure 7-3, compound VII) was tentatively detected, but the retention time of this 

compound was found a minute higher than that of the authentic standard, suggesting that it is a 

possible stereoisomer. In addition, a monoaromatic compound with MS fragments similar to 

hydroxyl-methylbenzoic acid (Table 7-2), was also detected in some extracted samples.  
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Figure 7-3. Proposed metabolic pathways for the initial biodegradation of naphthalene 

based on prior studies with sulfate-reducing cultures (Bedessem et al., 1997; Annweiler et 

al., 2002; Safinowski and Meckenstock, 2006).  I) naphthol, II) methylnaphthalene, III) 

naphthyl-2-methylsuccinate, IV) 2-naphthoic acid V) 5,6,7,8-tetrahydro-naphthoic acid, 

VI) octahydro-naphthoic acid, VII) decahydro-naphthoic acid, VIII) hydroxy-decahydro- 

naphthoic-acid, IX) oxo-decahydro-naphthoic acid, X) C11H16O4-diacid, XI) 

carboxycyclohexyl acetic acid. Metabolites VIII and IX have not been detected in cultures 

(theoretical).  
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Table 7-3. Metabolites detected in extracts from microbial cultures amended with 

naphthalene and 1-MN  

Characteristic m/z Naph 1-MN Tentatively identified  metabolite

73, 127, 155, 185, 229, 244 X 1-naphthoic acid

73, 129, 145, 161, 176, 189, 239, 254 X Decahydronaphthoic acid

73, 103, 129, 178, 251, 339, 354 X C11H12O4-diacid

73, 147, 195, 207, 237, 281, 296 X Hydroxy-methylbenzoic acid

73, 111, 147, 173, 201, 213, 228 X unknown

73, 91, 129, 147, 192, 279, 294 X unknown

Metabolite detected in enrichments
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These findings suggests the occurrence of two possible metabolic mechanisms in the 

reduction of the aromatic ring of naphthalene via formation of a cyclohexane ring structure with 

two carboxylic acids (Figure 7-4A) or via the benzoyl-CoA pathway (Figure 7-4B) possibly from 

the reduction of 1,2,3,4 tetrahydro-2-naphthoic acid. Annweiler et al. (2002) suggested that the 

ring cleavage of the naphthoic acid structure from naphthalene degradation proceed via the 

formation of  5,6,7,8-tetrahydro-2-naphthoic acid that was further reduced to a cyclohexane ring 

with two carboxylic acid side chains. In fact, a naphthoyl-CoA-reductase enzyme (NCR) has 

been identified (Selesi et al., 2010) and characterized (Eberlein et al., 2013) in the N47 culture. 

As genes involved in the anoxic benzoate degradation (bamB to bamI) were not detected in the 

culture, it was concluded that a monocyclic reduction (e.g. benzoyl-CoA pathway) does not 

occur in N47 (Selesi et al., 2010).  In contrast, DiDonato et al. (2010) identified reductases in the 

NaphS2 culture that showed similarity to some Bam subunits, suggesting a benzoate metabolism.  

Other compounds with fragment ions indicative of silylated metabolites  (e.g., m/z M+-15 and 

other key fragment ions (e.g.,73)) were detected in the extracts of naphthalene-degrading 

enrichments (not in controls), but their identity remains unknown (Table 7-2).  
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Figure 7-4. Proposed metabolic routes involved in the degradation of naphthalene and 

reduction of naphthoic acid (naphthoyl-CoA) based on detected metabolites via 

cyclohexanoic acid formation (A) or benzoyl-CoA pathway (B).  Stars indicate the 

metabolites that have been tentatively identified in the methanogenic naphthalene-

degrading culture.  
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Experiments with 13C-bicarbonate were conducted with actively growing enrichments to 

test for the incorporation of COO- to naphthalene as an indication of the carboxylation pathway 

(Figure 7-3). 13C-labeled metabolites were not found in enrichment cultures amended with 13C-

bicarbonate after repeated incubations and extractions, suggesting that carboxylation is not 

involved in the initial activation of the naphthalene in the enrichment culture described here. 

Again, it is possible that the products were formed, but they were too low (< 2 nmol) to be 

detected by GC-MS analysis.  Metabolite detection in methanogenic enrichment cultures can be 

limited by the low biomass and slow degradation rate of the enrichments. Enhancing the CH4 

production in the naphthalene culture may help to accumulate microbial products and contribute 

to identifying putative metabolites. 

 

7.3.3 Functional gene analysis 

In accordance with the metabolite analysis, DNA amplification from enrichment culture 

amended with naphthalene was not observed with primer sets targeting fumarate addition genes 

(nmsA), suggesting that methylnaphthalene, expected to be formed from the methylation of 

naphthalene (Safinowski and Meckenstock, 2006), was not activated via fumarate addition. More 

specifically, these findings show that methylation was probably not the mechanism used in the 

initial activation of naphthalene. A carboxylation reaction was previously demonstrated for the 

degradation of naphthalene under sulfate-reducing conditions (Zhang and Young, 1997), thus in 

this study the presence of carboxylase genes in the culture amended with naphthalene was 

assayed. No DNA amplification was observed using carboxylase primers. Although primers used 

in this study were designed to target benzyl carboxylase coding genes found in a toluene 

degrading methanogenic enrichment, they were expected to amplify DNA with our naphthalene 
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culture. Bergmann et al. (2011) found that the protein sequence of a naphthalene carboxylase 

alpha-subunit detected in the N47 culture was 48% identical to a benzene carboxylase sequence, 

and 45% similar to a phenylcarboxylase sequence. It is possible that the primers used in this 

study were not specific enough to amplify the naphthalene carboxylase coding genes in the 

culture. However, our gene analysis results were in agreement with metabolite analysis 

conducted with the 13C-bicarbonate-amended incubations that shows no evidence of 

carboxylation metabolites formed in the naphthalene-amended culture. Thus, these findings 

suggest that carboxylation was not the initial activation mechanism for the degradation of 

naphthalene in our culture.  However, it is still important to test whether specific naphthalene 

carboxylase coding genes are present or not in the PAH-degrading culture to conclusively rule 

out carboxylation reaction occurring in the culture.  Specific primers can be designed based on 

previously identified sequences (if available) of naphthalene carboxylases obtained from a 

combination of proteomic and genomic analyses (Bergmann et al., 2011) on a sulfate-reducing 

culture N47 able to degrade naphthalene.  

 

7.3.4 Microbial community analysis 

The enrichments amended with naphthalene or 1-MN had a similar microbial community 

composition. At the phylum level (Figure 7-5), the communities were dominated by members of 

the Firmicutes, followed by Euryarchaeota and Proteobacteria. Other phyla detected at a lower 

abundance included Synergistetes, Chloroflexi, Spirochaetes, and Bacteriodetes. Firmicutes, 

specifically members of the Clostridia class have previously been found to dominate in 

methanogenic enrichments able to degrade aromatic hydrocarbons such as toluene, naphthalene, 

and phenanthrene (Chang et al., 2005; Yuan and Chang, 2007; Fowler et al., 2012). The 
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importance of the Firmicutes has also been noted in a survey conducted with over 3000 16S 

rRNA sequences from 26 different hydrocarbon-related communities (Gray et al., 2010), here 

sequences belonging to the Firmicutes phylum were the most frequently detected.  

 

 

 

 

Figure 7-5. Microbial community of methanogenic cultures amended with naphthalene 

(Naphth) and 1-MN assayed by pyrotag sequencing. Percentages are based on the number 

of reads (≥ 0.1%) identified at the phylum level. 
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At the genus level, microbial members most dominant in both enrichment cultures were 

mainly organisms affiliated with the genus Clostridium (Table 7-3). A number of studies have 

directly identified hydrocarbon-degraders within the Firmicutes phylum. Winderl et al. (2010) 

observed using DNA-SIP analysis that Desulfosporosinus (within Clostridiales order) was the 

main toluene-degrader in a community of iron- and sulfate-reducing bacteria from a 

contaminated aquifer. RNA-SIP along with RT-qPCR analyses revealed that Desulfosporosinus 

was the toluene-degrader in a methanogenic toluene-degrading consortium (Fowler et al., 2014). 

The same phylotype was also detected by DNA-SIP in another toluene-degrading enrichment 

growing under methanogenic conditions (Sun et al., 2014). Other Firmicutes members that were 

found in the enrichments in lower relative abundances include Anaerobacter and an unidentified 

member of the order Ruminococcaceae (Table 7-3). However, these organisms more likely play 

a role as secondary fermenters or scavengers (Kleinsteuber et al., 2012). Furthermore, 

Desulfobulbus and Smithella genera were found in higher relative abundance in the 1-MN 

amended culture (Table 7-3).  Organisms within Desulfobulbaceae have been detected in 

benzene-degrading cultures under sulfate- and iron- reducing conditions (Kunapuli et al., 2007; 

Herrmann et al., 2010). Also, a strain of the Desulfobulbaceae family was shown to degrade 

toluene within a syntrophic coculture (Meckenstock, 1999). However, members of this taxon are 

also known to utilize H2 and grow in syntrophy with hydrocarbon degraders (Kleinsteuber et al., 

2012). Members of the family Syntrophaceae including Smithella and the close relative 

Syntrophus have been identified by DNA-SIP or qPCR analyses as alkane (Gray et al., 2011; 

Cheng et al., 2013) or benzene (Sakai et al., 2009) degrading organisms.  It is possible that 

Smithella was the organism activating 1-MN in the enrichment culture, however this has to be 

further evaluated as Clostridium had a much higher relative abundance in the culture.  Other 
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bacterial members found in lower abundance in the two microbial enrichments were Geobacter 

and Desulfovibrio (Table 7-3), which may be playing a role as synthrophs within the microbial 

consortia.  Furthermore, Proteiniphilum was found in low relative abundance (~0.1%) in both 

enrichment cultures. Although members of this genus are commonly known as a protein-utilizing 

bacterium, Proteiniphilum has also been associated with PAH biodegradation. Proteiniphilum 

acetatigenes was isolated from activated sludge from a wastewater treatment plant, and was used 

to remediate PAHs (Larsen et al., 2009). This may suggest that Proteiniphilum may play an 

important role in naphthalene-degradation, however other approaches are necessary to arrive to 

this conclusion as no other studies have reported the ability of this bacterium to degrade PAHs. 

Methanogens were also an important part of the community in the enrichment cultures.  The 

most predominant methanogen member in both cultures was affiliated to the genus 

Methanosaeta, an acetate-utilizing methanogen (Table 7-3).  In the naphthalene-degrading 

culture the genus with the next most relative abundance (14%) was Methanoculleus, a hydrogen-

utilizing methanogen.  The methanogen Methanomethylovorans was found in lower abundance 

in the 1-MN-degrading culture. These results suggest the importance of acetate metabolism in 

the enrichment cultures amended with naphthalene or 1-MN.  
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Table 7-4. Phylogenetic affiliations of microbial reads assessed by pyrotag sequencing 

analysis of 16S rRNA genes in the 1-MN and naphthalene (Naph) degrading cultures. 

Percentages are based on the number of reads (≥ 1%) identified at the genus level.   

Lineage

Sample 1-MN Naph

Clostridium 66.71 43.58

Methanosaeta 26.45 30.17

Methanomethylovorans 0.93 <0.1

Methanoculleus 0.87 14.76

Geobacter 0.45 0.66

Desulfobulbus 0.28 <0.1

Methanobacterium 0.26 1.94

Desulfovibrio 0.24 1.38

Smithella 0.18 <0.1

Proteiniphilum 0.16 0.13

Anaerobacter 0.12 <0.1

Spirochaeta <0.1 0.26

Syntrophorhabdus <0.1 0.13

Desulfuromonas <0.1 0.10

% of microbial reads 
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7.4 Discussion 

In this work, enrichment cultures able to degrade naphthalene and 1-MN were 

established. The enrichments amended with 1-MN showed a lower methane production rate than 

the cultures growing with naphthalene. However 1-naphthoic acid was formed from the 

degradation of 1-MN, as an indication that this PAH was biotransformed. Reports on anaerobic 

degradation of 1-MN are very scarce. Kleemann and Meckenstock (2011) showed an iron-

reducing culture (N49) enriched from sediments of a tar-oil contaminated site that was able to 

utilize 1-MN. However, the N47 SRB culture enriched from the same site, and able to degrade 2-

MN, was not able to utilize 1-MN (Meckenstock et al., 2000). To our knowledge, the 

biodegradability of 1-MN compared to the isomer 2-MN has not been investigated. According to 

our results, the low CH4 production rate observed in the culture amended with 1-MN compared 

to the culture amended with 2-MN (Chapter 5), suggests that 1-MN is harder to activate than 2-

MN under methanogenic conditions. 

In this study, the loss of naphthalene coupled to methane production was also 

demonstrated.  Initially, this enrichment did not produce higher amounts of CH4 relative to the 

controls (Chapter 5). However, after transferring and incubating the culture at a slightly higher 

temperature (30℃), the methanogenic activity of this enrichment was enhanced (Figure 7-1).  

Although putative metabolites characteristic of proposed metabolic pathways (e.g., carboxylation 

or methylation) were not detected in the cultures, compounds formed from the reduction of the 

naphthoic acid ring via benzoyl-CoA or cyclohexanoic acid pathways were tentatively identified.  

Firmicutes, specifically members of the Clostridium genus, dominated the microbial community 

in both cultures, suggesting the role of this organism in the degradation of naphthalene and 1-

MN. Also, the high relative abundance of acetate-utilizing methanogens (Methanosaeta) 
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suggests the importance of acetate metabolism in the enrichments. These microbial community 

results align with those found for 2-MN and 2, 6-diMN methanogenic degradation (Chapter 5). 

While pyrotag sequencing showed a general characterization of the communities in the 

enrichments, other approaches such as qPCR and SIP would help to specifically identify the key 

organisms in the naphthalene amended cultures. In addition, it is expected that further analysis 

with larger incubation samples (at least 500 mL) will help to identify key metabolites in the 

degradation of naphthalene and elucidate main metabolic pathways.   
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Chapter Eight: Conclusions and future directions  

The main goal of this dissertation work was to investigate the methanogenic 

biodegradation of crude oil components with an emphasis on PAH.  Three main objectives were 

established to guide this work: 1) Identify and characterize metabolic mechanisms involved in 

crude oil and PAH biodegradation under methanogenic conditions, 2) Characterize microbial 

communities and key microorganisms involved in methanogenic degradation of crude oil and 

PAH, and 3) assess the feasibility of microbial communities to bioconvert hydrocarbon 

components into methane in marginal oil reservoir-simulating systems. These objectives were 

executed using different approaches including establishing hydrocarbon degrading cultures, 

hydrocarbon metabolomics, 16S rRNA pyrotag gene sequencing, and molecular biology methods 

(e.g., cloning, PCR, and qPCR analysis). 

 

8.1 Key findings and conclusions 

The study of microbial communities exposed to hydrocarbon-laden environments such as 

crude oil contaminated areas or petroleum reservoirs, allows for the investigation of hydrocarbon 

biodegradation processes occurring in the environment. Methanogenic consortia enriched from 

produced waters of a low temperature oil reservoir were found to be capable of utilizing light and 

heavy crude oil components (Chapter 3).  Metabolites known to be formed under anoxic 

conditions during the activation and further degradation of n-alkanes and monoaromatic 

hydrocarbons were identified in the enrichments. In addition, the results showed that the 

enrichment culture amended with light oil can activate alkanes and aromatic hydrocarbons via 

the addition of fumarate (indicated by the detection of bssA and assA genes and alkylsuccinic 
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acids). In the latter enrichment the most dominant bacterial phylotype was closely related to 

Smithella, which has been associated with alkane degradation in other methanogenic cultures. 

The assA gene identified in our enrichment culture showed high sequence identity to published 

assA gene identified in the genome of Smithella, which is able to degrade branched alkanes (Tan 

et al., 2013; Tan et al., 2014).  This suggests that Smithella is likely able to degrade the alkane 

compounds in our enrichment culture amended with light oil.  Crude oil bioconversion to CH4 

was further investigated in sandstone-packed column systems simulating sediment rock 

reservoirs (Chapter 4). Three tested microbial inocula incubated in sandstone-packed columns 

showed enhanced levels of CH4 compared to controls and corresponding to the loss of several 

hydrocarbon components in crude oil. The enrichment culture developed from produced waters 

(Chapter 3), stimulated the highest CH4 production in the columns. Also, this work showed that 

the composition and abundance of microbial communities growing in planktonic systems 

(cultures) were different from the microbes enriched in communities growing in sessile 

environments (sandstone-packed columns).  Surprisingly, microorganisms commonly found in 

aerobic environments (e.g., Pseudomonas and Halomonas) were enriched in the columns despite 

incubation under strict anoxic conditions. Further, the high relative abundances of Pseudomonas 

and Methanoculleus (H2-using methanogen) in the columns amended with the produced water-

derived oil-degrading culture suggests the ability of these organisms to grow syntrophically in a 

consortium.   

In addition to studying methanogenic biodegradation with whole crude oils, this work 

explored the metabolism of PAH under methanogenic conditions. From a crude oil-degrading 

culture established from the sediments of a contaminated aquifer (Gieg et al., 2008), microbial 

cultures able to degrade 2-ringed aromatic compounds including methylnaphthalene isomers (2-
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MN, 1-MN and 2, 6-diMN) and naphthalene (Chapter 5 and Chapter 7) were established. 

Methanogenic activity along with mass balance calculations allowed us to characterize these 

cultures.  Naphthoic acids, considered central metabolites in PAH degradation, were detected in 

the cultures amended with methylnaphthalenes. Although fumarate addition metabolites were not 

found in these cultures, nmsA and bssA genes coding for enzymes catalyzing the addition of 

fumarate were amplified in the 2-MN and 2, 6-diMN-amended cultures (Chapter 6), suggesting 

that this mechanism is possible during methanogenic PAH metabolism.  According to the 

microbial characterization of the cultures, key organisms in the enrichments belonged primarily 

to the phyla Firmicutes, Proteobacteria, and Euryarchaeota (based on their high relative 

abundances).  In the 2-MN and 2, 6-diMN amended enrichments, methanogens related to 

Methanosaeta and Methanoculleus were dominant and present in similar abundances, thus both 

acetate- and hydrogen-utilizing methanogens may be playing an important role in the syntrophic 

metabolism of the 2-ringed PAH. In addition, all the PAH-degrading enrichments from this study 

were dominated by organisms closely related to Clostridium (Chapter 5 & Chapter 7). Further 

qPCR analysis with the 2-MN amended culture showed that an increase in the abundance of 

Clostridium over time was coupled to the production of CH4 (Chapter 6), suggesting that this 

bacterium is a key hydrocarbon degrader in this enrichment.  

In summary, the work presented in this thesis has contributed with new knowledge to the 

field of anaerobic hydrocarbon biodegradation. Notably, the work conducted here has: 1) 

established new methanogenic enrichment cultures able to degrade a variety of PAHs and crude 

oil components allowing for the study of hydrocarbon metabolism, 2) directly demonstrated the 

biodegradation of two-ringed PAHs in the absence of electron acceptors, using the model 

hydrocarbons naphthalene, 2-MN, 2,6-diMN and 1-MN, 3) provided proof of principle for the 
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microbial conversion of crude oil to methane in sandstone column systems simulating oil 

reservoirs, giving insight of the microbial communities that are able to grow in this system while 

metabolizing crude oil, 4) identified microorganisms involved in PAH and crude oil degradation 

under methanogenic conditions, and 5) identified metabolites and genes potentially involved in 

the methanogenic biodegradation of alkanes, monoaromatic hydrocarbons, and PAH. 

 

8.2 Future directions  

The methanogenic biodegradation of hydrocarbon compounds, especially the metabolism 

of alkanes and PAH, is only starting to be explored. Thus, there is still a wide research potential 

to improve our understanding of how microbial consortia are able to metabolize different 

hydrocarbon components when electron acceptors are scarce or absent.   From the work 

conducted in this dissertation, the following future research directions are proposed:  

 

8.2.1 Further investigation of the fumarate addition reaction 

Although fumarate addition genes (e.g., assA and bssA) were identified in a culture 

amended with light oil, the demonstration that these genes are transiently increasing over time 

when growing with hydrocarbons will add a stronger evidence of the role of the glycyl radical 

enzymes in catalyzing hydrocarbon metabolism under methanogenic conditions. Thus, the 

specific quantification and expression of the assA and bssA genes overtime by RT-qPCR analysis 

specifically amended with a model n-alkane (e.g., hexane) and/or a mono-aromatic hydrocarbon 

(e.g., toluene) is suggested as a future approach to continue the investigation of this enrichment.  
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8.2.2 Investigation of microbial sessile communities  

Facultative anaerobic bacteria, especially Pseudomonas and Halomonas, were enriched 

in strictly anoxic communities growing in sandstone-packed columns. Thus, it is suggested that 

the proliferation of these organisms in porous rock environments (e.g. sandstone) is related to the 

ability of these microbes to form biofilms. The sessile growth of Pseudomonas or Halomonas, 

and their ability to form biofilms can be further evaluated on the same culture used to inoculate 

the sandstone-column, by using fluorescence microscopy. Testing the activity of the oil-

degrading culture in an oil reservoir-like environment will also help to investigate whether a 

syntrophic relationship between Pseudomonas and methanogens is possible in a strictly anoxic 

system.  

 

8.2.3 Expanding our knowledge on methanogenic PAH activation 

Identifying the main mechanisms of hydrocarbon activation that are occurring in the 

PAH-degrading cultures would be of great importance to advance in the area of anaerobic 

hydrocarbon degradation. The information gained in this study (e.g. via gene analysis) suggests 

that the methanogenic activation of 2-ringed PAHs (e.g., 2-MN and 2, 6-diMN) can possibly 

occur via fumarate addition.  If the presence of nmsA encoding gene(s) is conclusively confirmed 

(by PCR optimization, sequencing, and BLAST), it is proposed that reverse transcriptome-qPCR 

should be used to determine whether the nmsA gene is expressed and if it increases over time in 

the 2MN-degrading cultures.  Also, it is believed that obtaining a metagenome of the 2-MN-

degrading culture will provide a great advantage to understanding the genetic capabilities of the 

culture able to degrade PAH under methanogenic conditions.  
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In the culture amended with naphthalene, the metabolite analysis conducted with the 13C-

bicarbonate experiment did not show evidence that the initial activation mechanism for 

naphthalene was via carboxylation. However, no evidence of other activation pathway was 

found. Developing carboxylase primers, based on the carboxylase-protein sequences recently 

obtained in the SRB N47 culture (Mouttaki et al., 2012) for PCR analysis will help to confirm if 

the carboxylation pathway can occur in the naphthalene-amended culture. Also, as 13C-

naphthalene is more commercially available that the other 2-ring PAH (e.g., 2-MN), it is 

proposed that a DNA-SIP approach can be conducted with this substrate to confirm if 

Clostridium (bacterial OTU with the highest abundance in the culture) is the main degrader in 

the culture amended with naphthalene or other PAHs.  

In addition to identifying the organism(s) that activate PAH in our enrichment cultures, it 

is important to investigate the role of specific methanogens (acetate or H2-utilizers) in syntrophic 

microbial associations degrading PAHs. This can be achieved by quantification of 16S rRNA 

genes of methanogens such as Methanosaeta and Methanoculleus (by qPCR), which dominated 

in the 2-ringed PAH degrading enrichments. 

 

8.2.4 Improving cultivation of methanogenic hydrocarbon-degrading cultures 

Methanogenic communities degrading hydrocarbons usually grow with a very low energy 

yield, so their metabolic processes can be very slow, and their cultivation can require long 

incubation times. This issue slows the pace of research in this area. The study of methanogenic 

communities can be facilitated by improving their metabolic activities via optimizing cultivation 

procedures.  Experiments are currently being conducted in our lab to enhance methanogenic 

degradation with the addition of nutrients such as yeast extract (by Courtney Toth). It is proposed 
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that improving the substrate and nutrient uptake of the microbes will also help to stimulate the 

activity of the methanogenic communities in the cultures. The activity of microorganisms can be 

enhanced by adding small beads/resins that offer small surface-areas for the microbes to attach 

and obtain the hydrocarbons. Initial cultivation of the PAH-degrading cultures in this study was 

conducted by absorbing the substrates in amberlite-resin (beads). This allowed for the 

development of methanogenic activity in the cultures. Continuous cultivation with a solid 

support may help to speed up the rates of hydrocarbon degradation.  Another challenge in 

studying methanogenic hydrocarbon-degrading cultures is to maintain the hydrocarbon 

degrading capabilities over time. The future (on-going) scaling-up of the cultures will not only 

avoid constant transferring, but also may facilitate the detection of metabolites. In addition, the 

information gain from the metagenome of a PAH-degrading culture (e.g., 2-MN enrichment 

described in this thesis) will potentially help to develop better cultivation strategies in the PAH-

degrading cultures, allowing for more efficient ways to study of methanogenic hydrocarbon 

degradation.   
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APPENDIX A: SUPPLEMENTARY MATERIAL FROM CHAPTER 3. 

METABOLISM OF A METHANOGENIC CRUDE OIL DEGRADING 

ENRICHMENT CULTURE 

Per 100 mL

Pfennig I 5 mL

Pfennig II 5 mL

Wolin metals 1 mL

Balch vitamins 1 mL

Rezasurin 0.1 mL

NaHCO3 0.35 g 

pH adjusted to 7.1-7.3

Pfennig mineral solutions:

Per 1 Liter

Pfennig I K2HPO4 10 g

Pfennig II MgCL2 6.6 g

NaCL 8 g

NH4Cl 8 g

CaCl2 X 2H2O 1 g

Reducing agents: 

2 mL of solution added to 100 mL medium (4 mM)

Per 100 mL

Cysteine-HCl 2.5 g

Sodium sulfide 2.5 g

▪Sodium sulfidea:

Per 100 mL

Na2S X 9H2O 48 g
a Widdel et al ., 2006

▪Cysteine-HCl ̶ sodium sulfide:

Pfennig general anaerobic medium for fresh water anaerobes 

0.5 mL of solution added to 100 mL

 

 

Figure A-1. Minimal salt medium used for the cultivation of microbial cultures. Adapted 

from McInerney et al., 1979.
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Figure A-2. Agarose gel showing amplified bands of alkyl or benzyl succinate synthases, M: 

DNA marker, lanes 1-3: replicate samples with primer bssA set #2 (793 bp), lane 4: 

negative control with primer set #2, lanes 5-7: replicate samples with primer assA set #7 

(523 bp), and lane 8: negative control with primer set #7.  
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Table A-1. Phylogenetic affiliations of the microbial reads identified at the phylum level by 

pyrotag sequencing of the 16S rRNA genes in the light oil-degrading enrichment culture.  

Taxon (Phylum) Reads
Percentage of 

microbial reads

Euryarchaeota 3526 31.373

Spirochaetes 3326 29.596

Firmicutes 2399 21.347

Proteobacteria 2100 18.686

Bacteroidetes 894 7.955

Thermotogae 236 2.1

Chloroflexi 160 1.424

Synergistetes 118 1.05

Actinobacteria 14 0.124

Planctomycetes 5 0.044
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Table A-2. Taxonomic distribution of 16S rRNA microbial sequences obtained by pyrotag sequencing analysis in the light oil-

degrading culture. Total number of reads: 13269 

Domain Phylum Class Order Family Genus/taxonomic term

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosaetaceae Methanosaeta 1763 13.29

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanoculleus 1588 11.97

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanocalculus 382 2.88

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae 34 0.26

Archaea Euryarchaeota Thermoplasmata Kazan-3A-21 31 0.23

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales 24 0.18

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanolinea 17 0.13

Archaea Euryarchaeota Halobacteria Halobacteriales DHVEG-6 16 0.12

Archaea Euryarchaeota Methanomicrobia Methanosarcinales 15 0.11

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Candidatus _Methanoregula 4 0.03

Archaea Euryarchaeota Methanomicrobia 3 0.02

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanosphaerula 3 0.02

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales uncultured 3 0.02

Archaea 1 0.01

Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteriaceae Methanobacterium 1 0.01

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanoplanus 1 0.01

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanospirillaceae Methanospirillum 1 0.01

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanomethylovorans 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Family_XI_Incertae_Sedis 2173 16.38

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Smithella 1908 14.38

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae uncultured 1665 12.55

Bacteria Bacteroidetes 907 6.84

Bacteria Firmicutes Clostridia Clostridiales Family_XI_Incertae_Sedis Sedimentibacter 362 2.73

Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae Desulfotomaculum 226 1.70

Bacteria Spirochaetes Spirochaetes 224 1.69

Bacteria Firmicutes 213 1.61

Taxonomic term Percentage of 

microbial reads
Reads
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Bacteria 199 1.50

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae uncultured 165 1.24

Bacteria Candidate_division_OP9 149 1.12

Bacteria Proteobacteria Deltaproteobacteria Desulfobacterales Desulfobacteraceae Desulfobacterium 148 1.12

Bacteria Bacteroidetes Bacteroidia Bacteroidales Rikenellaceae 147 1.11

Bacteria Thermotogae Thermotogae Thermotogales Thermotogaceae Kosmotoga 136 1.03

Bacteria Synergistetes Synergistia Synergistales Synergistaceae Thermanaerovibrio 124 0.94

Bacteria Thermotogae Thermotogae Thermotogales Thermotogaceae Petrotoga 66 0.50

Bacteria Firmicutes Clostridia Clostridiales 60 0.45

Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae 53 0.40

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Desulfuromonadaceae Desulfuromonas 37 0.28

Bacteria Proteobacteria Deltaproteobacteria Syntrophorhabdaceae Syntrophorhabdus 33 0.25

Bacteria Synergistetes Synergistia Synergistales Synergistaceae 27 0.20

Bacteria Proteobacteria Deltaproteobacteria Desulfovibrionales Desulfovibrionaceae Desulfovibrio 26 0.20

Bacteria Proteobacteria Deltaproteobacteria Desulfobacterales Desulfobacteraceae 25 0.19

Bacteria Bacteroidetes Bacteroidia Bacteroidales 20 0.15

Bacteria Proteobacteria Deltaproteobacteria 17 0.13

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae 15 0.11

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae Spirochaeta 15 0.11

Bacteria Bacteroidetes Bacteroidia Bacteroidales ML635J-40 14 0.11

Bacteria Firmicutes Clostridia 14 0.11

Bacteria Firmicutes Clostridia Clostridiales Family_XI_Incertae_Sedis Tissierella 14 0.11

Bacteria Spirochaetes Spirochaetes Spirochaetales 14 0.11

Bacteria Firmicutes Bacilli 13 0.10

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae Leptolinea 12 0.09

Bacteria Candidate_division_WS6 11 0.08

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae Fastidiosipila 11 0.08

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae 11 0.08

Bacteria Proteobacteria 10 0.08

Bacteria Firmicutes Clostridia Clostridiales Family_XIII_Incertae_Sedis Anaerovorax 8 0.06

Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae 8 0.06

Bacteria Chloroflexi 7 0.05

Bacteria Planctomycetes Phycisphaerae 7 0.05

Bacteria Actinobacteria Subclass: Coriobacteridae Coriobacteriales Coriobacteriaceae Eggerthella 5 0.04

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales 5 0.04  
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Bacteria Actinobacteria 4 0.03

Bacteria Bacteroidetes Sphingobacteria Sphingobacteriales env.OPS_17 4 0.03

Bacteria Candidate_division_OP8 4 0.03

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Syntrophus 4 0.03

Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae Petrimonas 3 0.02

Bacteria Candidate_division_WS1 3 0.02

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium 3 0.02

Bacteria Firmicutes Clostridia ThermoanaerobacteralesFamily_III_Incertae_Sedis Tepidanaerobacter 3 0.02

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales 3 0.02

Bacteria Proteobacteria Gammaproteobacteria 3 0.02

Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas 3 0.02

Bacteria Spirochaetes Spirochaetes 3 0.02

Bacteria Chloroflexi Caldilineae Caldilineales Caldilineaceae 2 0.02

Bacteria Chloroflexi 2 0.02

Bacteria Firmicutes Bacilli Lactobacillales Carnobacteriaceae Trichococcus 2 0.02

Bacteria Firmicutes Clostridia Clostridiales Eubacteriaceae Alkalibacter 2 0.02

Bacteria Firmicutes Clostridia Clostridiales Syntrophomonadaceae Syntrophomonas 2 0.02

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Desulfuromonadaceae 2 0.02

Bacteria Spirochaetes Spirochaetes 2 0.02

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae 2 0.02

Bacteria Actinobacteria 1 0.01

Bacteria Actinobacteria Rubrobacteridae AKIW543 1 0.01

Bacteria Bacteroidetes Flavobacteria Flavobacteriales Flavobacteriaceae 1 0.01

Bacteria Chlorobi Chlorobia Chlorobiales OPB56 1 0.01

Bacteria Firmicutes Bacilli Bacillales 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Anaerobacter 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Family_XI_Incertae_Sedis Sporanaerobacter 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae Desulfosporosinus 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae Oscillibacter 1 0.01

Bacteria Planctomycetes Planctomycetacia Planctomycetales Planctomycetaceae uncultured 1 0.01

Bacteria Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae uncultured 1 0.01

Bacteria Proteobacteria Betaproteobacteria 1 0.01

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Ralstonia 1 0.01

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Brachymonas 1 0.01

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Variovorax 1 0.01

Bacteria Proteobacteria Betaproteobacteria Hydrogenophilales Hydrogenophilaceae Thiobacillus 1 0.01

Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Thauera 1 0.01

Bacteria Proteobacteria Deltaproteobacteria 1 0.01

Bacteria Proteobacteria Deltaproteobacteria Desulfovibrionales 1 0.01

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae uncultured 1 0.01

Bacteria Synergistetes Synergistia Synergistales Synergistaceae Anaerobaculum 1 0.01
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APPENDIX B: SUPPLEMENTARY MATERIAL FROM CHAPTER 4. METHANOGENIC BIODEGRADATION OF 

HYDROCARBONS IN MARGINAL OIL RESERVOIR-SIMULATING COLUMNS  

Table B-1. Amount (mol) of n-alkanes detected in uninoculated (Control) and replicate column (Rep) amended with LOWT-

EN, and expected amounts (mol) of methane based on predicted stoichiometric reactions. 

Control Rep 1 Rep 2 Rep 1 Rep 2 Rep 1 Rep 2 Rep 1 Rep 2

8 1.05 0.64 0.42 0.41 0.63 6.25 2.58 3.93 39.16 59.76

9 1.52 0.90 0.65 0.63 0.87 7 4.38 6.12 41.09 57.37

10 1.78 1.03 1.00 0.75 0.77 7.75 5.80 6.00 42.17 43.62

11 1.85 0.97 1.08 0.88 0.77 8.5 7.48 6.56 47.66 41.77

12 1.99 0.96 1.13 1.03 0.86 9.25 9.50 7.91 51.65 43.04

13 0.91 0.50 0.57 0.40 0.33 10 4.05 3.35 44.68 36.92

14 1.84 0.85 1.03 0.99 0.80 10.75 10.65 8.65 53.90 43.77

15 1.61 0.75 0.93 0.86 0.68 11.5 9.86 7.78 53.34 42.06

16 1.36 0.66 0.64 0.70 0.72 12.25 8.59 8.79 51.56 52.76

17 0.64 0.57 0.42 0.07 0.22 13 0.90 2.89 10.78 34.72

18 0.90 0.49 0.51 0.41 0.39 13.75 5.59 5.32 45.22 43.02

19 0.94 0.49 0.49 0.45 0.44 14.5 6.52 6.40 48.08 47.19

20 0.46 0.39 0.40 0.07 0.06 15.25 0.99 0.88 14.26 12.67

24 0.81 0.56 0.56 0.25 0.25 18.25 4.51 4.61 30.61 31.25

30 0.72 0.46 0.45 0.26 0.27 22.75 5.97 6.17 36.31 37.50

36 0.56 0.43 0.44 0.14 0.13 27.25 3.80 3.47 24.69 22.58

8.29 8.20 Expected CH4 (µmol) 91.17 88.82Total µmol of n -alkane consumed

 µmol of CH4 /µmol 

of n -alkane

µmol of n -alkanes µmol of n -alkane consumed
n -alkane

Expected CH4 consumed % of biodegradation
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Table B-2. Amount (mol) of aromatic compounds (2 and 3 ringed PAHs) detected in uninoculated (Control) and replicate 

column (Rep) amended with LOWT-EN, and expected amounts (mol) of methane based on predicted stoichiometric 

reactions. 

µmol of CH4 

Control Replicate 1 Replicate 2 Replicate 1 Replicate 2 per µmol aromatic Replicate 1 Replicate 2

MeNaphthalene 0.07 0.06 0.07 0.01 0.00 6.75 0.06 0.03

DimethylNaphaphthalene 3.22 2.04 4.43 1.18 0.08 7.5 8.85 0.65

Phenanthrene 1.67 1.13 1.88 0.54 0.06 8.25 4.62 0.86

 MethylPhenanthrene 4.55 2.72 3.96 1.83 1.50 9 18.09 12.54

3.56 1.65 Expected CH4 (µmol) 31.63 14.07

Sum of aromatic analogs
µmol of aromatic

Total µmol of aromatic consumed

Expected CH4µmol of aromatic consumed
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Table B-3. Amount (mol) of n-alkanes detected in uninoculated (Control) and replicate column (Rep) amended with 

RESOIL, and expected amounts (mol) of methane based on predicted stoichiometric reactions. 

Control Rep

8 0.44 0.38 0.05 6.25 0.34 93.48

9 0.45 0.44 0.01 7 0.07 13.21

10 0.76 0.61 0.15 7.75 1.18 39.74

11 0.82 0.79 0.03 8.5 0.22 5.99

12 0.88 0.83 0.05 9.25 0.42 9.03

13 0.52 0.48 0.04 10 0.36 25.70

14 0.90 0.77 0.14 10.75 1.49 26.41

15 0.75 0.69 0.06 11.5 0.67 15.86

16 0.80 0.63 0.18 12.25 2.16 41.40

17 0.59 0.57 0.02 13 0.25 8.98

18 0.51 0.46 0.05 13.75 0.75 41.36

20 0.42 0.38 0.04 15.25 0.56 88.01

24 0.55 0.38 0.17 18.25 3.09 98.96

30 0.42 0.38 0.04 22.75 0.89 97.81

36 0.41 0.41 0.01 27.25 0.17 17.81

Total n-alkane consumed (µmol) 1.02 Expected CH4 12.61

% of 

biodegradation

Carbon 

number of n -

alkane 

µmol of n -

alkane 

consumed

µmol of CH4 per 

µmol  of alkane

Expected CH4 from 

alkane consumed

µmol of n -alkanes
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Table B-4. Amount (mol) of n-alkanes detected in uninoculated (Control) and replicate column (Rep) amended with LOWT, 

and expected amounts (mol) of methane based on predicted stoichiometric reactions. 

Control Rep 

7 0.38 0.39 0.00 5.50 0.00 0.00

8 0.44 0.45 0.00 6.25 0.00 0.00

9 0.45 0.54 0.00 7.00 0.00 0.00

10 0.76 0.66 0.10 7.75 0.78 13.21

11 0.82 0.67 0.15 8.50 1.25 17.99

12 0.88 0.70 0.18 9.25 1.68 20.71

13 0.46 0.38 0.05 10.00 0.50 9.67

14 0.90 0.65 0.25 10.75 2.70 27.78

15 0.75 0.59 0.16 11.50 1.83 21.36

16 0.80 0.54 0.27 12.25 3.29 33.43

17 0.59 0.47 0.11 13.00 1.48 19.33

18 0.51 0.42 0.09 13.75 1.26 17.98

20 0.42 0.45 0.00 15.25 0.00 0.00

24 0.55 0.43 0.12 18.25 2.14 21.38

30 0.42 0.41 0.01 22.75 0.13 1.34

1.49 Expected CH4 (µmol) 17.05

Expected CH4 from 

alkane consumed

% of 

biodegradation

Total n -alkane consumed (µmol)

µmol of n -alkanes
µmol of n -

alkane 

consumed

µmol of CH4 per 

µmol  of alkane

n -alkane 

C#
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Figure B-1. Relative abundances of microbial reads identified at the phylum level by pyrotag analysis of the 16S rRNA genes 

in the columns amended with RESOIL, LOWT, and HIGHT before (inoculum) and after (column) incubation in sandstone-

packed columns.  
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Table B-5. Methane production rates measured from columns amended with LOWT-EN, RESOIL, LOWT, and HIGHT after 

incubation in the sandstone-packed columns. Amount of residual oil and methane production rate calculated for each column 

replicate are also shown. Values shown for column replicates (R1, R2, and R3).  

R1 R2 R3 R1 R2 R3 R1 R2 R1 R2 R3

Highest CH4 (µmol) 1.73 8.20 161.78 14.40 1.13 1.13 12.74 0.59 1.99 0.84 0.91

Lag phase (days) 209 127 48 99 44 44 207 400 400 400 400

Residual oil (g) 6.24 1.86 2.36 6.2 1.65 5.26 2.82 3.17 6.69 6.98 6.40

  µmol of CH4/g oil/day 0.0013 0.0347 1.4308 0.0235 0.0155 0.0049 0.0219 0.0005 0.0007 0.0003 0.0004

LOWT-EN RESOIL LOWT HIGHT

Column Inocula

 

 

 

 

 

 

 

 



 

184 

Table B-6 Taxonomic classification of 16S rRNA microbial genes identified at the genus level in light-oil amended in 

sandstone-packed columns  

Phylum class order family genus

Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanoculleus 24.66

Bacteroidetes Sphingobacteria Sphingobacteriales Chitinophagaceae Sediminibacterium 15.84

Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas 10.78

Euryarchaeota Methanomicrobia Methanosarcinales Methanosaetaceae Methanosaeta 5.42

Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae 5.27

Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanosarcina 3.89

Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Pelomonas 3.22

Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae uncultured 3.13

Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas 2.85

Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Methyloversatilis 2.33

Proteobacteria Betaproteobacteria Hydrogenophilales Hydrogenophilaceae Thiobacillus 1.99

Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Delftia 1.62

Bacteroidetes Sphingobacteria Sphingobacteriales Chitinophagaceae 1.56

Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae Bradyrhizobium 1.35

Euryarchaeota Thermoplasmata WCHA1-57 1.29

Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Acidovorax 1.26

Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Herbaspirillum 1.16

Proteobacteria Gammaproteobacteria Oceanospirillales Halomonadaceae Halomonas 1.10

Bacteroidetes Sphingobacteria Sphingobacteriales env.OPS_17 0.89

Firmicutes Bacilli Lactobacillales Leuconostocaceae Weissella 0.77

Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Thauera 0.77

Proteobacteria Gammaproteobacteria 0.64

Proteobacteria Alphaproteobacteria Rhizobiales 0.61

Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae Enterobacter 0.58

Proteobacteria Gammaproteobacteria Chromatiales Chromatiaceae 0.52

Actinobacteria Actinobacteria Actinomycetales Microbacteriaceae 0.49

Actinobacteria Actinobacteria Acidobacteriales Propionibacteriaceae Propionibacterium 0.49

Proteobacteria Alphaproteobacteria Rhizobiales Methylobacteriaceae Methylobacterium 0.49

Taxonomic term
% of 

microbial 

reads
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Bacteroidetes Sphingobacteria Sphingobacteriales Cytophagaceae Spirosoma 0.43

Firmicutes Clostridia Clostridiales Lachnospiraceae Incertae_Sedis 0.43

Actinobacteria Actinobacteria Actinomycetales Intrasporangiaceae Knoellia 0.37

Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Brachymonas 0.37

Firmicutes Bacilli Bacillales Paenibacillaceae Brevibacillus 0.34

Firmicutes Bacilli Bacillales Bacillaceae Geobacillus 0.31

Proteobacteria Gammaproteobacteria Xanthomonadales Sinobacteraceae uncultured 0.31

Euryarchaeota Methanobacteria Methanobacteriales Methanobacteriaceae Methanobacterium 0.28

Actinobacteria Actinobacteria Actinomycetales Microbacteriaceae Microbacterium 0.25

Proteobacteria 0.25

Acidobacteria Acidobacteria Acidobacteriales Acidobacteriaceae uncultured 0.18

Cyanobacteria Chloroplast 0.18

Cyanobacteria SubsectionIII Leptolyngbya 0.18

Proteobacteria Alphaproteobacteria Rhizobiales Hyphomicrobiaceae Pedomicrobium 0.15

Actinobacteria Actinobacteria Actinomycetales Dietziaceae Dietzia 0.12

Actinobacteria Actinobacteria Actinobacteridae Actinomycetales Micrococcineae 0.12

Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae Proteiniphilum 0.09

Proteobacteria Alphaproteobacteria 0.06

Proteobacteria Alphaproteobacteria Rhizobiales Methylocystaceae Methylosinus 0.06

Proteobacteria Alphaproteobacteria Sphingomonadales 0.06

Proteobacteria Deltaproteobacteria Desulfuromonadales Desulfuromonadaceae Desulfuromonas 0.06

Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Stenotrophomonas 0.06

Euryarchaeota Methanomicrobia Methanomicrobiales 0.03

Euryarchaeota Methanomicrobia Methanomicrobiales Candidatus_Methanoregula 0.03

Euryarchaeota Methanomicrobia Methanomicrobiales Methanolinea 0.03

Actinobacteria Actinobacteria Actinomycetales Nocardiaceae Rhodococcus 0.03

Proteobacteria Alphaproteobacteria Rhodobacterales Rhodobacteraceae Paracoccus 0.03

Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Ralstonia 0.03

Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae 0.03

Proteobacteria Deltaproteobacteria Myxococcales Polyangiaceae Sorangium 0.03

Proteobacteria Gammaproteobacteria Legionellales Legionellaceae Legionella 0.03

Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter 0.03

Proteobacteria Gammaproteobacteria Xanthomonadales Sinobacteraceae Nevskia 0.03
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APPENDIX C: SUPPLEMENTARY MATERIAL FROM CHAPTER 5: 

METHANOGENIC METABOLISM OF TWO-RINGED POLYCYCLIC AROMATIC 

HYDROCARBONS  

 

Figure C-1. Percentage of adsorbed 2-MN onto 0.3 g of XAD-7 amberlite with (A) 6 mg or 

(B) 12 mg of substrate in 60 mL of medium.  A plot of the 2-MN equilibrium concentrations 

in the aqueous phase with 6 mg and 12 mg of substrate after 4 days is shown in (C).  The 

water solubility of 2-MN is 25 mg/L.  
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Figure C-2. Phylogenetic relationships of archaea 16S rRNA gene representative sequences 

(bold) identified in the 2-MN and 2, 6-diMN amended enrichments with respect to other 

archaeal strains and sequences including those found in anaerobic hydrocarbon-degrading 

cultures. The phylogenetic tree was calculated using the distance matrix neighbor-joining 

method with a Jukes-Cantor correction model and FMX filter in ARB. The number in 

parentheses for the MethylNaph sequences indicates the percentage of abundance 

compared to all the OTUs. The scale bar indicates 1% of sequence divergence. 

 



 

188 

Table C-1. Accession numbers in the NCBI Sequence Read Archive and other information about the most abundant archaeal 

and bacterial OTUs used for phylogenetic tree construction. 

Name OTU size % Accesion No. Alias Culture

MethylNaph1 2518 27.4 SRR090437 GJ45CIU02HKDZF 2-MN

MethylNaph2 147 1.6 SRR090436 GJ45CIU02GD4Z1 2,6-diMN

MethylNaph3 75 0.8 SRR090436 GJ45CIU02GKCSY 2,6-diMN

MethylNaph5 64 0.7 SRR090436 GJ45CIU02H6VCN 2,6di-MN

MethylNaph7 43 0.5 SRR090436 GJ45CIU02JQ0J0 2,6-diMN

MethylNaph8 43 0.5 SRR090437 GJ45CIU02IBOF7 2-MN

MethylNaph4 25 0.3 SRR090437 GJ45CIU02GZZHZ 2-MN

MethylNaph9 36 0.4 SRR090436 GJ45CIU02HEHH9 2,6-diMN

MethylNaph6 25 0.3 SRR090436 GJ45CIU02HDF0Z 2,6-diMN

Name OTU size % Accesion No. Alias Culture

MethylNaph3 2076 22.6 SRR090437 GJ45CIU02HB2RU 2-MN

MethylNaph2 1786 19.4 SRR090437 GJ45CIU02IWUWB 2-MN

MethylNaph5 401 4.4 SRR090437 GJ45CIU02HELD2 2-MN

MethylNaph14 147 1.6 SRR090436 GJ45CIU02HZ6H2 2,6-diMN

MethylNaph1 149 1.6 SRR090437 GJ45CIU02GV9WZ 2-MN

MethylNaph4 106 1.2 SRR090437 GJ45CIU02J3N84 2-MN

MethylNaph13 92 1.0 SRR090437 GJ45CIU02F8L8K 2-MN

MethylNaph11 75 0.8 SRR090436 GJ45CIU02FPGGI 2,6-di-MN

MethylNaph7 72 0.8 SRR090437 GJ45CIU02H523K 2-MN

MethylNaph9 70 0.8 SRR090437 GJ45CIU02J7BDA 2-MN

MethylNaph12 62 0.7 SRR090436 GJ45CIU02IXMXW 2,6-di-MN

MethylNaph8 55 0.6 SRR090437 GJ45CIU02H5Q18 2-MN

MethylNaph6 42 0.5 SRR090437 GJ45CIU02GDKIK 2-MN

MethylNaph10 29 0.3 SRR090437 GJ45CIU02HPZ5U 2-MN

Archaea;Euryarchaeota;Methanomicrobia;Methanosarcinales;Methanosaetaceae;Methanosaeta

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanolinea

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Candidatus Methanoregula

Bacteria;Firmicutes;Clostridia;Clostridiales;Clostridiaceae;Clostridium

Bacteria;Proteobacteria;Deltaproteobacteria;Desulfuromonadales;JN18-A94-J

Bacteria;Proteobacteria;Deltaproteobacteria;Desulfovibrionales;Desulfovibrionaceae;Desulfovibrio

Bacteria;Firmicutes;Clostridia;Clostridiales;Lachnospiraceae;Incertae Sedis

Bacteria;Proteobacteria;Deltaproteobacteria;Desulfuromonadales;Geobacteraceae;Geobacter

Bacteria;Proteobacteria;Betaproteobacteria;Methylophilales;Methylophilaceae

Bacteria;Proteobacteria;Deltaproteobacteria;Desulfobacterales;Desulfobulbaceae;Desulfobulbus

Bacteria;Chloroflexi;Anaerolineae;Anaerolineales;Anaerolineaceae;uncultured

Bacteria;Proteobacteria;Deltaproteobacteria;Desulfuromonadales;Geobacteraceae;Geobacter

Taxon

Bacteria

Archaea
Taxon

Archaea;Euryarchaeota;Thermoplasmata;WCHA1-57

Archaea;Euryarchaeota;Methanomicrobia;Methanosarcinales;Methanosaetaceae;Methanosaeta

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanomicrobiaceae;Methanoculleus

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanolinea

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Candidatus Methanoregula

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanomicrobiaceae;Methanoculleus

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanolinea

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanolinea

Archaea;Euryarchaeota;Methanobacteria;Methanobacteriales;Methanobacteriaceae;Methanobacterium

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanomicrobiaceae;Methanoculleus

Archaea;Euryarchaeota;Methanomicrobia;Methanomicrobiales;Methanomicrobiaceae;Methanoculleus
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Table C-2. Taxonomic distribution of 16S rRNA microbial sequences obtained by pyrotag sequencing analysis in the 2-MN 

degrading culture. Total number of reads: 2023  

Domain Phylum Class Order Family Genus

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanoculleus 707 34.95

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosaetaceae Methanosaeta 557 27.53

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanolinea 75 3.71

Archaea Euryarchaeota Thermoplasmata WCHA1-57 24 1.19

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Candidatus Methanoregula 11 0.54

Archaea Euryarchaeota Thermoplasmata 014H09-A-SD-P15 9 0.45

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanomethylovorans 5 0.25

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae uncultured 2 0.10

Archaea Euryarchaeota Thermoplasmata 059A02-A-SD-P93 1 0.05

Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteriaceae Methanobacterium 0 0.00

Archaea Crenarchaeota Miscellaneous Crenarchaeotic Group 0 0.00

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanohalophilus 0 0.00

Archaea Euryarchaeota Thermoplasmata Thermoplasmatales Terrestrial Miscellaneous Gp(TMEG) 0 0.00

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanosarcina 0 0.00

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium 450 22.24

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales JN18-A94-J 82 4.05

Bacteria Proteobacteria Deltaproteobacteria Desulfobacterales Desulfobulbaceae Desulfobulbus 23 1.14

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae uncultured 12 0.59

Bacteria Proteobacteria Deltaproteobacteria Desulfovibrionales Desulfovibrionaceae Desulfovibrio 11 0.54

Bacteria Proteobacteria Betaproteobacteria Methylophilales Methylophilaceae 9 0.45

Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae Cryptanaerobacter 6 0.30

Taxonomic term
Reads

Percentage of 

microbial reads
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Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae Spirochaeta 4 0.20

Bacteria Firmicutes Clostridia Clostridiales Family XI Incertae Sedis Sedimentibacter 4 0.20

Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae uncultured 3 0.15

Bacteria Firmicutes Clostridia Clostridiales Lachnospiraceae uncultured 3 0.15

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales BVA59 3 0.15

Bacteria Firmicutes Clostridia Clostridiales Syntrophomonadaceae uncultured 2 0.10

Bacteria Bacteroidetes Sphingobacteria Sphingobacteriales SB-1 2 0.10

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Smithella 2 0.10

Bacteria Firmicutes Clostridia Clostridiales Lachnospiraceae Incertae Sedis 2 0.10

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae uncultured 2 0.10

Bacteria Acidobacteria Holophagae Holophagales Holophagaceae 1 0.05

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Rhodoferax 1 0.05

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Cupriavidus 1 0.05

Bacteria Proteobacteria Deltaproteobacteria GR-WP33-30 uncultured 1 0.05

Bacteria Actinobacteria Actinobacteria Coriobacteriales Coriobacteriaceae 1 0.05

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Methylibium 1 0.05

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae Anaerolinea 1 0.05

Bacteria Firmicutes Clostridia Clostridiales Eubacteriaceae Anaerofustis 1 0.05

Bacteria Bacteroidetes Sphingobacteria Sphingobacteriales vadinHA17 1 0.05

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Naxibacter 1 0.05

Bacteria Candidate division WS1 1 0.05

Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Methylobacteriaceae Methylobacterium 1 0.05
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Table C-2. Taxonomic distribution of 16S rRNA microbial sequences obtained by pyrotag sequencing analysis in the 2, 6-

diMN degrading culture. Total number of reads: 7180 

Domain Phylum Class Order Family Genus

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosaetaceae Methanosaeta 2256 31.42

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanoculleus 1466 20.42

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanolinea 225 3.13

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Candidatus Methanoregula 214 2.98

Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteriaceae Methanobacterium 89 1.24

Archaea Euryarchaeota Thermoplasmata WCHA1-57 63 0.88

Archaea Euryarchaeota Thermoplasmata 014H09-A-SD-P15 28 0.39

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanomethylovorans 23 0.32

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanosarcina 11 0.15

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae uncultured 4 0.06

Archaea Euryarchaeota Thermoplasmata 059A02-A-SD-P93 2 0.03

Archaea Crenarchaeota Miscellaneous Crenarchaeotic Group 2 0.03

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanohalophilus 1 0.01

Archaea Euryarchaeota Thermoplasmata Thermoplasmatales Terrestrial Miscellaneous Gp(TMEG) 0 0.00

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium 2169 30.21

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales JN18-A94-J 110 1.53

Bacteria Proteobacteria Deltaproteobacteria Desulfovibrionales Desulfovibrionaceae Desulfovibrio 75 1.05

Bacteria Firmicutes Clostridia Clostridiales Lachnospiraceae Incertae Sedis 71 0.99

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Geobacteraceae Geobacter 47 0.66

Bacteria Proteobacteria Betaproteobacteria Methylophilales Methylophilaceae 40 0.56

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae uncultured 35 0.49

Bacteria Firmicutes Clostridia Clostridiales Family XI Incertae Sedis Sedimentibacter 22 0.31

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Methylibium 20 0.28

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae uncultured 20 0.28

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae Spirochaeta 19 0.27

Bacteria Firmicutes Clostridia Clostridiales Lachnospiraceae uncultured 15 0.21

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Diaphorobacter 15 0.21

Bacteria Proteobacteria Deltaproteobacteria GR-WP33-30 uncultured 12 0.17

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae Incertae Sedis 11 0.15

Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae Cryptanaerobacter 9 0.13

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Smithella 8 0.11

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales BVA59 8 0.11

Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae Proteiniphilum 7 0.10

Taxonomic term Percentage of 

microbial reads
Reads
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Bacteria Actinobacteria Actinobacteria Coriobacteridae Coriobacteriales Coriobacterineae 7 0.10

Bacteria Firmicutes Bacilli Lactobacillales Streptococcaceae Streptococcus 7 0.10

Bacteria Proteobacteria Deltaproteobacteria Desulfobacterales Desulfobulbaceae Desulfobulbus 7 0.10

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Rhodoferax 5 0.07

Bacteria Bacteroidetes Sphingobacteria Sphingobacteriales SB-1 5 0.07

Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae uncultured 4 0.06

Bacteria Bacteroidetes Sphingobacteria Sphingobacteriales vadinHA17 4 0.06

Bacteria Firmicutes Clostridia Clostridiales Lachnospiraceae Lachnospira 3 0.04

Bacteria Proteobacteria Betaproteobacteria Hydrogenophilales Hydrogenophilaceae Thiobacillus 3 0.04

Bacteria Proteobacteria Betaproteobacteria Hydrogenophilales Hydrogenophilaceae Tepidiphilus 2 0.03

Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas 2 0.03

Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter 2 0.03

Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae Paludibacter 2 0.03

Bacteria Firmicutes Clostridia Clostridiales Veillonellaceae Thermosinus 2 0.03

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Acidovorax 2 0.03

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Ralstonia 2 0.03

Bacteria Bacteroidetes Bacteroidia Bacteroidales Rikenellaceae vadinBC27 wastewater-sludge group2 0.03

Bacteria Bacteroidetes Flavobacteria Flavobacteriales Flavobacteriaceae Cloacibacterium 2 0.03

Bacteria Bacteroidetes Flavobacteria Flavobacteriales Flavobacteriaceae Chryseobacterium 1 0.01

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Cupriavidus 1 0.01

Bacteria Actinobacteria Actinobacteria Rubrobacteridae AKIW543 1 0.01

Bacteria Proteobacteria Deltaproteobacteria Desulfovibrionales Desulfomicrobiaceae Desulfomicrobium 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae Ruminococcus 1 0.01

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Desulfuromonadaceae Desulfuromonas 1 0.01

Bacteria Chloroflexi GIF9 1 0.01

Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas 1 0.01

Bacteria Synergistetes Synergistia Synergistales Synergistaceae uncultured 1 0.01

Bacteria Proteobacteria Deltaproteobacteria Syntrophorhabdaceae Syntrophorhabdus 1 0.01

Bacteria Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae Enteric Bacteria cluster 1 0.01

Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Propionivibrio 1 0.01

Bacteria Actinobacteria Actinobacteria Coriobacteridae Coriobacteriales Coriobacterineae 1 0.01

Bacteria Actinobacteria Actinobacteria OPB41 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Eubacteriaceae Anaerofustis 1 0.01

Bacteria Chloroflexi vadinBA26 1 0.01

Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae uncultured 1 0.01

Bacteria Acidobacteria Acidobacteria Acidobacteriales Acidobacteriaceae uncultured 1 0.01

Bacteria Planctomycetes Phycisphaerae vadinBA30 marine sediment group 1 0.01

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae Fastidiosipila 1 0.01
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APPENDIX D: SUPPLEMENTARY MATERIAL FROM CHAPTER 6. DETECTION OF KEY MICROORGANISMS AND 

FUNCTIONAL GENES INVOLVED IN THE DEGRADATION OF TWO-RINGED POLYCYCLIC AROMATIC 

HYDROCARBONS  

 

Table D-1. Taxonomic affiliations of 16S rRNA microbial reads identified at the genus level (>1 reads) from 2-MN-degrading 

culture by pyrotag sequencing analysis using most frequently occurring sequence.  

Methanoculleus 770 38.04

Methanosaeta 543 26.83

Clostridium 442 21.84

Geobacter 79 3.90

Desulfobulbus 21 1.04

Desulfovibrio 10 0.49

Anaerobacter 9 0.45

Methanomethylovorans 8 0.40

Cryptanaerobacter 5 0.25

Spirochaeta 4 0.20

Sedimentibacter 3 0.15

Thermosinus 2 0.10

Smithella 2 0.10

Ralstonia 1 0.05

Alkalibacter 1 0.05
Methylobacterium 1 0.05

Taxon (genus)
Microbial 

Readsa % of microbial reads 
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Figure D-1. Calibration curves for the 16s rRNA genes of (A) Bacteria, (B) Clostridium, (C) Desulfovibrio, (E) Geobacter 

obtained for qPCR analysis. 
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APPENDIX E: SUPPLEMENTARY MATERIAL FROM CHAPTER 7. 

METHANOGENIC BIODEGRADATION OF NAPHTHALENE AND 1-

METHYLNAPHTHALENE  
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Figure E-1. Methane production of methanogenic cultures amended with 1-methyl 

naphthalene (blue) after 130 days of incubation at 30℃.  Substrate-unamended control is 

shown in red.   Error bars represent standard error of two replicates. 
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Table E-1. Taxonomic distribution of 16S rRNA microbial sequences obtained by pyrotag sequencing analysis in the 

naphthalene-degrading culture. Total number of reads: 3915 

Domain Phylum Class Order Family Genus

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosaetaceae Methanosaeta 1181 30.17

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanoculleus 578 14.76

Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteriaceae Methanobacterium 76 1.94

Archaea Euryarchaeota Thermoplasmata WCHA1-57 28 0.72

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Candidatus _Methanoregula 14 0.36

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanomethylovorans 2 0.05

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae 1 0.03

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanospirillaceae Methanospirillum 1 0.03

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium 1706 43.58

Bacteria Synergistetes Synergistia Synergistales Synergistaceae 74 1.89

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae uncultured 58 1.48

Bacteria Proteobacteria Deltaproteobacteria Desulfovibrionales Desulfovibrionaceae Desulfovibrio 54 1.38

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae 31 0.79

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Geobacteraceae Geobacter 26 0.66

Bacteria 14 0.36

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae Spirochaeta 10 0.26

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae 6 0.15

Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae Proteiniphilum 5 0.13

Bacteria Firmicutes 5 0.13

Bacteria Proteobacteria Deltaproteobacteria Syntrophorhabdaceae Syntrophorhabdus 5 0.13

Number of reads % of microbial reads
Taxonomic term
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Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Desulfuromonadaceae Desulfuromonas 4 0.10

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Syntrophus 3 0.08

Bacteria Candidate_division_OP8 2 0.05

Bacteria Chloroflexi 2 0.05

Bacteria Firmicutes Clostridia 2 0.05

Bacteria Firmicutes Clostridia Clostridiales Lachnospiraceae Incertae_Sedis 2 0.05

Bacteria Proteobacteria Alphaproteobacteria Rhodospirillales 2 0.05

Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingopyxis 2 0.05

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Smithella 2 0.05

Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter 2 0.05

Bacteria Synergistetes Synergistia Synergistales Synergistaceae Thermanaerovibrio 2 0.05

Bacteria Bacteroidetes Sphingobacteria Sphingobacteriales Chitinophagaceae Sediminibacterium 1 0.03

Bacteria Chloroflexi Caldilineae Caldilineales Caldilineaceae uncultured 1 0.03

Bacteria Firmicutes Clostridia Clostridiales 1 0.03

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Anaerobacter 1 0.03

Bacteria Firmicutes Clostridia Clostridiales Eubacteriaceae Alkalibacter 1 0.03

Bacteria Firmicutes Clostridia Clostridiales Family_XI_Incertae_Sedis Sedimentibacter 1 0.03

Bacteria Firmicutes Clostridia Clostridiales Lachnospiraceae uncultured 1 0.03

Bacteria Firmicutes Clostridia Clostridiales Veillonellaceae Thermosinus 1 0.03

Bacteria Proteobacteria 1 0.03

Bacteria Proteobacteria Alphaproteobacteria 1 0.03

Bacteria Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Brevundimonas 1 0.03

Bacteria Proteobacteria Betaproteobacteria 1 0.03

Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Herminiimonas 1 0.03

Bacteria Proteobacteria Deltaproteobacteria 1 0.03

Bacteria Proteobacteria Deltaproteobacteria Desulfobacterales Desulfobulbaceae Desulfobulbus 1 0.03  
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Table E-2. Taxonomic distribution of 16S rRNA microbial sequences obtained by pyrotag sequencing analysis in the 1-MN-

degrading culture. Total number of reads: 5074 

Domain Phylum Class Order Family Genus

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosaetaceae Methanosaeta 1342 26.45

Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosarcinaceae Methanomethylovorans 47 0.93

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae Methanoculleus 44 0.87

Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteriaceae Methanobacterium 13 0.26

Archaea Euryarchaeota Thermoplasmata WCHA1-57 10 0.20

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Candidatus _Methanoregula 7 0.14

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales 2 0.04

Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteriaceae 1 0.02

Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanomicrobiaceae 1 0.02

Archaea Euryarchaeota Methanomicrobia Methanosarcinales 1 0.02

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium 3385 66.71

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae uncultured 29 0.57

Bacteria Synergistetes Synergistia Synergistales Synergistaceae 28 0.55

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Geobacteraceae Geobacter 23 0.45

Bacteria Firmicutes 18 0.36

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae 17 0.34

Bacteria Proteobacteria Deltaproteobacteria Desulfobacterales Desulfobulbaceae Desulfobulbus 14 0.28

Bacteria Actinobacteria Actinobacteria Coriobacteriales Coriobacterineae Coriobacteriaceae 13 0.26

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae uncultured 13 0.26

Bacteria Proteobacteria Deltaproteobacteria Desulfovibrionales Desulfovibrionaceae Desulfovibrio 12 0.24

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Smithella 9 0.18

Number of reads % of microbial reads
Taxonomic term
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Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae Proteiniphilum 8 0.16

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Anaerobacter 6 0.12

Bacteria 4 0.08

Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae Spirochaeta 3 0.06

Bacteria Synergistetes Synergistia Synergistales Synergistaceae Thermanaerovibrio 3 0.06

Bacteria Actinobacteria Actinobacteria 2 0.04

Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae 2 0.04

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae Papillibacter 2 0.04

Bacteria Proteobacteria Deltaproteobacteria Syntrophorhabdaceae Syntrophorhabdus 2 0.04

Bacteria Bacteroidetes Sphingobacteria Sphingobacteriales Chitinophagaceae Sediminibacterium 1 0.02

Bacteria Candidate_division_OP8 1 0.02

Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolineaceae 1 0.02

Bacteria Chloroflexi 1 0.02

Bacteria Firmicutes Clostridia 1 0.02

Bacteria Firmicutes Clostridia Clostridiales 1 0.02

Bacteria Firmicutes Clostridia Clostridiales Family_XI_Incertae_Sedis Sedimentibacter 1 0.02

Bacteria Firmicutes Clostridia Clostridiales Ruminococcaceae Fastidiosipila 1 0.02

Bacteria Proteobacteria Betaproteobacteria 1 0.02

Bacteria Proteobacteria Deltaproteobacteria Desulfobacterales Desulfobacteraceae uncultured 1 0.02

Bacteria Proteobacteria Deltaproteobacteria Desulfuromonadales Desulfuromonadaceae Desulfuromonas 1 0.02

Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Syntrophus 1 0.02

Bacteria Verrucomicrobia OPB35 1 0.02
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APPENDIX F: REVIEW ARTICLE: SYNTROPHIC BIODEGRADATION OF 

HYDROCARBON CONTAMINANTS 

 

Gieg, L.M., Fowler, S.J., and Berdugo-Clavijo C. (2014). Syntrophic biodegradation of 

hydrocarbon contaminants, Curr. Opin. Biotechnol. 27, 21-29. 
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