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Abstract

Polycyclic aromatic compounds (PACs) are ubiquitous molecules that can be of high 

importance to remediate due to their potential negative health and environmental 

effects. The present study used Canadian Oil Sands-derived microbial consortia 

established methanogenically or aerobically and amended with phenanthrene, 

dibenzothiophene (DBT), or 2,6-dimethylnaphthalene (2,6-diMN) as sole carbon and 

energy sources under three salinities. Methane formation was statistically higher in 

PAC-amended treatments relative to unamended controls under brackish conditions. A

fumarate addition metabolite was tentatively detected in incubations amended with 

2,6-diMN. DBT was degraded with concomitant methane formation, the first report of 

this metabolism. 16S rRNA gene sequencing revealed the dominance of methanogens

and known PACs degraders. Genus Smithella was only detected in DBT-amended 

incubations in relatively high abundances suggesting its role in DBT degradation 

anaerobically. Aerobic degradation of PHEN and 2,6-diMN was also observed. Time-

course experiments showed faster PHEN degradation under saline conditions and that

the microbial communities were dominated by Janibacter sp, which was also isolated. 

This research shows that microbial communities from bitumen-impacted environments 

have the natural ability to degrade PACs, with potential applications in bioremediation.
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Chapter one: Introduction - Microbial degradation of polycyclic aromatic

compounds 

1.1 Polycyclic aromatic compounds

Polycyclic aromatic compounds (PACs) are ubiquitous molecules consisting of 

two or more benzene rings organized in linear, angular, or clustered 

arrangements, usually found as complex mixtures of unsubstituted and alkyl-

substituted homologs (Ghosal et al, 2016; Viñas et al., 2005). The composition of

PAC mixtures depends on the source (Dimitriou-Christidis et al., 2007), which 

can be either of anthropogenic (e.g. combustion of fossil fuels) or natural (e.g. oil 

seeps or plant metabolism) origin (Yunker et al., 1996). For example, petroleum 

PACs are dominated by methylated derivatives while PACs of plant origin are 

dominated by unsubstituted PACs (Yunker et al., 1996).

Natural and anthropogenic originated PACs are actively transported globally by 

phenomena like air and oceanic currents, as well as tankers via maritime and 

terrestrial routes. The transportation of PACs has led to their worldwide 

distribution and presence even in habitats that would otherwise be considered 

pristine areas, including areas of the Arctic region (Ghosal et al., 2016; Yunker et 

al., 1996).
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Among PACs, two main subgroups can be identified, namely polycyclic aromatic 

hydrocarbons (PAHs), consisting of carbon and hydrogen atoms only; and 

heterocyclic compounds containing carbon, hydrogen, and other elements like 

sulfur, nitrogen, and/or oxygen. PAHs are chemically stable, with high melting 

and boiling points, low vapor pressure, and recalcitrance to degradation. 

Hydrophobicity of PAHs increases with the number of aromatic rings whereas 

other properties like volatility decrease (Abdel-Shafy & Mansour, 2016; Ghosal et

al., 2016; Viñas et al., 2005). PAHs with two or three aromatic rings are generally 

classified as low molecular weight aromatics (LMW), while compounds of four or 

more rings are referred to as high molecular weight aromatics (HMW). Some 

PAHs like the three-ringed compound phenanthrene (PHEN, solubility of 1.2 mg 

L-1 at 25 °C) are less water soluble and tend to adhere to sediments and solids, 

while naphthalene (solubility of 34 mg L-1 at 25 °C ) are more water soluble and 

can migrate with water bodies (Berdugo-Clavijo et al., 2012; Desai et al., 2008; 

Foght & Westlake, 1988).

Review articles (Abdel-Shafy & Mansour, 2016; Ghosal et al., 2016) have often 

credited John Hill in the eighteenth century with first reporting the toxic effects of 

PAHs in humans. PAHs may disrupt cellular membranes and associated 

enzymatic systems, and their methylated derivatives are of health and 

environmental concern as they can be mutagenic, toxic, genotoxic, teratogenic, 

potent immunosuppressants, and/or carcinogenic, with tend to bioaccumulate 

(Abdel-Shafy & Mansour, 2016; Berdugo-Clavijo et al., 2012; Dimitriou-Christidis 
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et al., 2007; Kuhn & Suflita, 1989; Peng et al., 2008). Due to their toxicity, 16 

PAHs have been identified and listed by the United States Environmental 

Protection Agency as being of greatest of health and environmental concern 

(Ghosal et al., 2016).

Heterocyclic compounds have a more polar nature compared to PAHs. Because 

of their more polar nature, heterocyclic compounds like dibenzothiophene are 

less prone to sorption into organic matter, soil and sediments; consequently they 

are more rapidly transported by water bodies which can lead to more widespread

contamination of underground water sources (Kuhn & Suflita, 1989). Heterocyclic

compounds are widely used in industry in the synthesis of pesticides, 

pharmaceuticals, and explosives, and are also naturally present as vitamins and 

nucleotides, although crude oil is their main source (Bressler et al., 1997; Foght 

& Westlake, 1988).

Heterocyclic PACs persist in petroleum-contaminated sites, mainly the alkylated 

species, and can bioaccumulate in the tissues of aquatic organisms (Bressler et 

al., 1997). Among heterocycles, chlorinated dibenzofurans, dioxins, aza 

hydrocarbons, and dibenzothiophene are of highest health concern because of 

their carcinogenicity and their persistence as environmental pollutants (Kuhn & 

Suflita, 1989).
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1.2. PACs in the environment

Naturally present PACs can be of pyrogenic (e.g. volcanic eruptions and forest 

fires), biogenic (e.g. bacterial and algal derived), or petrogenic (e.g. petroleum 

and coal derived) origin, the latter being the most environmentally and industrially

relevant due to the reliance of modern human society on petroleum-derived 

products (e.g. use of plastics and fossil fuels) (Ghosal et al., 2016). 

Although naturally-occurring pyrogenic and biological products contribute to the 

total inventory of PACs in the environment, the principal source of PACs is 

human activity (Abdel-Shafy & Mansour, 2016), i.e., mainly activities related to 

extraction, refining, and use of petroleum products characterized by their 

migration abilities and long-term persistence in the environment (Ghosal et al., 

2016). While PACs can originate from human activities like cigarette smoking and

smoked food, the use of combustion engines along with accidental release of 

fossil fuels represent the major contributors to the presence of PACs in 

atmosphere, soil, oceans, fresh water and underground water sources (Abdel-

Shafy & Mansour, 2016; EPA, 2003; Ghosal et al., 2016).

In addition to the anthropogenic release of PACs, natural sources can also 

contribute to the presence of PACs in natural environments, like the 

polyaromatic-rich highly biodegraded petroleum reservoirs (Larter & Head, 2014).

The vast majority of the world’s crude oil reserves contain heavily biodegraded 

oil, totaling an estimated 5.6 trillion of barrels, with the biggest deposits found in 
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Venezuela, the North Sea, the United States, and Canada In Canada, the biggest

crude oil deposits are located in northern Alberta, in the Canadian Oil Sands 

region (Larter & Head, 2014). Oil sands are a mixture of clay, sand, water, and 

bitumen, a heavily biodegraded form of crude oil enriched in PAHs and 

heterocycles, and depleted in saturated hydrocarbons (Larter & Head, 2014). Oil 

sands have API gravities between 6 and 10, and viscosities of thousands to 

millions of centipoises. These properties prevent bitumen from flowing and confer

its characteristic stickiness (Larter & Head, 2014). 

Polycyclic aromatic compounds in oil sands are generated by thermal maturation 

of organic matter during its burial in Western Canada Sedimentary Basin 

(Budzinski et al., 1998; Larter & Head, 2014). These oil reservoirs were 

posteriorly lifted in time by geological phenomena, experiencing temperatures 

low enough to allow for microbial activity that uses oil compounds as carbon and 

energy sources (Larter & Head, 2014). Some of the sedimentary rock containing 

`the oil sands have since been exposed by natural factors like hydraulic and eolic

erosion (Abdel-Shafy & Mansour, 2016).

Alongside petroleum reservoirs, other environments also show naturally 

occurring high levels of PACs, an example being the Canadian shelf on the 

Beaufort Sea. Once thought to be a pristine area due to its remote location from 

human impacted areas, it has been well described that the Beaufort Sea has a 

high input of organic matter from both marine and terrigenous sources, the latter 

being particularly high in the Mackenzie river estuary (Yunker et al., 1993). 
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According to Yunker et al. (1993), the Mackenzie river accumulates materials 

from peat deposits that originated from tundra and subarctic forests, contributing 

organic compounds to the Beaufort Sea shelf area.  Additionally, this river drains 

the oil sands region as well as Norman Wells, Northwest Territories, where oil 

seeps have been discovered (Yunker et al., 1993). The Gulf of Mexico is another 

region known for high numerous or natural oil seeps (Atlas & Hazen, 2011).

1.3. Microbial biodegradation of PACs

Biodegradation refers to the metabolic capacity of microorganisms to mineralize 

compounds like PACs such that breakdown products are integrated into natural 

elemental cycles (Margesin & Schinner, 2001). Biodegradation is regarded as the

main mechanism by which PACs are removed from the environment, offering a 

convenient potential strategy for cleaning up PAC-contaminated sites (Dimitriou-

Christidis et al., 2007). In a different context, the biodegradation capabilities of 

microbial communities in subsurface oil reservoirs can be detrimental from an 

economic point of view, as degradation of light oil leads to the formation of 

biodegraded heavy oil, e.g. such as the Canadian oil sands, making petroleum 

extraction more difficult and expensive (Larter & Head, 2014). Understanding the 

metabolic mechanisms that led to the degradation of PACs is of primary interest, 

whether for stimulating, inhibiting, or preventing aerobic or anaerobic microbial 

metabolism (Gieg et al., 2014). 
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1.3.1. Aerobic degradation of model PACs

Aerobic degradation of PACs by microbial communities or individual 

species/strains has been known and studied for decades, and many of the 

metabolic mechanisms elucidated (figures 1.1 to 1.3) (Desai et al., 2008; Ghosal 

et al., 2016). Among the most common microorganisms in biodegradation studies

are strains of Pseudomonas spp., Sphingomonas spp., and Rhodococcus spp. 

Most have been evaluated for the degradation of two- and three-ringed PACs 

(Ghosal et al., 2016), though degradation of up to five-ring PACs (mainly PAHs) 

has also been reported (Foght & Westlake, 1988).

In the aerobic degradation of PACs, oxygen is the terminal electron acceptor and 

a co-substrate for the action of oxygenases during the initial enzymatic attack. In 

general, the most common activation mechanisms encompasses dihydroxylation 

of one aromatic ring by dioxygenases (multicomponent enzymes generally 

consisting of reductase, ferredoxin, and terminal oxygenase subunits) to yield a 

dihydrodiol that gets further degraded to salicylic acid (figure 1.1) (Ghosal et al., 

2016; Seo et al., 2009). In subsequent reactions, salicylate is dicarboxylated to 

catechol, which is in turn degraded via meta- or ortho-cleavage by other 

dioxygenases. Alternatively, salicylate is also converted to gentisate by the action

of salicylate-5-hydroxylase. The products of catechol or gentisate are then 

incorporated into the TCA cycle (Ghosal et al., 2016; Seo et al., 2009).
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The two-ringed napththalene, classified as the smallest PAH (though technically 

not a PAH but a bicyclic aromatic hydrocarbon) is among the most studied PACs 

(Abdel-Shafy & Mansour, 2016). Degradation of naphthalene is initiated by a 

naphthalene dioxygenase on one of the aromatic rings, leading to the formation 

of dihydroxynaphthalene that is converted to salicylate after several subsequent 

steps involving  a cis-dihydrodiol dehydrogenase (Ghosal et al., 2016; Peng et 

al., 2008). In Pseudomonas putida, degradation of naphthalene is encoded by 

the nah gene located in plasmid pDTG1 or NAH7. Plasmid NAH7 consists of 

operons nal, which encodes genes for the upper pathway (napthahlene to 

salicylate), and sal, containing genes for the lower pathway (salicylate to catechol

via meta-cleavage to pyruvate and acetaldehyde), with a similarity of NAH7 

genes across Pseudomonas strains of around 90% (Seo et al., 2009).

Figure 1.1. Aerobic degradation of the PAH naphthalene. Activation of naphthalene occurs by the
action of oxygenases to produce a dihydrodiol (2). Salicylic acid (3), a main intermediate product
of naphthalene degradation, can be further transformed into gentisic acid (5) or catechol (4). An
althernative  pathway  can  lead  to  the  transformation  of  1,2-naphthalenedihydrodiol  (2)  into
phthalic  acid  to  yield  protocatechuic  acid  (not  shown).  1:  Naphthalene;  2:  1,2-
Naphthalenedihydrodiol; 3: Salicylic acid; 4: Catechol; 5: Gentisic acid. Adapted from Ghosal et
al. (2016) and Seo et al., (2009).
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Naphthalene degradation genes are widespread and commonly found in 

bacteria, thus other genes similar to nah can be found in other genera (Seo et al.,

2009). In addition to the nah gene, two extra genes are found in Ralstonia sp. 

strain U2's nag operon, named nagG and nagH, involved in the conversion of 

salicylate into gentisate. In the case of Sphingomonads (genera Sphingomonas, 

Sphingobium, and Novosphingobium), the genes involved in the degradation of 

naphthalene are rather widespread in the genome instead of being clustered in a 

single operon (Seo et al., 2009). Seo and collaborators (2009) as well as Peng 

and collaborators (2008) are excellent sources for more detailed descriptions of 

the genetic aspects involved in PAHs degradation.

Most PAH biodegradation studies have focused on the degradation of 

unsubstituted compounds (figures 1.1 and 1.2), even though substituted or 

alkylated PAHs are more abundant (around 98% of the aromatic fraction in crude

oil) (Malmquist et al., 2015). With the exception of highly toxic halogenated 

PACs, information on substituted PAC biodegradation is comparatively scarce 

(Siddiqi et al., 2017; Malmquist et al., 2015; Seo et al., 2009; Dimitriou-Christidis 

et al., 2007; Budzinski et al., 1998; McInerney et al., 1979). Degradation of 

alkylated PACs has been suggested to proceed by oxidation of the alkyl group to 

an alcohol, aldehyde, then a carboxylic acid; or activation via carboxylation 

followed by decarboxylation, demethylation, or by dioxygenation (Mahajan et al., 

1994). Oxidation of the aromatic ring is also possible (Siddiqi et al., 2017), so the 

degradation mechanism directly depends on the type of microorganisms, the 
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substrate to degrade, and the position of the substitutes in the substrate itself 

(Budzinski et al., 1998). The location of the alkyl groups can cause steric 

hindrance to oxygenases, leading to reductions in the degradation rates 

(Budzinski et al., 1998). 

Among the few available reports, Dimitriou-Christidis and collaborators (2007) 

observed growth inhibition or drastic reductions in the degradation rates of 

methyl-substituted naphthalenes compared to unsubstituted naphthalene by 

Sphingomonas paucimobilis strain EPA505. Similarly, Budzinski and coworkers 

(1998) reported that the half-life of alkyl- and polyalkyl-substituted PACs was 

longer than their non-substituted counterparts when subjected to degradation by 

a light oil-derived microbial community.

Another commonly encountered PAC in biodegradation experiments is 

phenanthrene (PHEN, figure 1.2), a tricyclic PAH. Phenanthrene degradation 

mechanisms are similar to naphthalene degradation, with initial attack to one of 

the aromatic rings by oxygenases, forming cis-1,2-dihydroxy-1,2-

dihydrophenanthrene, cis-9,10-dihydroxy-9,10-dihydrophenanthrene, or cis-3,4-

dihydroxy-3,4-dihydrophenanthrene, depending on the location where the initial 

attack occurred (Seo et al., 2009). These intermediates are later 

dehydrogenated, forming a naphthalene-1,2-diol, which is in turn converted into 

salicylic acid that is cleaved to yield either catechol or gentisate, or phthalic acid 

to yield protocatechuic acid (Seo et al., 2009) (figure 1.2). Phenanthrene can also

be degraded co-metabolically, a very complex synergistic process that may 
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involve fungi carrying on the initial oxidation step followed by prokaryotes 

metabolizing the breakdown products (Ghosal et al., 2016).

Figure 1.2. Aerobic degradation of the PAH phenanthrene. Activation of one of the aromatic rings
occurs by the action of dihydrogenases to form cis-1,2-dihydroxy-1,2-dihydrophenanthrene (2),
cis-9,10-dihydroxy-9,10-dihydrophenanthrene  (3),  or  12,  cis-3,4-dihydroxy-3,4-
dihydrophenanthrene  (4),  depending  on  the  location  where  the  initial  attack  occurs.  These
intermediates are later dihydrogenated, forming a 1,2-napthalenediol (5), in turn converted into
salicylic acid (6) that is then cleaved to yield either gentisic acid (7) or catechol (8), or phthalic
acid (9) to yield protocatechuic acid (10). Adapted from Ghosal  et al.  (2016) and Seo  et al.,
(2009).

Dibenzothiophene (DBT), a sulfur-containing polycylic aromatic heterocycle, 

often serves as a petrogenic model compound for biodegradation and 

biodesulfurization of oil fractions studies (Bressler et al.,  1997). Two main 

pathways of aerobic DBT degradation have been reported to date (figure 1.3), 

namely the 4S pathway (named after the four main intermediate degradation 

products sulfoxide, sulfone, sulfonate, and sulfate) and the Kodama pathway. 

DBT breakdown via the 4S pathway is initiated by monoxygenases that use FAD 

as a cofactor to add one oxygen atom to the sulfur atom, then a desulfinase that 
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removes the sulfur atom without the rupture of carbon-carbon bonds (Bressler   

et al., 1997; Seo et al., 2009). Flavin-containing monoxygenase is encoded by 

dszA and dszB genes (also known as soxA and soxB), while dszC encodes the 

monooxygenase that performs the initial oxidation of the sulfur atom (Bressler et 

al., 1997). Variations of the 4S pathway (“modified 4S” or “extended 4S”) can 

lead to the production of biphenyl or monohydroxybiphenyl (Bressler et al., 

1997).

Figure 1.3. Aerobic degradation of dibenzothiophene (DBT). Degradation of DBT can occur via
desulfurization (4S pathway), where the sulfur atom is removed from the DBT molecule without
rupture of carbon-carbon bonds; or Kodama pathway, that involves lateral dioxygenation and the
rupture  of  carbon-carbon  bonds.  1:  Dibenzothiophene;  2:  1,2-dihydroxydibenzothiophene;  3:
trans-4-(2-hydroxy-benzo[b]thiophen-3-yl)-2-oxo-but-3-enoic acid; 4:  2-mercaptobenzoic acid; 5:
dibenzothiophene-5,5'-dioxide; 6:  2-(2′-hydroxyphenyl) benzene sulfinate; 7: 2-hydroxybiphenyl;
8: Benzoic acid. Adapted from Seo et al. (2009).
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The Kodama pathway (Kodama et al., 1973) involves 1,2- or 3,4-dioxygenation 

(lateral attack) of the aromatic rings, with both systems sometimes being present 

in the same microorganism and converging on benzo[b]thiophene-2,3-diol 

Bressler et al., 1997; Seo, 2012). Alternatively, degradation may be initiated by 

hydroxylation to the carbon atom adjacent to the sulfur atom (angular attack) by 

common dioxygenases of the 4S pathway (Bressler & Fedorak, 2001; Seo et al., 

2009). Other variations for the degradation of DBT have been described by 

Bressler et al., (1997).

1.3.2. Methanogenic degradation of model PACs

While the aerobic degradation of PACs has been known for decades, 

considerably less is known about anaerobic biodegradation of PACs, especially 

under methanogenic conditions, which are prevalent in the absence of electron 

acceptors (Berdugo-Clavijo et al., 2012). Compared to aerobic and anaerobic 

respiration in the presence of electron acceptors, methanogenic hydrocarbon 

biodegradation has slow reaction kinetics and is a low energy-yielding 

metabolism (Jones et al., 2008). While the anaerobic biodegradation of 

hydrocarbons under sulfate (SO4
2-)- (Novelli & ZoBell, 1944) and nitrate (NO3

-)-

reducing (Kuhn et al., 1985) conditions have been known for decades, the 

relevance of in-reservoir methanogenic biodegradation has only been studied 

more recently (Berdugo-Clavijo et al., 2012; Gray et al., 2011; Mayumi et al., 
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2011; Jones et al., 2008; Zengler et al., 1999). On the basis of this short time 

frame it is understandable that the factors controlling microbial methanogenesis 

driven by crude oil compounds biodegradation is still poorly understood, but 

understanding methanogenesis as a syntrophic process is one of the key 

advances in this field. 

PACs mineralization to carbon dioxide (CO2) and methane (CH4) proceeds via a 

syntrophic partnership involving at least three groups of microorganisms: 

hydrocarbon oxidizers, fermenters (bacterial members generally referred as 

syntrophs), and methanogens (archaea) (figure 1.4) (Dolfing et al., 2008; Gieg et

al., 2014; Gray et al., 2011). Depending on the microorganisms involved in the 

consortium, methanogenic PAC degradation can proceed via different routes, 

where the products of syntrophic metabolism like CO2, H2, and acetate can be 

used by different methanogens as energy sources (Jones et al., 2008).

Available evidence suggests that the predominant process in petroleum 

reservoirs is hydrogenotrophic methanogenesis (figure 1.4), where H2 produced 

by syntrophs serves as an electron donor for the reduction of CO2 to CH4 and 

water (CO2 + 4H2 → CH4 + 2H2O) (Jones et al., 2008). The reaction catalyzed by 

syntrophs is thermodynamically unfavorable unless the partial pressure of H2 is 

decreased, a task accomplished by hydrogenotrophic methanogens. A second 

methanogenic route is called acetotrophic or acetoclastic methanogenesis, which

occurs via acetate conversion to CO2 and CH4 (CH3COO- + H+ → CO2 + CH4) 

(Gieg et al., 2014).

14



Figure 1.4. Methanogenic degradation of model PACs. Bacterial activation of unsubstituted PACs
like phenanthrene (A) and dibenzothiophene (B) is believed to occur by carboxylation, while initial
attack on substituted PACs like 2,6-dimethylnaphthalene (C) involves fumarate addition to one of 
the alkyl substituents. The intermediate products acetate and H2 are required to be kept at low 
concentrations in order to make the process thermodynamically favorable, a task accomplished 
by syntrophs and hydrogenotrophic and acetoclastic methanogens. Adapted from Gieg et al.,  
(2014).

Most of what is known about the anaerobic degradation of PACs has come from 

studies under sulfate-reducing conditions. The degradation of unsubstituted 

PACs is initiated by the activation of one of the aromatic rings via carboxylation 

(Davidova et al., 2009; Zhang & Young, 1997), with one study suggesting 

methylation (Safinowski & Meckenstock, 2006). Substituted PACs are known to 

be activated by fumarate addition (Annweiler et al., 2000; Gieg et al., 2014; von 

Netzer et al., 2013). The latter reaction is  presumably catalyzed by a 

benzylsuccinate synthase-like enzyme (BSS, a glycyl radical enzyme) to produce

a corresponding succinic acid derivative. Naphthylmethylsuccinate synthase 

(NMS), a variant of BSS and alkylsuccinate synthase (ASS), is involved in 
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fumarate addition to alkyl-substituted naphthalene species (Annweiler et al., 

2000; von Netzer et al., 2013).

Degradation of naphthalene and phenanthrene has been reported to be initiated 

via carboxylation, yielding the corresponding carboxylic acids (Davidova et al., 

2007; Zhang & Young, 1997). Naphthalene is first converted into the central 

intermediate 2-naphthoic acid by the action of naphthalene carboxylase (Mouttaki

et al., 2012), and further reduced to 5,6,7,8-tetrahydro-2-napthoyl-CoA. Five old 

yellow enzyme family members (two dihydronaphthoyl-CoA reductases and three

naphthoyl-CoA reductases) have been demonstrated to be involved in the 

degradation of naphthalene under sulfate-reducing conditions (Estelmann et al., 

2015). Further degradation has been suggested to occur via beta-oxidation to 

yield acetyl-CoA and CO2 (Meckenstock & Mouttaki, 2011).

For substituted PACs like 2,6-dimethylnaphthalene, metabolism presumably 

occurs via fumarate addition, with the produced succinic acid being further 

degraded to 6-methyl-2-naphthoic acid, then degraded in a manner similar to the 

degradation of toluene (Meckenstock & Mouttaki, 2011). The latter metabolite 

was detected under methanogenic conditions, suggesting fumarate addition as 

the activation mechanism (Berdugo-Clavijo et al., 2012). In contrast, there are no

reports of bench-level biodegradation of pure heterocyclic compounds under any 

anaerobic condition (including methanogenic conditions), including DBT (Kitauchi

et al., 2005). Nevertheless, anaerobic (non-methanogenic) DBT degradation by-

products like biphenyl and biphenyl carboxylic acid suggest carboxylation as an 
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activation mechanism (similar to phenanthrene and naphthalene metabolism), 

although the evidence is still inconclusive (Selesi & Meckenstock, 2009).

1.4. Effect of salinity in the biodegradation of PACs

Salinity levels, alongside other abiotic factors like temperature and pH, can 

excert control over the biodegradation of organic compounds (Oren, 2011). In 

environments with salinities below 2% NaCl, osmoequilibrium in non-halophiles is

maintained by water flow in or out of the microbial cell, whose cytoplasm typically

has a higher concentration of solutes than the environment. In environments with

salinities above 5%, other metabolic strategies are required in order to maintain 

osmotic equilibrium. This is the case of halophilic and extreme halophilic bacteria

and archaea that grow at NaCl concentrations ranging from 1.5 M (9% salinity) to

5.5 M (32% salinity), the saturation limit for NaCl (Madigan et al., 2012).

In general terms, life at high salinity is energetically expensive and limited by the 

energy gained during dissimilarity metabolism (Oren, 2011). The survival of 

halophilic microorganisms at high salinities (between 10 and 20% NaCl) is 

influenced by the osmotic regulation strategy utilized. A first strategy, referred as 

“salt-in”, consists in the intake of ions like K+ into the cytosol in order to 

equilibrate the intracellular salinity with the external levels. A second strategy 

involves the production of compatible solutes like gycol, trehalose, and glycine 
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betaine, or their incorporation from the environment into the cell. This de-novo 

strategy, however, is energetically expensive compared to salt-in (Oren, 2011).

High-salinity environments thus host halotolerant or halophilic microbial 

communities that thrive where microorganisms from low salinity systems would 

die or become dormant (Madigan et al., 2012). In addition to the osmotic 

challenges, high salinity can also lower the solubility of oxygen, creating 

microaerophilic conditions (Bassin et al., 2011; Oren, 2011). Inhibition of 

acetoclastic (> 50 g NaCl L-1) and hydrogenotrophic (> 50 g NaCl L-1) 

methanogenesis has also been correlated to salinity increase (Potter et al., 2009;

Waldron et al., 2007). Oren (2011) offers an extensive review on the limitations of

life at high salinities and the thermodynamic implications. Nevertheless, little is 

known regarding the effects of increasing salinity on PACs biodegradation 

(Waldron et al., 2007).

1.5. Biodegradation of PACs: bioremediation and oil reservoir applications

The metabolic versatility and adaptability characteristics of microorganisms have 

made them of primary interest for bioremediation strategies (Ghosal et al., 2016),

offering unique opportunities for environmental detoxification by natural means 

(Ghosal et al., 2016; Viñas et al., 2005). Bioremediation has proven to be more 

cost effective than physicochemical approaches, as well as a less disruptive 

process that can in some cases lead to the complete transformation of toxic 
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pollutants into innocuous products like CO2 and water (Dimitriou-Christidis et al., 

2007; Peng et al., 2008; Viñas et al., 2005).

Biodegradation of oil-contaminated environments is mainly carried out by 

microbial communities (Abdel-Shafy & Mansour, 2016; Foght & Westlake, 1988; 

Karamalidis et al., 2010), and it has been been successfully proven to be useful 

for bioremediation (Karamalidis et al., 2010). The Exxon Valdez oil spill in 1989 in

Prince William Sound, Alaska, is among the most renowned environmental 

catastrophes involving the petroleum industry, where 42 million liters of heavy 

crude oil were accidentally released in a region considered pristine, impacting 

approximately 800 km of intertidal shoreline (Atlas & Hazen, 2011; Boufadel et 

al., 2016). Due to the magnitude of the oil spill and the extreme weather 

conditions of the area that made challenging the use of chemical and physical oil 

recovery approaches, microbial bioremediation became an important alternative 

for spill clean up, and was enhanced by the addition of nutrients (biostimulation) 

(Atlas & Hazen, 2011). This bioremediation strategy successfully increased the 

degradation of PAHs by a factor of two compared to controls (Atlas & Hazen, 

2011). Around 20 years after the oil spill, Boufadel and collaborators (2016) 

evaluated the efficacy of the addition of hydrogen peroxide, nitrate and 

phosphate to stimulate aerobic microbial communities to degrade PACs in 

beaches of Prince William Sound. The authors reported 70% increase in PACs 

degradation as a result of the treatments during the two years of such 

biostimulation and oxygenation.
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Among bioremediation strategies investigated, bioagumentation (addition of 

PAC-degrading microbial consortia) in bench-level experiments can enhance 

PACs degradation when natural attenuation (degradation of pollutants by the 

action of indigenous microbial communities) does not reach significant 

degradation levels (Kuppusamy & Thavamani, 2016). Jacques and collaborators 

(2008) reported a significant increase in phenanthrene-, anthracene-, and 

pyrene- removal in bioaugmented soil (90%) relative to non-bioaugmented 

control contaminated soil (30%) after 70 days of incubation. However, 

bioaugmentation does not enhance PAH biodegradation in all cases. In a 

laboratory-level experiment, Karamalidis and coworkers (2010) found that 

bioaugmentation with Pseudomonas aeruginosa did not increase PAH 

degradation in a petroleum-contaminated soil, relative to degradation observed in

untreated soil containing only indigenous microorganisms.  

As oil-contaminated systems like oil-contaminated aquifers become oxygen 

depleted as a result of aerobic metabolism, degradation of PACs under 

anaerobic conditions becomes the main metabolic process (Annweiler et al., 

2001; von Netzer et al., 2013). In addition to bioremediation applications, 

anaerobic degradation of oil fractions has repercussions in oil reservoirs that can 

lead to the formation of heavy oil (section 1.2).

Some decades ago it was thought that the degradation of oil in the subsurface 

was mainly driven by aerobic microorganisms supported by the replenishment of 

oxygen via meteoric water that reached the subsurface. It is now generally 
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accepted that anaerobic metabolisms, despite the lower metabolic rates and 

slower growth, are principally responsible for the biodegradation of hydrocarbons

in oil reservoirs. Among the various kinds of anaerobic metabolisms, 

methanogenic degradation of hydrocarbons plays a fundamental role (Gieg et al.,

2014; Head et al., 2014; Jones et al., 2008).

To date, some PACs and monoaromatic compounds including benzene, toluene, 

and xylene, in addition to n-alkanes, have been reported to be degradable under 

methanogenic conditions. With regard to the degradation of PAHs, Berdugo-

Clavijo and collaborators (2012) reported the methanogenic degradation of 2 mg 

of 2- and 2,6-dimethylnaphthalene  (2 mg), with CH4 values as high as 422 µmol 

after 110 days of incubation, exceeding the stoichiometrically predicted methane 

formation. Microbial community analysis by 16S rRNA gene sequencing revealed

a predominance of Methanoculleus, Methanosaeta, Methanolinea, and 

Candidatus Methanoregula. The predominant bacterial genus identified was 

Clostridium, with Desulfuromonadales, Desulfovibrionales, Betaproteobacteria, 

and Chloroflexi sequences also detected though in lower abundance. A 

subsequent study examining the methanogenic degradation of whole crude oil 

showed that select PAHs were also degraded compared to controls (Berdugo-

Clavijo & Gieg, 2014).

With the development of extraction and production technologies for oil recovery, 

the scientific world has gained access to regions of the subsurface that remained

largely unexplored until recent decades. This has led to the development of new 
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concepts and the reevaluation of existing ideas concerning microbial activity and 

roles of microbial communities in the biodegradation of oil reservoirs 

Beyond the economic relevance of the oil sands for the Canadian economy, 

industrial exploitation of this resource has opened a new window of opportunity 

for investigating the microbial metabolisms that give rise to bitumen and heavy 

oils (Head et al., 2014; Larter & Head, 2014). As by definition bitumen is a 

heavily biodegraded crude oil rich in PACs, this unique environment presumably 

hosts microbial communities physiologically capable of PACs degradation that 

not only have environmental relevance for the degradation of pollutants, but also 

offer potential benefits for the oil industry itself in terms of understanding in situ 

subsurface crude oil biodegradation. As an example, Wyndham and Costerton 

(1981a, 1981b) reported the capability of oil sands-associated microbial 

communities from the Athabasca Oil Sands region to grow on the aromatic 

fraction of bitumen. Degradation of the aromatic fraction as well as isolation and 

identification of several microorganisms were reported by the authors, suggesting

that Alberta's Oil Sands host indigenous microbes capable of aromatic 

compounds biodegradation.

Other applications, such as the production of biosurfactants, and enhanced 

generation of natural gas from marginally producing oil wells to lower greenhouse

gas emissions associated with in-situ energy production (Berdugo-Clavijo et al., 

2012), may also benefit from understanding more about PAC degradation.
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Chapter two: Research hypothesis, objectives, and structure of this thesis

2.1. Research hypothesis

The microbial degradation of polycyclic aromatic compounds (PACs) is of 

relevance for both environmental and industrial reasons and understanding such 

biodegradation can have application towards the bioremediation of hydrocarbon-

contaminated sites, or for other biotechnological purposes. The overall objective 

of my research was to characterize the methanogenic and aerobic microbial 

degradation of three model PACs under three salinity conditions, using highly 

biodegraded oil sands materials as a potential source of microbial communities.  

In this work, I hypothesized that given the highly biodegraded nature of 

bituminous oil sands, these materials harbor PAC-degrading microorganisms. To 

address this hypothesis, my specific objectives and approaches are overviewed 

below.

2.2. Objectives

2.2.1 To use oil sands materials as am inoculum to develop microbial 

enrichments capable of aerobically biodegrading the model PACs phenanthrene, 

dibenzothiophene, and 2,6-dimethylnaphthalene under fresh, brackish, and 

saline conditions. Similarly, to use an established methanogenic microbial 

community to develop microbial enrichments capable of anaerobically 

23



biodegrading phenanthrene, dibenzothiophene, and 2,6-dimethylnaphthalene 

under fresh, brackish, and saline conditions. To achieve this, aerobic incubations 

capable of phenanthrene and 2,6-dimethylnaphthalene were successfully 

established, and experiments were set up to determine degradation rates and 

metabolic pathways involved in the biodegradation of the PACs. Under 

methanogenic conditions, enrichments amended with the three PACs of interest 

were successfully established and methane formation was monitored as 

surrogate for substrate degradation.

2.2.2. Characterize the microbial communities present in PACs-degrading 

enrichments. Microbial community surveys were done via 16S rRNA gene 

sequencing, as well as by isolation methods (under aerobic conditions).

2.2.3. Characterize the metabolic intermediates or final products generated 

during the aerobic and methanogenic biodegradation of the PAC substrates. Gas

chromatography methods were used to determine the presence of intermediate 

products of PACs degradation in enrichment cultures.

2.3. Structure of this thesis

This thesis begins with an Introduction chapter (Chapter 1) that overviews 

background material on the topics relevant to this research. Chapter 3 describes 

the biodegradation experiments conducted under methanogenic conditions, while
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Chapter 4 describes the aerobic experiments. Chapter 5 provides overall 

conclusions and suggestions for future work.
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Chapter 3: Methanogenic biodegradation of phenanthrene,

dibenzothiophene, and 2,6-dimethylnaphthalene.

3.1. Introduction

Polycyclic aromatic compounds (PACs) are organic chemical species consisting 

of more than one benzene ring, and comprise polycyclic aromatic hydrocarbons 

(PAHs) and heterocyclic species of oxygen, nitrogen and sulfur.  Even though 

PAHs can be naturally present in many ecosystems (e.g. originating as a result of

forest fires) (Seo et al., 2009), human activities related to the production and 

utilization of petroleum derivatives contribute to the release of these recalcitrant 

compounds into the environment (EPA, 2009; Yunker et al., 1996; Zhang et al., 

2009). Due to their solubility in water, smaller PACs such as the two-ringed 

naphthalene (solubility of 34 mg L-1 at 25 °C) are considered the most 

widespread contaminants of water and soil, while larger species with more than 2

aromatic rings like phenanthrene (solubility of 1.2 mg L-1 at 25 °C) are less water 

soluble and tend to adhere to solid particles in soil and sediments (Berdugo-

Clavijo et al., 2012; Heath et al., 1993). Both small and larger PACs are of human

health and ecological concern, potentially imparting embryotoxicity and 

carcinogenicity in vertebrates (Berdugo-Clavijo et al., 2012; Billiard et al., 2008; 

Foght & Westlake, 1988; R. Margesin & Schinner, 2001; Peng et al., 2008; Tan et

al., 2015; Wayland et al., 2008).
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Because of the risks that PACs represent for humans, other life forms, and 

ecosystems in general, both applied and fundamental studies on remediation 

strategies focused on the removal of these compounds have been developed, 

especially those relying on microbial metabolic capabilities (Fukui et al., 1999). 

The use of PACs by aerobic microorganisms as sources of energy, carbon and 

other elements (such as sulfur and nitrogen) has been known for decades and 

the metabolic mechanisms have largely been elucidated, involving principally the 

use of oxygenases (Fukui et al., 1999; Margesin & Schinner, 2001; Mormile & 

Atlas, 1989). Anaerobically, the biodegradation of many PACs has been 

demonstrated under phototrophic (Rabus, 2005), syntrophic, manganese-, 

sulfate-, nitrate-, and iron-reducing conditions (Fukui et al., 1999; Seo et al., 

2009; Seo, 2012). In anoxic environments, microbial metabolism will occur 

according to the availability of electron acceptors, but in their absence 

methanogenesis becomes the main biological process in place (Gieg et al., 

2014).

The methanogenic degradation of PACs, despite being a low-energy-yielding 

syntrophic process, may also play an important role in crude oil alteration in 

reservoirs, and the concomitant methane (CH4) generation may offer an 

inexpensive technology to recover valuable gas from residual oil in reservoirs 

(Berdugo-Clavijo et al., 2012; Gieg et al., 2009; Gieg et al., 2008; Jones et al., 

2008). However, most of the ecological and physiological aspects of 

methanogenic PAC biodegradation are far from being completely understood 
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(Berdugo-Clavijo et al., 2012; Sierra-Garcia & de Oliveira, 2013), as either direct 

or circumstantial evidence of methanogenic degradation of PAHs has only been 

reported in a few studies (Gieg et al., 2014; Hubert et al., 2012; Berdugo-Cavijo 

et al., 2012). Understanding methanogenic metabolism and the microbial 

communities associated with it may help to improve bioremediation strategies, as

well as enhanced energy recovery from petroleum reservoirs (Tan et al., 2014; 

Berdugo-Clavijo et al., 2012; Heath et al., 1993).

Among the heterocyclic compounds found in bitumen, sulfur heterocycles (S-

PACs) have special relevance for industry, in addition to being of environmental 

concern. Crude oils with high sulfur content (above 2%) are classified as sour oils

and require special desulfurization processes, making oil production more 

expensive (Boniek et al., 2012). The presence of sulfur in fuels may also lead to 

microbiologically influenced corrosion (MIC) (Park et al., 2011) in pipelines and 

refineries, which causes billions of dollars in losses for oil companies annually 

(Popoola et al., 2013), and negative environmental impacts such as potential 

pipeline leaks. Environmentally, when fossil fuels with high contents of sulfur are 

combusted, toxic sulfur oxides are released to the environment. Sulfur oxides 

contribute to acid rain, thus regulations regarding sulfur content in fossil fuels are 

becoming more stringent (Folsom et al., 1999). Even though biodesulfurization 

coupled to sulfate reduction has been demonstrated (Armstrong et al., 1995; 

Lizama et al., 1995) with yield rates too low for industrial application, 

desulfurization as a bioremediation alternative is completely viable 
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(Vandecasteele, 2008). To date, though, there are no published reports 

assessing the anaerobic degradation of S-PACs in absence of electron 

acceptors.

In addition to the bioavailability, the microbial transformations of PACs may be 

affected by other environmental factors. Among these factors, salinity exerts a 

control over the microorganisms present in a given site and therefore over the 

degradation rates of organic compounds. To date, little has been done to 

determine the biodegradation of PACs under higher salinity conditions (e.g., 

brackish or seawater salinities) (Cowie, 2013; Head et al., 2014; Margesin & 

Schinner, 2001).

A study by Cowie (2013) examined the effect of changes in aqueous 

geochemistry on biogenic methane formation from bituminous oil sands retrieved

from Cold Lake (Alberta, Canada) oil sands reservoir 500 m below the surface. 

The bituminous oil sands, which served as potential carbon and energy sources 

as well as an inoculum, were augmented with an enriched methanogenic 

microbial community known to degrade two-ringed PAHs (Berdugo-Clavijo et al., 

2012), originally derived from a gas-condensate contaminated aquifer near 

Denver (Colorado, USA) (Gieg et al., 1999).

Cowie (2013) established methanogenic incubations with variable salinities 

designated as “fresh” (0.4 g L-1 NaCl), “brackish” (4 g L-1 NaCl) and “saline” (16 g 

L-1 NaCl), simulating salinities that are common in formation waters from the 
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Athabasca oil sands region. Using methane formation rates and stable isotopes 

composition, he concluded that water geochemistry is a main driver of biogenic 

methane formation, as significantly more methane generation was observed in 

the brackish incubations (Cowie, 2013).

For the present study, the bitumen-containing methanogenic incubations 

established by Cowie (2013) were used as inocula to establish new experiments,

allowing further examination of possible correlations between salinity and 

methanogenic biodegradation of model PACs. Unlike Cowie (2013), the present 

study uses pure (single) PACs as carbon and energy sources instead of whole 

bituminous oil sands materials. The overall objective of my research described in 

this chapter was to examine the methanogenic biodegradation of the model 

PAHs 2,6-dimethylnaphthalene (2,6-diMN) and phenanthrene (PHEN), and the 

S-PAC dibenzothiophene (DBT) at different salinities. I aimed to examine the 

biodegradation of these model compounds to determine how amenable they are 

to bioremediation applications. This study can also offer insights into potential in-

situ transformation of such compounds into natural gas as a microbial enhanced 

energy recovery strategy from oil reservoirs.
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3.2. Methods

3.2.1. Establishment of methanogenic incubations

Methanogenic enrichments were established in bicarbonate-buffered anoxic 

minimal salts media (McInerney et al., 1979), reduced with sodium sulfide, and 

adjusted to the three salinities described by Cowie (2013). Strict anaerobic 

technique was used to prepare anoxic media in 1-L batches for each salinity 

using 2-L flasks, and designated as “fresh” (0.4 g L-1 NaCl), “brackish” (4 g L-1 

NaCl) and “saline” (16 g L-1 NaCl) (appendix C).

Twenty milliliters of fresh, brackish, or saline medium were dispensed into each 

of 27 120-mL serum bottles under continuous flow of a mixture of N2:CO2 (90:10) 

to maintain anoxic conditions. The serum bottles were immediately capped with 

butyl rubber stoppers, crimped using aluminum seals, and randomly segregated 

into treatments and controls as shown in table 3.1. Treatments and sterile 

controls were amended with 5 mg of PHEN, DBT, or 2,6-diMN by dissolving 

crystals of these PACs in 1 mL of anoxic 2,2,4,4,6,8,8-heptamethylnonane 

(HMN). Heptamethylnonane (Efroymson & Alexander, 1991) is an inert carrier 

frequently used to overcome PACs' low solubility in water.

After autoclaving and cooling, treatments and unamended controls were 

established by inoculating 20 mL of media with 20 mL of homogenized liquid 

phase anoxically retrieved from the three-year old methanogenic incubations 

established by Cowie (2013) (section 3.1), referred to hereafter as “inocula”. This
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inocula was comprised of microorganisms associated with bituminous oil sands 

samples from Cold Lake (Alberta, Canada) bioaugmented with a methanogenic 

microbial enrichment culture capable of 2,6-diMN degradation previously 

reported by Berdugo Clavijo et al. (2012) (see section 3.1). Thus, the incubations

established by Cowie (2013) were the combination of two inocula: Bituminous oil 

sands-associated microorganisms, and the two-ringed PAHs-degrading 

community used for bioaugmentation.

Substrate-free controls (unamended) and uninoculated (sterile) controls were 

also established for each salinity condition (table 3.1). Microcosms were then 

incubated in the dark at ambient temperature (about 19-21°C) conditions for 744 

days, and monitored routinely for methane formation.

Table 3.1. Microcosm experimental set up of methanogenic incubations under fresh, brackish and
saline  conditions.  Incubations  were  amended  with  phenanthrene  (PHEN),  dibenzothiophene
(DBT), or 2,6-dimethylnaphthalene (2,6-diMN) as sole carbon and energy sources (treatments).
Unamended (substrate-free) and sterile (microorganism-free) controls were also established. The
incubations  were inoculated  with  a  long-term methanogenic  consortium capable  of  polycyclic
aromatic hydrocarbons degradation.

Added substrate Fresh Brackish Saline Microcosm Group

Dibenzothiophene 3 3 3 Treatments

2,6-Dimethylnaphthalene 3 3 3 Treatments

Phenanthrene 3 3 3 Treatments

Dibenzothiophene 3 3 3 Sterile Controls

2,6-Dimethylnaphthalene 3 3 3 Sterile Controls

Phenanthrene 3 3 3 Sterile Controls

Unamended 3 3 3 Unamended Controls

Unamended 3 3 3 Medium Only Controls
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3.2.2. Methane formation monitoring

Methane formation in the incubations headspace was measured 23 times 

-approximately every 30 days during 744 days of incubation, using the gas 

chromatographic method and equipment described by Berdugo-Clavijo and 

collaborators (2012). Two milliliters of N2:CO2 (90:10) were injected into each 

incubation before subsampling 2 mL of gas phase from the headspace for 

methane estimation. Methane content was estimated by simple linear 

regressions based on calibration standards with contents of 0.5, 1, 2, 5 and 10% 

methane in N2, and the percentage of methane converted to µmoles. Additionally,

theoretically expected methane was estimated using the Symons and Buswell 

equation (Symons & Buswell, 1932) (table 3.2).

Table 3.2. Estimation of expected methane recovery in brackish methanogenic incubations based
on the Symons and Buswell equation (1932). Molar masses: DBT = 184 g mol-1; 2,6-diMN = 156
g mol-1; and PHEN = 178 g mol-1. Final results were transformed into µmoles.

Substrate Moles of methane expected
per mol of substrate

Expected methane recovery
equation

Expected
methane (µmoles)

DBT
C12 H8 S + 10.5 H2O → 

5.25 CO2 + 6.75 CH4 + H2S
((0.005 * 6.75) / 184.26) * 1000 183

2,6-diMN
C12 H12 + 9 H2O → 

4.5 CO2 + 7.5 CH4

((0.005 * 7.5) / 156.22) * 1000 240

PHEN
C14 H10 + 11.5 H2O → 

5.75 CO2 + 8.25 CH4

((0.005 * 8.25) / 178.23) * 1000 231
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3.2.2.1. Statistical analysis of methane formation and production

Methane in the microcosms headspace was estimated using linear regressions in

R statistical software and programming language (R Development Core Team, 

2011). A first simple linear regression was fitted using the calibration standard 

areas with known amounts of methane (in µmoles) to calculate the slope and 

intercept for each time point. These coefficients allowed estimation of methane 

formation as a function of incubation time by fitting the integration results per 

incubation per day. The model used was  

x = ((y – intercept / slope) / 1000) * hs

where “x” is the µmoles of methane in the microcosms headspace, “1000” is a 

conversion factor into µmoles, and “hs” is the headspace volume (77 mL for 

treatments and unamended controls, and 97 mL for sterile controls) (table 3.1).

Effects of substrate and salinity on methane formation were evaluated using 

multiple linear regressions and analyses of variance (ANOVA). Methane 

formation results were evaluated to establish if the assumptions of normality and 

homokedasticity (variance homogeneity) were met, both requirements to perform

multiple linear regressions. Hypothesis of normal distribution of the errors were 

tested using the Shapiro-Wilks test, and visually inspected with Quantile-Quantile

tests. Homokedasticity was evaluated using the Bartlett test, and the resultant K-

squared values compared to a non-central Chi-Squared distribution at 0.95 

probability and 2 degrees of freedom. Homokedasticity was also visualized using 
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a Quantile-Quantile (Q-Q) plot.

After evaluation of the assumptions described above, multiple linear regression 

and ANOVA tests were performed to find possible correlations between methane 

formation, salinity, PACs, and treatment vs. control groups. Akaike's Information 

Criterion (AIC) were used to established what models best described the 

observed variation in methane formation across incubations, and the models with

the lowest AIC scores were selected as more informative. Tukey's Honest 

Significant Difference tests were used to find means that were statistically 

different across groups.

Methane production rates in treatments and unamended controls were estimated

using the resulting slope terms from simple linear regressions as function of time 

in days as described above, and methane formation graphed using the R 

package ggplot2 (Wickham, 2009).

3.2.3. Samples preparation for metabolites detection and substrate loss 

quantification

As has been done previously (Davidova et al., 2007), substrate loss can be 

estimated by subsampling the HMN layer. Two-microliter samples of the HMN 

layers were retrieved from treatments and sterile controls, and manually injected 

into an Agilent 7890 gas chromatograph equipped with a flame ionization 
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detector (Agilent Technologies) in split mode, using a HP-5 column (30 m, 320 

µm, 0.25 µm) (Agilent Technologies) at a flow rate of 2 mL min-1. The column 

initial temperature was 90 °C with a 5 °C increase every 2 min up to 300 °C.

After 281 days of incubation and several unsuccessful attempts to reproducibly 

measure the substrate loss, an additional 2 mL of anoxic, autoclaved HMN was 

added to each treatment and sterile control to increase the thickness of the 

organic layer and facilitate the sampling process. However, the increase in the 

HMN volume did not improve the reproducibility of the measurement process. 

Since HMN sampling ultimately did not work, and PAC removal could not be 

measured, this study instead relied on methane production as a proxy 

measurement for inferring PAC biodegradation.

3.2.3.1. Sample collection for metabolite analysis

After 740 days of incubation, 15 mL of N2:CO2 (90:10) were added to all the 

microcosms to keep the bottles pressurized, and 15 mL medium were 

subsampled from treatment, unamended, and sterile control microcosms. To 

increase the probability of metabolite detection, the volumes removed from 

replicate microcosms were pooled (table 3.1).
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3.2.3.2. Liquid-liquid organic extractions for metabolite detection

Once replicates were pooled, the resulting 21 samples (9 treatments, 9 sterile 

controls, and 3 unamended controls) were subjected to organic extractions. After 

acidification to around pH 1 with 0.5 M HCl, samples were subjected to three 

sequential liquid-liquid organic extractions with one volume of 15 mL DCM each 

time. The DCM volumes were added directly to the subsampled HMN layers, 

followed by strong hand-shaking homogenization and each sample individually 

being added to a 125 mL separatory funnel. While in the funnel, samples were 

agitated again and built up pressure was allowed to escape. The organic phase 

was passed through filter paper grade 41 (Whatman) containing sodium sulfate, 

and the extracts were collected in 250 mL round-bottomed flasks. The volumes 

were concentrated to approximately 4 mL in a rotary evaporation device at 55 ºC,

transferred into glass vials and capped. Samples were concentrated again to 

approximately 50 µL using a heating block at 40 ºC, then transferred into 300 µL 

borosilicated vial inserts (MicroSolv Tehcnology Corporation, USA) inside 

autosampler 1.8 mL glass vials (Agilent Technologies).

3.2.3.3. Sample derivatization and gas chromatography-mass spectrometry 

analysis

Each sample was derivatized with 50 µL of N,O-

bis(trimethylsilyl)trifluoroacetamide (BSTFA, Thermo Scientific) prior to incubation

37



at 60 °C for 15 minutes in a water bath. All samples had a final volume of 100 µL.

Compounds in samples were separated and identified using an Agilent 7890A 

gas chromatograph equipped with an HP-5 column (50 m × 320 µm × 0.52 μm; 

Agilent Technologies) and a 5975C mass selective detector (Agilent 

Technologies). The oven temperature was held at 90 °C for 5 min, then increased

at a rate of 4°C/min to 250 °C and held for 5 min. The injector, operated in 

splitless mode, was held at 270 °C. Search for metabolites in the obtained 

chromatograms was done based on available literature reports (e.g. for the 

metabolites shown in figures 1.1. to 1.4), using Chemstation Software (Agilent).

3.2.4. Microbial community surveys based on 16S rRNA gene amplicon 

sequencing

Three 16S rRNA gene sequencing-based microbial community surveys were 

performed for samples taken at days 0 (directly from “inocula”), 360, and 635 as 

described below.

3.2.4.1. inocula microbial community characterizations

Using 1 mL sterile plastic syringes/needles, 300 µL of homogenized slurry 

(mixture of solids and minimal salts medium) were sampled from each of the 

fresh, brackish and saline inoculas and subjected to DNA extraction with the 
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FastDNA Spin Kit For Soil (MP Biomedicals). Extracted DNA was quantified using

Quant-iT Qubit 2.0 fluorometric assay (Invitrogen) but all samples yielded DNA 

concentrations below 0.5 ng µL-1 (unquantifiable). Despite unquantifiable DNA 

levels, samples were further processed for sequencing in both Roche 454 

Pyrosequencing (section 2.4.1.1) and Illumina MiSeq (section 2.4.1.1) platforms. 

Sequencing the inocula through 454-Pyrosequencing platform was intended to 

allow comparisons across studies that used this method, including the present 

study as well as those of Cowie (2013) and Berdugo-Clavijo et al. (2012). The 

newer and current state of the art Illumina MiSeq platform was included in order 

to obtain larger amplicon libraries, and to enable more direct comparison to day 

360 and 635 samples.

3.2.4.1.1. Polymerase chain reaction amplification and Roche 454-

Pyrosequencing of inocula 16S rRNA gene

Technical triplicates of each sample were prepared for polymerase chain reaction

(PCR) using 2 µL of DNA sample with both TopTaq Master Mix (Qiagen) and 

Fermentas (Thermo Fisher) in a S1000 Thermal Cycler (Bio Rad). Negative 

(PCR-grade water) and positive (Desulfovibrio vulgaris strain Hildenborough pure

culture genomic DNA) controls were also added to the PCR reaction. A first-

round PCR (95 °C for 3 min; 25 cycles of 95 °C for 30 s, 55 °C for 45 s, 72 °C for 

1.5 min; and finally 72 °C for 1 min) was carried out to amplify the 16S rRNA 
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gene using primers 926f forward (5`-AAA CTY AAA KGA ATT GAC GG-3`) and 

1392r reverse (5`-ACG GGC GGT GTG TRC-3`) (Matsuki et al., 2002). The 

obtained amplification products were purified (PCR Purification Kit, Bio Basic), 

quantified, and subjected to gel electrophoresis in 1% agarose (30 min, 100 

volts, and 400 mA) with SYBR Safe stain (Thermo Fisher). Only PCR reactions 

prepared with Top Taq Master Mix showed amplification when the gel was 

observed under UV light.

Gel electrophoresis results revealed poor DNA amplification, thus microcosms 

were sampled a second time with 1.5 mL of homogenized liquid phase removed 

from each incubation in order to carry out five-replicate DNA extractions of 300 

µL each. Once the nucleic acid extraction was finished, DNA was concentrated 

using Amicon Ultra-0.5 mL Centrifugal Filters (EMD Milipore), also yielding DNA 

levels below detection limits by the fluorimetric quantification assay (Qubit). After 

another 25-cycles of PCR (2 µL of DNA template, PCR Master Mix, 926f-1392r 

amplification primers), amplicons were quantifiable after purification of pooled 

replicates (fresh = 8.11 ng µL-1, brackish = 19.9 ng µL-1, and saline = 15.2 ng µL-

1). Even though at that point DNA was quantifiable, none of the samples satisfied 

the minimum concentration of 20 µg DNA µL-1 required for 454 pyrosequencing. 

The amplicons were therefore subjected to an additional 10 cycles of PCR (95 °C

for 3 min; 10 cycles of 95 °C for 30 s, 55 °C for 45 s, 72 °C for 1.5 min; and finally

72 °C for 1 min) in an attempt to increase the DNA concentration. After several 

25- and 10-cycle PCRs and modification of the magnesium content in the 
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Fermentas PCR kit, amplicon DNA concentrations were of sufficient quantity for 

sequencing (fresh =40.4 ng µL-1, brackish = 27.7 ng µL-1, and saline = 19.6 ng µL-

1). A final 10-cycle PCR was carried out for 454 Pyrosequencing barcode 

attachment, after which technical replicates were pooled and samples sent to 

Genome Québec (McGill University, Montréal, Canada) for 454 Pyrosequencing.

3.2.4.1.2. Polymerase chain reaction amplification and Illumina MiSeq 

sequencing of inocula 16S rRNA gene

Samples were amplified using bacteria/archaea universal primers EP926Fi5 

forward (5’-AAA CTY AAA KGA ATW GRC GG-3`) and EP1392Ri7 reverse (5`-

ACG GGC GGT GWG TRC-3`) (Integrated DNA Technologies, Toronto, Canada),

KAPA Hi-Fi single-enzyme system DNA polymerase (Biosystems), and a 30-cycle

first-round PCR program (95 °C for 3 min; 30 cycles of 95 °C for 30 s, 56 °C for 

45 s, 72 °C for 1 min; and finally 72 °C for 5 min). After five unsuccessful 

amplification tests, 7.5 µL of DNA template were used without PCR-grade water 

addition, resulting in good amplification based on an 1% agarose gel 

electrophoresis visualization (40 min, 115 volts and 400 mA) using SybrGreen 

stain. All samples had DNA concentrations above 2 ng µL-1, thus all technical 

replicates were pooled and subjected to Illumina barcode attachment through a 

10-cycle PCR (95 °C for 3 min; 10 cycles of 95 °C for 30 s, 55 °C for 45 s, 72 °C 

for 1.5 min; and finally 72 °C for 1 min). Samples were sequenced in the Energy 
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Bioengineering and Geomicrobiology laboratory (University of Calgary, Calgary, 

Canada), on an Illumina MiSeq sequencer.

3.2.4.2.  Microbial community characterization at 360 and 635 days of 

incubation

After 360 days of incubation, the most methane production was observed in 

brackish microcosms amended with PHEN. Using 16S rRNA gene sequencing, 

all brackish treatments and unamended controls plus fresh- PHEN treatments 

were surveyed at day 360, while all inoculated microcosms were analyzed at day

635. Using anoxic plastic syringes pre-flushed with N2, 1.5 mL of liquid phase 

were subsampled from each of the selected incubations and divided into 5 

technical replicates of 300 µL each. Nucleic acids were extracted as described in 

section 2.4.1.1, and 16S rRNA gene amplification and Illumina sequencing was 

performed as described in section 2.4.1.2.

3.2.4.3. Amplicon sequencing data analysis

The amplicon data from inocula and day 635 were analyzed using the Divisive 

Amplicon Denoising Algorithm 2 (DADA2) R Package (Callahan et al., 2016). The

functions used were plotQualityProfile (graphics of sequences quality profiling 

and inspection), followed by fastqPairedFilter (filtering and trimming), dada 

42



(sample inference), mergePairs (contigs construction), and 

removeBimeraDenovo (quimeras removal). The assignTaxonomy function was 

executed using SILVA SSU release 123 (July 2015) as reference database to 

assign taxonomy at the genus-level to the generated amplicon sequence variants

(a higher-resolution homologous of the more common operative taxonomic units)

(Callahan et al., 2016). A detailed description of the functions and parameters 

used are consigned in appendix B.

After taxonomy assignment, a phylogenetic tree was constructed by neighbor 

joining (NJ). A generalized time-reversible with gamma rate variation (GTR+G+I) 

maximum likelihood tree was then fitted on the NJ tree by doing multiple-

alignment in DECIPHER (Wright, 2015) and Phangorn R packages (Schliep, 

2011).

A dendrogram was created using weighted unifrac distance with hierarchical 

clustering, as well as Inverse of Simpson and Shannon-Wiener diversity indices, 

using phyloseq R package (McMurdie & Holmes, 2013) and graphed with ggplot2

(Wickham, 2009). A non-metric dimensional scaling (NMDS) ordination plot was 

constructed using Bray-Curtis distance, a network plot using unifrac unweighted 

at maximum distance of 0.8, and taxa standardized using phyloseq's 

transform_sample_counts function. Refer to appendix A for a detailed description

of the code and parameters used to construct the above described objects.
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3.3. Results of brackish incubations

Methane formation was detected in all treatments and unamended controls, at all

salinities. Under fresh and saline conditions, the methane generated in the 

treatments was statistically similar to the methane formed in the respective 

unamended controls. In contrast, brackish incubations showed significantly more 

methane in treatments relative to unamended controls (table 3.4, figures 3.1, 3.3 

and 3.5). Based on these results, only the results pertaining to brackish 

incubations will be be presented and discussed in detail.

In terms of microbial community characterizations, the amplicon library obtained 

for samples at day 360 had considerably lower quality (data not shown) than 

amplicon libraries prepared from the inocula or day 635 samples. As the three 

amplicon libraries were intended to undergo computational analyses as a batch, 

the lower quality of the day 360 library was negatively affecting the results for the

other two libraries. In light of the above, only results corresponding to brackish 

incubations and microbial community characterizations from inocula and day 635

will be discussed in the present document. Moreover, only genera detected in 

relative abundances above 1.5% at the genus-level are shown and described.
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3.3.1. inocula microbial community characterization

The most abundant genera in the brackish inoculum were the putative 

acetoclastic methanogenic Methanosaeta (40%), and Youngiibacter (27%) within 

the class Clostridia (table 3.3; figures 3.2, 3.4 and 3.6). Genera present in 

relative abundances below 4% included putative hydrogenothrophic 

methanogens Methanobacterium and Methanoculleus, as well as Smithella 

(Syntrophaceae), Desulfuromonas (Deltaproteobacteria) and Sedimentibacter 

(Clostridiales; formerly genus Clostridium). The brackish inocula community 

clustered apart from any brackish treatment or unamended control, as did fresh 

and saline inocula (figure 3.9 and 3.10). It can also be noted in figure 3.9 that 

fresh and brackish inocula clustered together as an independent group apart 

from the saline inoculum.
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Table 3.3. Microbial community composition for triplicate methanogenic incubations in brackish
medium amended  with  dibenzothiophene  as  sole  carbon  and  energy  source.  The  microbial
community  was  dominated  by  the  genera  Methanosaeta and  Youngiibacter.  Taxa  shown
correspond to  genera detected in  relative  abundances above 1.5% after  quality  control.  16S
rRNA gene amplicon sequencing was performed on an Illumina MiSeq sequencer using universal
primers EP926Fi5 (forward) and EP1392Ri7 (reverse) (regions V6-V8).

Genus Number of reads
(after quality control)

Relative Abundance
(% of total reads)

Methanosaeta 690 39.7

Youngiibacter 474 27.3

Methanobacterium 57 3.3

Smithella 52 3

Desulfuromonas 31 1.8

Methanoculleus 31 1.8

Sedimentibacter 18 1

Desulfovibrio 11 0.6

Methanomethylovorans 10 0.6

Lachnoclostridium 8 0.5

Anaerofustis 6 0.3

Intestinimonas 6 0.3

Propionibacterium 5 0.3

Proteiniphilum 5 0.3

Methanoregula 4 0.2

Pelolinea 4 0.2

Albidiferax 3 0.2

Dehalobacter 3 0.2

Ornatilinea 3 0.2

Staphylococcus 3 0.2

Syntrophorhabdus 3 0.2

Anaerobacillus 2 0.1

Azospira 2 0.1

Christensenellaceae 2 0.1

Fastidiosipila 2 0.1

Leptolinea 2 0.1

Rhizobium 2 0.1

Acetobacterium 1 0.1

Acidovorax 1 0.1
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Acinetobacter 1 0.1

Aquimonas 1 0.1

Bacillus 1 0.1

Delftia 1 0.1

Escherichia-Shigella 1 0.1

Methanomassiliicoccus 1 0.1

Methylotenera 1 0.1

Pseudoalteromonas 1 0.1

Sphaerochaeta 1 0.1

Syntrophus 1 0.1

Zoogloea 1 0.1

Total 1452 84.1

3.3.2 Methane formation and microbial communities in brackish 

incubations

As the data obtained from brackish incubations met the assumptions of normality

and homokedasticity, linear regressions using salinity, substrate, and group 

(either treatments or controls, table 3.1) as co-variants were done, as this was 

the most informative model according to AIC scores. Tukey's HSD identified 

statistical differences in methane formation and production rates between 

treatments and unamended controls for the brackish incubations.
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Table 3.4. Methane formation and production by microbial communities in brackish, fresh, and
saline  medium  after  744  days  of  incubation.  Microcosms  were  amended  with  5  mg  of
phenanthrene  (PHEN),  dibenzothiophene  (DBT),  or  2,6-dimethylnaphthalene  (2,6-diMN).
Observed  methane  (OM)  correspond  to  µmoles  of  methane  in  treatments  and  unamended
controls  headspace  (77  mL)  (section  3.2.2.1)  before  subtraction  of  background  methane
(unamended controls). Expected methane (EM, µmoles) was stoichiometrically estimated based
on the equation proposed by Symons and Buswell (1932). Production rates are expressed in
µmoles of methane day-1 headspace-1. Grey shaded lines correspond to those microcosms fully
described and discussed in the main document.

Compound Salinity Group Replicate OM EM Production
(µmoles day-1)

DBT brackish treatment 1 213.8 183 0.31

DBT brackish treatment 2 194.7 183 0.30

DBT brackish treatment 3 192.4 183 0.27

DBT fresh treatment 1 66.2 183 0.05

DBT fresh treatment 2 33.5 183 0.05

DBT fresh treatment 3 108.5 183 0.17

DBT saline treatment 1 15.8 183 0.01

DBT saline treatment 2 22.5 183 0.03

DBT saline treatment 3 15.1 183 0.02

2,6-diMN brackish treatment 1 265.7 240 0.36

2,6-diMN brackish treatment 2 242.3 240 0.35

2,6-diMN brackish treatment 3 45.5 240 0.06

2,6-diMN fresh treatment 1 85.7 240 0.13

2,6-diMN fresh treatment 2 86.6 240 0.13

2,6-diMN fresh treatment 3 21.6 240 0.03

2,6-diMN saline treatment 1 194.4 240 0.22

2,6-diMN saline treatment 2 181.4 240 0.20

2,6-diMN saline treatment 3 207.2 240 0.22

PHEN brackish treatment 1 213.2 231 0.30

PHEN brackish treatment 2 246.4 231 0.34

PHEN brackish treatment 3 244 231 0.35

PHEN fresh treatment 1 30.8 231 0.04

PHEN fresh treatment 2 196.7 231 0.29

PHEN fresh treatment 3 26.7 231 0.04

PHEN saline treatment 1 89.5 231 0.11

PHEN saline treatment 2 15.7 231 0.02

PHEN saline treatment 3 131.1 231 0.13
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unamended brackish unamended 1 50.3 NA 0.06

unamended brackish unamended 2 58.1 NA 0.1

unamended brackish unamended 3 51.3 NA 0.07

unamended fresh unamended 1 115.3 NA 0.16

unamended fresh unamended 2 17.7 NA 0

unamended fresh unamended 3 237 NA 0.32

unamended saline unamended 1 16.8 NA 0.02

unamended saline unamended 2 112.5 NA 0.12

unamended saline unamended 3 39.5 NA 0.05

Table 3.5. Energy transfer efficiency in brackish methanogenic enrichments amended with 5 mg 
of dibenzothiophene (DBT), 2,6-dimethylnaphthalene (2,6-diMN), or phenanthrene (PHEN) 
dissolved in heptamethylnonane. Methane formation values are the average of triplicate (DBT 
and PHEN) or duplicate (2,6-diMN) incubations, and correspond to µmoles of methane in 
treatments and unamended controls headspace (77 mL) (section 3.2.2.1). Background methane 
amounts produced in unamended (substrate-free) controls (average = 53 µmoles methane) are 
indicative of the use of alternative carbon sources (e.g. dead cells and substrates carry over), 
thus were subtracted from the total methane values observed in treatments. “Energy transfer 
efficiency” reflects the percentage of methane recovery tentatively derived from the use of the 
substrates (5 mg).

Substrate Methane formation
(µmoles)

Standard
Deviation

Methane minus
unamended (µmoles)

Energy transfer
efficiency (%)

DBT 200 11.7 147 80.3

2,6-diMN 254 16.5 201 83.8

PHEN 235 18.51 182 78.8

unamended 53 4.2 - -
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3.3.2.1. Brackish phenanthrene-amended incubations

After 744 days of incubation, phenanthrene amendment resulted in the formation 

of 182 µmoles of methane (average of triplicates), which would be equivalent to 

the conversion of 79% of the supplied substrate into methane (tables 3.4 and 3.5;

figure 3.1), with a maximum methane production of 0.35 µmoles day-1 observed 

in replicate PHEN- 3 (table 3.4). Average methane formation was significantly 

higher in brackish treatments relative to unamended controls (p < 0.01). When 

the incubations were provided with newly prepared brackish medium and 

reamended with PHEN at day 770 (see section 3.2.3.1), methane formation 

continued to increase in the treatment triplicates (figure 3.1).
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Figure 3.1. Methane formation and production by microbial communities in brackish, fresh, and
saline media amended with 5 mg of phenanthrene (PHEN). Data shown correspond to µmoles of
methane in treatments and unamended controls headspace (77 mL) (section 3.2.2.1).  Methane
formation in brackish incubations was significantly higher in treatments relative to unamended
controls.  Day 770 and later show that methane formation continues even after re-amendment
with more PHEN. Replicate fresh-unamended 2 was lost  during incubation due to ingress of
oxygen to the microcosm.
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Despite consistency in the methane formation among the PHEN-amended 

incubations, replicate PHEN-1 had a different relative abundance of taxa above 

1.5%  compared to replicates 2 and 3 (table 3.6; figure 3.2). Genera 

Brevundimonas, Methanoculleus, Methanosaeta, Phenilobacterium, 

Planctomyces, and Smithella were detected in PHEN-1 only, alongside other 

genera in relative abundances below 1.5% (data not shown). The most abundant

taxa in PHEN-2 and PHEN-3 were also present in PHEN-1, although in varying 

abundances as seen for Candidatus Riegeria, Lachnoclostridium, Proteiniphilum,

Pseudomonas, and Shewanella (table 3.6; figure 3.2). Figure 3.9 clustered 

replicates PHEN-2 and PHEN-3 together, apart from PHEN-1.
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Table 3.6. Microbial community composition for triplicate methanogenic incubations in brackish 
medium amended with phenanthrene as sole carbon and energy source. The microbial 
communities were sampled at incubation day 635 and the taxa shown correspond to genera 
detected in relative abundances above 1.5% after quality control. 16S rRNA gene amplicon 
sequencing was performed on an Illumina MiSeq sequencer using universal primers EP926Fi5 
(forward) and EP1392Ri7 (reverse) (regions V6-V8). PHEN-1 = Phenanthrene replicate 1; PHEN-
2 = Phenanthrene replicate 2; PHEN-3 = Phenanthrene replicate 3.

Number of reads
(after quality control)

Relative Abundance
(% of reads)

Genus PHEN-1 PHEN-2 PHEN-3 PHEN-1 PHEN-2 PHEN-3

Pseudomonas 197 156 359 11.5 11.4 14.3

Candidatus Riegeria 55 347 479 3.2 25.3 19.1

Proteiniphilum 46 155 264 2.7 11.3 10.5

Lachnoclostridium 42 403 539 2.5 29.4 21.5

Shewanella 31 51 117 1.8 3.7 4.7

Bacteroides 0 108 162 0 7.9 6.5

Phenylobacterium 176 0 0 10.3 0 0

Methanosaeta 127 0 0 7.4 0 0

Planctomyces 110 0 0 6.4 0 0

Brevundimonas 91 0 0 5.3 0 0

Methanoculleus 63 0 0 3.7 0 0

Smithella 60 0 0 3.5 0 0

Legionella 38 0 0 2.2 0 0

Trichococcus 32 0 53 1.9 0 2.1

Flavobacterium 32 0 0 1.9 0 0

Aquabacter 31 0 0 1.8 0 0

Acidovorax 29 0 0 1.7 0 0

Youngiibacter 29 0 0 1.7 0 0

Streptococcus 0 0 60 0 0 2.4

Total 1189 1220 2033 69.5 89 81.1

The proteobacterial genus Candidatus Riegeria was detected in all replicates, 

ranging from 3% in PHEN-1 to 25% in PHEN-2. Other Proteobacteria detected 

were Pseudomonas (12 to 14%), Phenylobacterium in PHEN-1 (10%), 

Brevundimonas in PHEN-1 (5%), Shewanella (up to 5%), and Smithella in 
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PHEN-1 (4%) (figure 3.2, table 3.6). The Firmicutes member Lachnoclostridium 

was the most abundant genus in PHEN-2 (29%) and PHEN-3 (21%), and was 

also present in PHEN-1 (2%). Other Firmicutes detected included Streptococcus,

Trichococcus, Youngiibacter and Staphylococcus.

Figure  3.2.  Microbial  community  composition  of  phenanthrene-amended  methanogenic
incubations under brackish salinity after 635 days of incubation. Genera shown were detected in
relative abundances above 1.5% of the total reads per sample after quality filtering. Amplicon
sequencing was done using Illumina MiSeq. Amplicon data from inocula and unamended controls
were also added to the graphic for comparative purposes. PHEN = Phenanthrene; PHEN-1 =
Phenanthrene  replicate  1;  PHEN-2  =  Phenanthrene  replicate  2;  PHEN-3  =  Phenanthrene
replicate 3.

Methanogens Methanosaeta (7%) and Methanoculleus (4%) were detected in 

replicates, only in relatives abundances above 1.5% in PHEN-1 (table 3.6; figure 

3.2).
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3.3.2.2. Brackish dibenzothiophene-amended incubations

In DBT-amended incubations, 147 µmoles of methane were formed on average, 

theoretically equivalent to 80% of PACs conversion into methane (tables 3.4 and 

3.5; figure 3.3), with a maximum rate of 0.3 µmoles of methane day-1 observed in 

DBT-1 (table 3.4; figure 3.3). Significantly higher methane was formed in the 

brackish DBT treatments relative to the brackish unamended controls (p = 0.01). 

Following the replenishment of new medium and substrate after 770 days, 

methane production continued to increase.
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Figure 3.3. Methane formation and production by microbial communities in brackish, fresh, and
saline media amended with 5 mg of dibenzothiophene (DBT). Data shown correspond to µmoles
of methane in treatments and unamended controls headspace (77 mL) (section 3.2.2.1). Methane
formation in brackish incubations was significantly higher in treatments relative to unamended
controls. Day 770 and later show that methane formation continues even after re-amendment
with more DBT. Replicate fresh-unamended 2 was lost during incubation due to ingress of oxygen
to the microcosm.
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Microbial community analyses showed that DBT amendment resulted in the 

greatest microbial diversity in replicate microcosms, based on Shannon and 

Simpson diversity indices (figures 3.7 and 3.8). Figures 3.9 and 3.10 show that 

the microbial communities in replicates DBT-2 and DBT-3 are more similar to 

each other than either is to replicate DBT-1.

At the genus level, Methanosaeta (17 to 22%) was the most abundant archaeal 

representative. Methanogens Methanobacterium (4 to 6%) and Methanoculleus 

(6 to 10%) were also detected in all treatment replicates. The most abundant 

bacterial genera were Smithella (7 to 13%), Pseudomonas (6 to 10%), 

Shewanella (7 to 13%), and Candidatus Riegeria (2 to 3%), all belonging to the 

phylum Proteobacteria. Other genera detected included Youngiibacter (2 to 4%), 

Lachnoclostridium (2 to 3%) and Trichococus (only present in DBT-1), and the 

Bacteroidetes Proteiniphilum (3%), all belonging to phylum Firmicutes (table 3.7; 

figure 3.4).
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Table 3.7. Microbial community composition for triplicate methanogenic incubations in brackish 
medium amended with dibenzothiophene as sole carbon and energy source. The microbial 
communities were sampled at incubation day 635 and the taxa shown correspond to genera 
detected in relative abundances above 1.5% after quality control. 16S rRNA gene amplicon 
sequencing was performed on an Illumina MiSeq sequencer using universal primers EP926Fi5 
(forward) and EP1392Ri7 (reverse) (regions V6-V8). DBT-1 = Dibenzothiophene replicate 1; DBT-
2 = Dibenzothiophene replicate 2; DBT-3 = Dibenzothiophene replicate 3.

 Number of reads
(after quality control)

Relative Abundance     
(% of reads)

Genus DBT-1 DBT-2 DBT-3 DBT-1 DBT-2 DBT-3

Methanosaeta 2823 576 920 17.4 18.1 22.4

Pseudomonas 1669 174 364 10.3 5.5 8.9

Smithella 1085 358 537 6.7 11.2 13.1

Methanoculleus 950 310 431 5.9 9.7 10.5

Methanobacterium 699 197 242 4.3 6.2 5.9

Candidatus Riegeria 555 103 78 3.4 3.2 1.9

Proteiniphilum 534 102 126 3.3 3.2 3.1

Shewanella 498 59 0 3.1 1.8 0

Youngiibacter 389 123 130 2.4 3.9 3.2

Lachnoclostridium 388 110 86 2.4 3.4 2.1

Trichococcus 398 0 0 2.5 0 0

Neorhizobium 0 0 63 0 0 1.5

Total 9988 2112 2977 61.7 66.2 72.6

58



Figure  3.4.  Microbial  community  composition  of  dibenzothiophene-amended  methanogenic
incubations under brackish salinity after 635 days of incubation. Genera shown were detected in
relative abundances above 1.5% of the total reads per sample after quality control.  Amplicon
sequencing  was  done  using  Illumina  MiSeq.  Amplicon  data  from the  brackish  inoculum and
brackish unamended controls were also added to the graphic for comparative purposes. DBT =
Dibenzothiophene; DBT-1 = Dibenzothiophene replicate 1; DBT-2 = Dibenzothiophene replicate
2; DBT-3 = Dibenzothiophene replicate 3.

3.3.2.3.  Brackish 2,6-Dimethylnaphthalene-amended incubations

Methane formation of 182 µmoles (average of duplicates) was measured in 2,6-

diMN-amended incubations, theoretically equivalent to the transformation into 

methane of 84% of the substrate amount added to the microcosms (tables 3.4 

and 3.5; figure 3.5). Significantly more methane was formed in brackish 

replicates 2,6-diMN-1 and 2,6-diMN-2 relative to the brackish unamended 

controls (p = 0.01) (table 3.4; figure 3.5), with a highest methane production of 

0.36 µmoles day-1 observed in 2,6-diMN-1. Following the addition of new medium
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and 2,6-diMN at day 770 of incubation (see section 3.2.3.1), methane formation 

continued (figure 3.5).

Figure 3.5. Methane formation and production by microbial communities in brackish, fresh, and
saline media amended with 5 mg of 2,6-dimethylnaphthalene (2,6-diMN). Data shown correspond
to  µmoles  of  methane  in  treatments  and  unamended  controls  headspace  (77  mL)  (section
3.2.2.1). Methane formation in brackish incubations was significantly higher in treatments relative
to unamended controls. Day 770 and later show that methane formation continues even after re-
amendment with more 2,6-diMN. Replicate fresh-unamended 2 was lost during incubation due to
ingress of oxygen to the microcosm.
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Regarding the microbial communities, 2,6-diMN-1 had the highest alpha diversity

(table 3.8; figures 3.7 and 3.8) and was clustered separated from 2,6-diMN-2 and

2,6-diMN-3 (figure 3.9). The most abundant bacteria among the three treatment 

replicates were the Proteobacteria Pseudomonas (8% to 18%), 

Phenylobacterium (3% to 12%), Candidatus Riegeria (4% to 7%), Shewanella 

(1% to 4%) and Smithella (1% to 3%), alongside the Firmicutes 

Lachnoclostridium (3% to 6%) and Trichococcus (1% to 4%). Genera 

Planctomyces (2% to 10%) Methanosaeta (3% to 5%) were also detected in the 

three treatment replicates (table 3.8; figure 3.6).
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Table 3.8.  Microbial community composition for triplicate methanogenic incubations in brackish
medium amended with 2,6-dimethylnaphthalene as sole carbon and energy source. The microbial
communities were sampled at  incubation day 635 and the taxa shown correspond to genera
detected  in  relative  abundances above  1.5% after  quality  control.  16S  rRNA gene amplicon
sequencing was performed on an Illumina MiSeq sequencer using universal primers EP926Fi5
(forward)  and  EP1392Ri7  (reverse)  (regions  V6-V8). 2,6-diMN-1  =  2,6-Dimethylnaphthalene
replicate  1;  2,6-diMN-2  =  2,6-Dimethylnaphthalene  replicate  2;  2,6-diMN-3  =  2,6-
Dimethylnaphthalene replicate 3.

 Number of reads
(after quality control)

Relative Abundance 
(% of reads)

Genus
2,6-diMN-

1
2,6-diMN-

2
2,6-diMN-

3
2,6-diMN-

1
2,6-diMN-

2
2,6-diMN-

3

Pseudomonas 359 287 551 7.4 17.8 15.6

Lachnoclostridium 301 49 217 6.2 3 6.1

Candidatus Riegeria 287 65 232 5.9 4 6.6

Methanosaeta 159 74 177 3.3 4.6 5

Proteiniphilum 154 36 173 3.2 2.2 4.9

Phenylobacterium 151 189 140 3.1 11.7 4

Planctomyces 81 158 129 1.7 9.8 3.6

Smithella 69 46 53 1.4 2.9 1.5

Brevundimonas 0 65 92 0 4 2.6

Trichococcus 0 48 146 0 3 4.1

Lactococcus 118 0 0 2.4 0 0

Marinicella 112 0 110 2.3 0 3.1

Methanoculleus 104 0 0 2.2 0 0

Shewanella 100 0 152 2.1 0 4.3

Bacteroides 76 0 0 1.6 0 0

Legionella 0 66 0 0 4.1 0

Aquabacter 0 37 0 0 2.3 0

Youngiibacter 0 35 57 0 2.2 1.6

Desulfovibrio 0 0 120 0 0 3.4

Neorhizobium 0 0 70 0 0 2

Tessaracoccus 0 0 55 0 0 1.6

Total 2002 1155 2421 41.4 71.6 68.5
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Figure  3.6.  Microbial  community  composition  of  2,6-dimethylnaphthalene-amended
methanogenic incubations under brackish salinity after 635 days of incubation. Genera shown
were detected in relative abundances above 1.5% of  the total  reads per sample after quality
control. Amplicon sequencing was done using Illumina MiSeq. Amplicon data from the brackish
inoculum and brackish unamended controls were added for comparative purposes. 2,6-diMN =
2,6-Dimethylnaphthalene;  2,6-diMN-1  =  2,6-Dimethylnaphthalene  1;  2,6-diMN-2  =  2,6-
Dimethylnaphthalene replicate 2; 2,6-diMN-3 = 2,6-Dimethylnaphthalene replicate 3.

3.3.2.4 Unamended controls

Among the three brackish unamended microcosms used as controls to account 

for methane formation from alternative carbon sources (background methane), 

an average of 53 µmoles of methane was generated in the absence of PACs, 

with a maximum rate of 0.1 µmoles day-1 in unamended-2 (table 3.9; figures 3.2, 

3.4 and 3.6).
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Regarding the microbial communities, members of the phylum Proteobacteria 

were the most abundant among replicates, especially the genus Pseudomonas 

that represented 41% of total reads in unamended-1, 21% in unamended-2, and 

12% in unamended-3. Other genera detected across replicates included 

Candidatus Riegeria (2% to 17%), Shewanella (1% to 4%), Smithella (10%, only 

detected in unamended-3), and Lachnoclostridium (3% to 24%) (table 3.9).

The dominant methanogenic genera in unamended-3 were Methanosaeta (24%),

followed by Methanoculleus (3%) and Methanobacerium (2%). Methanogens in 

unamended-1 and unamended-2 were detected in relative abundances below 

1%.
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Table 3.9. Microbial community composition for triplicate methanogenic incubations in brackish 
medium that served as unamended (no PAC) controls. The microbial communities were sampled 
at incubation day 635 and the taxa shown correspond to genera detected in relative abundances 
above 1.5% after quality control. 16S rRNA gene amplicon sequencing was performed on an 
Illumina MiSeq sequencer using universal primers EP926Fi5 (forward) and EP1392Ri7 (reverse) 
(regions V6-V8). unamen-1 = unamended control replicate 1; unamen-2 = unamended control 
replicate 2; unamen-3 = unamended control replicate 3.

Number of reads
(after quality control)

Relative Abundance 
(% of reads)

Genus unamen-1 unamen-2 unamen-3 unamen-1 unamen-2 unamen-3

Pseudomonas 557 368 867 40.5 24 12.1

Candidatus Riegeria 160 266 158 11.6 17.3 2.2

Lachnoclostridium 152 375 216 11 24.4 3

Trichococcus 84 50 0 6.1 3.3 0

Proteiniphilum 54 122 236 3.9 7.9 3.3

Methanosaeta 0 0 1753 0 0 24.5

Smithella 0 0 711 0 0 9.9

Methanoculleus 0 0 234 0 0 3.3

Methanobacterium 0 0 176 0 0 2.5

Tessaracoccus 53 0 0 3.9 0 0

Bacteroides 40 83 0 2.9 5.4 0

Shewanella 35 69 0 2.5 4.5 0

Total 1135 1333 4351 82.4 86.8 60.8
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Figure 3.7.  Shannon alpha diversity index of inocula, treatments, and unamended controls of
methanogenic  microbial  communities established under brackish,  fresh and saline conditions.
Incubations  were  amended  with  phenanthrene  (PHEN),  dibenzothiophene  (DBT),  2,6-
dimethylnaphthalene (2,6-diMN), except for the inocula (Cowie, 2013) an unamended controls.
Sequencing  was  performed  on  an  Illumina  MiSeq  using  primers  EP926Fi5  (forward)  and
EP1392Ri7 (reverse) (regions V6-V8). A general increase in microbial diversity was observed in
amplicon data from day 635 (2,6-diMN, DBT, PHEN, and unamended controls) relative to  inocula
(brackish, fresh, and saline).
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Figure 3.8.  Inverse of  Simpson alpha diversity index of  inocula,  treatments,  and unamended
controls of  methanogenic microbial  communities established under brackish,  fresh and saline
conditions. Incubations were amended with phenanthrene (PHEN), dibenzothiophene (DBT), 2,6-
dimethylnaphthalene (2,6-diMN), except for the inocula (Cowie, 2013) an unamended controls.
Sequencing  was  performed  on  an  Illumina  MiSeq  using  primers  EP926Fi5  (forward)  and
EP1392Ri7 (reverse) (regions V6-V8). A general increase in microbial diversity was observed in
amplicon data from day 635 (2,6-diMN, DBT, PHEN, and unamended controls) relative to  inocula
(brackish, fresh, and saline).
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Figure 3.9 Cluster dendrogram of inocula, treatments, and unamended controls of methanogenic
microbial communities established under brackish, fresh and saline conditions. Incubations were
amended with  phenanthrene (PHEN),  dibenzothiophene (DBT),  2,6-dimethylnaphthalene (2,6-
diMN), except for the inocula (Cowie, 2013) an unamended controls. Sequencing was performed
on an Illumina MiSeq using primers EP926Fi5 (forward) and EP1392Ri7 (reverse) (regions V6-
V8).  The  dendrogram  was  constructed  using  the  weighted  unifrac  distance  with  average
hierarchical  clustering.  PHEN  =  Phenanthrene;  DBT  =  Dibenzothiophene;  2,6-diMN  =  2,6-
Dimethylnapthalene. Numbers adjacent to sample names correspond to biological replicates.
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Figure 3.10. NMDS ordination plot with Bray-Curtis distance (stress = 0.9) of inocula, treatments,
and unamended controls  of  methanogenic  microbial  communities established under brackish,
fresh  and  saline  conditions.  Incubations  were  amended  with  phenanthrene  (PHEN),
dibenzothiophene (DBT), 2,6-dimethylnaphthalene (2,6-diMN), except for an unamended controls
(substrate-free) and inocula (Cowie, 2013). Sequencing was performed on an Illumina MiSeq
using primers EP926Fi5 (forward) and EP1392Ri7 (reverse) (regions V6-V8).  Despite the fact
that salinity conditions (fresh, brackish, or saline) and/or carbon sources (PHEN, DBT, or 2,6-
diMN) have an effect in the microbial diversity relative to the inocula), this NMDS shows that there
are no clear correlations between the effect of salinities, methane formation, type of substrate, or
the combination of these factors. PHEN = Phenanthrene, DBT = Dibenzothiophene, 2,6-diMN =
2,6-Dimethylnaphthalene.  Numbers  adjacent  to  sample  names  correspond  to  biological
replicates.
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3.3.3. Metabolites detected

Themetabolite 6-methyl-2-naphthoic acid was putatively detected in its silylated 

form (figure 3.11a) in the 2,6-diMN brackish incubations. The same metabolite 

was tentatively detected in fresh and saline incubations amended with 2,6-diMN, 

and had a mass spectral profile identical to that reported by Berdugo et al. 

(2012). Methylnaphthylsuccinate, the first intermediate presumably formed in the 

activation of 2,6-diMN via fumarate addition, was also tentatively detected  in 

brackish and saline medium (figure 3.11b) based on comparison of fragment ions

with 3-methylbenzylsuccinic acid mass spectral profile (not shown). Positive 

identification of the detected metabolites will require comparison with an 

authentic standard in future work. No predicted metabolites could be identified in 

the DBT- or PHEN-amended incubations.

70



a)

b)

Figure 3.11. Intermediate products tentatively detected in methanogenic incubations amended
with  2,6-dimenthylnaphthalene.  The  intermediate  products  6-methyl-2-naphthoic  acid  (a)  and
methylnaphthylsuccinate (b),  resultant  products  of  the  activation  of  2,6-diMN  via  fumarate
addition. Mass spectra showed correspond to the trimethylsilylated forms.
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3.4. Discussion

Humanity's intensive use of fossil fuels as energy sources and/or raw materials 

for a wide range of purposes, has led to the contamination of natural 

environments. The contamination, a result of both production and consumption of

petroleum derivatives, has impacted water, soil and air. As responsible in great 

measure for the contamination and destruction of natural resources, humanity 

has the ethical obligation of developing strategies to attenuate the negative 

environmental impacts we have caused, and microbial bioremediation offers a 

relatively low-cost and eco-friendly approach to achieve this objective (Billiard et 

al., 2008; Chibueze et al., 2016; EPA, 2009; NOAA, 2014; Pallardy, 2016).

In this study, I established microcosms that are tentatively capable of using 

model PACs as carbon and energy sources in brackish salinity, as significantly 

enhanced methane formation was observed in treatments relative to unamended 

(substrate-free) and sterile (microorganisms-free) controls. These microbial 

consortia, in addition to being of high value for investigating the metabolic 

mechanisms involved in PACs degradation under methanogenic conditions, have

potential applications not only in bioremediation approaches but also in industrial 

applications, like natural gas production for re-pressurization of oil fields.
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3.4.1. Microbial community composition of the brackish inoculum

The brackish inoculum contained a high proportion of putative acetogens 

affiliated with the genus Youngiibacter (formerly Acetivibrio), and acetate-utilizing 

methanogens within the genus Methanosaeta (tables 3.6, 3.7 and 3.8; figures 

3.2, 3.4 and 3.6). Th dominance of these two genera suggest that a 

predominance of acetoclastic methanogenesis was favored from the outset of 

experimental incubations, and could be predicted as the main methanogenic 

process in the brackish incubations. However, the presence of hydrogenotrophic 

methanogens from the genera Methanoculleus and Methanobacterium implies 

that the initial microbial community also had the potential for hydrogenotrophic 

methanogenesis.

A similar observation was reported by Cowie (2013) on the same microbial 

community (section 2.1) based on stable carbon isotope composition analysis. In 

addition to acetoclastic methanogenesis being predominant in all the inoculated 

microcosms, an increase in δ13CO2 in 5 out of 12 microcosms suggested that 

hydrogenotrophic methanogenesis was responsible for up to 10% of the total 

methane formed. The enrichment of hydrogenotrophs in only 42% of the 

microcosms was explained by Cowie (2013) as being presumably due to intrinsic

biological complexity of the microbial community, since all microcosms were 

established simultaneously and under the same experimental conditions.
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As described in section 3.1, the microbial communities used in the present study 

proceeded from a set of experiments inoculated with bituminous oil sands 

material and augmented with a methanogenic microbial community known to 

degrade 2,6-diMN (Berdugo-Clavijo et al., 2012; Cowie, 2013). Using the 2,6-

diMN-degrading methanogenic community used by Cowie (2013) for 

augmentation purposes, Berdugo-Clavijo et al. (2012) reported the enrichment of

genera Methanosaeta (34%), Clostridium 32%, and Methanoculleus 28% after 

approximately 150 days of incubation with 2 mg of 2,6-diMN disolved in HMN. 

The microbial community described by Berdugo-Clavijo and collaborators (2012) 

resembles the microbial community composition of the inoculum used in the 

present study, where methanogenic archaea were co-dominant alongside taxa 

from the order Clostridiales. However, differences between the community 

composition of the inoculum and the microbial community described by Berdugo-

Clavijo et al. (2012) could, in principle, be attributed to the contribution of 

microbes from oil sands materials used by Cowie (2013, section 3.1) as co-

inoculum and carbon source. For example, Desulfuromonas (phylum 

Proteobacteria), a sulfur-reducing genus capable of acetate oxidation 

(Kleinsteuber et al., 2012), was detected in the inoculum  but not in the 2,6-diMN-

degrading enrichment reported by Berdugo-Clavijo (2012), neither was in other 

enrichments that made use of microbial consortia derived from the gas-

contaminated aquifer reported by Gieg et al. (1999) (Berdugo-Clavijo et al., 2012;

Fowler et al., 2012).
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The apparent  increase in relative abundances of some taxa, as reported by 

Cowie (2013) can also be due to the availability of a more diverse carbon source 

(bituminous oil sands ) compared to the pure PACs as supplied by Berdugo-

Clavijo and coworkers (2012), as well as Fowler and coworkers (Fowler et al., 

2014).

3.4.2. Brackish microcosms

3.4.2.1. Phenanthrene

Despite similar methane formation levels across PHEN-amended replicates, 

several differences were found in the microbial community compositions of 

PHEN-2 and -3 compared to PHEN-1 (section 3.2.1; table 3.6; figures 3.2, 3.9 

and 3.10). The most noticeable difference was the absence methanogens at 

relative abundances above the 1.5% threshold in PHEN-2 and -3, while 

methanogens in PHEN-1 added up to 11% of total of reads for the same 

threshold (figure methane PHEN). PHEN-2 and -3 contained high proportions of 

Bacteroides, Lachnoclostridium, and Proteiniphilum, genera with representatives 

capable of acetate generation from CO2 and H2 (Diekert & Wohlfarth, 1994). 

Even though the presence of these putative acetogens would be expected to 

favor acetoclastic metabolism, no acetoclastic methanogens were detected in 

significant abundances in PHEN-amended replicates 2 and 3, in contrast to the 

acetoclastic methanogens-enriched inoculum. Among genera present in PHEN-1 
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only in abundances greater than 1.5% were Phenylobacterium, Planctomyces, 

and Smithella. The latter has representatives capable of hydrocarbon 

degradation via fumarate addition (Tan et al., 2015; Wawrik et al., 2016). Another 

genus detected in replicates 1 (2%), 2 (4%) and 3 (5%) is Shewanella, which 

contains some species that have been reported as being capable of using PAHs 

as sole sources of carbon, albeit aerobically (Said et al., 2008).

An interesting finding is the detection of microorganisms commonly considered to

be aerobes, like Pseudomonas, alongside the less frequently encountered 

Candidatus Riegeria (family Rhodospirillaceae). The well-known hydrocarbon-

degrader Pseudomonas (Prabhu and Phale, 2003) has been reported several 

times in methanogenic environments and incubations (An et al., 2013; Berdugo-

Clavijo and Gieg, 2014; Head et al., 2014). This finding opens a door to the 

possibility that members of this genus and other genera that are typically 

considered aerobic are capable of syntrophic partnerships involved in anaerobic 

PACs degradation, or are at least participants to some extent in anaerobic 

metabolic transformations in anoxic environments (An et al., 2013; Cruz et al., 

2011; Head et al., 2014) (figure 3.2, table 3.6).

Another important difference was that common genera detected across the three 

replicates were detected in lower relative abundances in PHEN-1 relative to 

PHEN-2 and -3 (table 3.6). For instance, Lachnoclostridium represented 3% of 

the total reads in PHEN-1, in contrast with 25% and 21.5% detected in PHEN-2 

and -3, respectively. Similarly, 3% of the reads in PHEN-1 corresponded to 
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Candidatus Riegeria, while the same genus represented 25% and 19% of the 

reads in PHEN-2 and -3, respectively. Perhaps the presence of a more diverse 

microbial community as observed in PHEN-1 explains the general lower 

abundances of microorganism detected in this microcosm, relative to PHEN-2 

and PHEN-3 (table 3.6; figure 3.2, 3.7 and 3.8).

The differences in the microbial community compositions among PHEN 

treatment replicates (figure 3.2, table 3.6) is apparently unrelated to the amount 

of methane formed and its production rates, thus the lack of methanogenic 

archaea may be due to a DNA extraction or sequencing biases that particularly 

affected this sample, as PHEN-1 clearly demonstrated methanogenic activity 

(figure 3.1, table 3.4). Other differences between the three replicates, however, 

may be the result of ecological redundancy among the genera detected as 

methane formation/production values are similar.

3.4.2.2. Brackish dibenzothiophene-amended incubations

Among the three substrates evaluated, DBT resulted in the most reproducible 

methane formation and production across replicates (tables 3.4 and 3.5; figure 

3.4), with high statistical differences in methane formation between brackish 

treatments and unamended controls (p < 0.01) serving as evidence for 

methanogenic microbial DBT degradation.
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Dibenzothiophene-amended treatment replicates also exhibited the most 

reproducible community composition in terms of relative abundances (figures 3.7,

3.9 and 3.10). However, the number of amplicon reads obtained from DBT-1 

(9988) was around five times higher than in DBT-2 (2112) and DBT-3 (2977) 

(table 3.7). The reason why the number of reads obtained from DBT-1 was 

higher than the other replicates is unclear, especially as DNA extractions and 

sequencing samples preparation were done under the same conditions and time 

frames. It must be noted that the difference in the number of reads across 

replicates was controlled for in amplicon library analysis, with libraries being 

subjected to rarefaction before statistical analyses.

 A finding unique to the brackish DBT treatments was the presence of members 

of the genus Smithella (Syntrophaceae) in all three replicates (between 7% and 

13% relative abundance). The consistent detection of Smithella in the DBT-

amended replicates but not in the unamended controls suggests an important 

role of this bacterium in the methanogenic biodegradation of DBT. Smithella spp.,

previously detected in methanogenic crude oil-degrading consortia, have been 

reported to activate alkanes by fumarate addition in syntrophic partnership with 

hydrogenotrophic methanogens (Gieg et al., 2014; Oberding, 2016; Tan et al., 

2015; Wawrik et al., 2016). To date there are no studies reporting the presence of

Smithella in relative abundances that could suggest this genus as a key player in 

the methanogenic degradation of PAHs or PACs. Berdugo-Clavijo et al. (2012) 

detected Smithella in comparatively low relative abundance (0.1%) in a 
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methanogenic consortium able to degrade substituted and unsubstituted 

naphthalenes. The current may thus be the first report of Smithella as a potential 

key degrader of S-PACs under methanogenic conditions. More work is still 

needed in order to gather evidence for the intriguing possibility that Smithella 

spp. participate in DBT biodegradation under anaerobic conditions. 

Similarly, this may be the first report on the  tentative use of DBT as a sole 

carbon and energy source by methanogenic microbial consortia at the laboratory 

scale. Holowenko (2012) evaluated the degradation of DBT under methanogenic 

conditions, among other PACs, but no evidence for degradation of this sulfur 

heterocycle was observed. Under sulfate reducing conditions, degradation of 

DBT and other sulfur heterocyclic compounds have been widely reported, either 

used by microbial communities as the main carbon source, or co-metabolically 

degraded in the presence of other aromatic compounds (Annweiler et al., 2001; 

Armstrong et al., 1995; Bahrami et al., 2001).

Annweiler and coworkers (2001) reported the cometabolic degradation of DBT in 

the presence of naphthalene as carbon source by a sulfate-reducing enrichment 

culture from a tar-oil contaminated aquifer. Although DBT was not used directly 

as a carbon source, further studies suggested the same enzymatic machinery 

could act both under sulfate reducing and methanogenic conditions. However, 

DBT was reported as a rather poor cometabolic substrate for naphthalene 

degradation.
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To date, only one study by Hubert and colleagues (2012) has implied the 

methanogenic degradation of DBT in a Canadian oil sands reservoir. The authors

reported a correlation between depth and DBT biodegradation (as inferred from 

DBT concentrations) in core samples from a shallow oil sands mine 80 m below 

surface. Associated formation waters near the oil water contact revealed 

Epsilonproteobacteria to be present in the highest relative abundance, however 

community analyses from the overlying oil leg (where DBT was measured) were 

not performed. In contrast to Hubert et al. (2012) findings, in the present study 

the dominant bacterial groups in DBT-amended incubations were 

Gammaproteobacteria and Firmicutes, two taxa among the most abundant taxa 

detected in oil reservoirs (Hubert et al., 2012) whereas no Epsilonproteobacteria 

were detected in DBT-amended methanogenic microcosms. The difference in 

dominant taxa between the two studies is likely due to samples origin – for 

example, the Hubert et al. (2012) samples were obtained from formation waters 

from the Athabasca oil sands region with differing depths and salinity compared 

to the bioaugmented Cold Lake oil sands inoculum (section 3.2.1) used in the 

present study. Moreover, direct community characterization from formation 

waters versus bench-scale enrichments conducted over two years is likely also 

an important source of variation between the two studies.
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3.4.2.3  Brackish 2,6-Dimethylnaphthalene-amended incubations

As observed in PHEN- and DBT- amended treatments, a slight surplus of 

methane was also observed in 2,6-diMN-1 and 2,6-diMN-2 relative to 

stoichiometric predictions. This was not the case for 2,6-diMN-3, where methane 

formation was significantly lower relative to replicates 1 and 2, and similar to the 

brackish unamended controls, as a result of the ingress of oxygen into the 

microcosm during the incubation period (figure 3.6, table 3.4). 

Among studies evaluating the methanogenic degradation of substituted 

naphthalene species, Berdugo-Clavijo et al. (2012) reported the degradation of 2 

mg of 2,6-diMN with the concomitant formation of approximately 600 µmoles CH4

in a period of 110 days, using one of the microbial communities used by Cowie 

(2013), ultimately used as inoculum for the present study (section 3.2.1). 

Additionally, the metabolites 6-methyl-2-naphthoic acid and a tentative 

methylnaphthylsuccinate were identified, offering potential evidence for the 

degradation of 2,6-diMN via fumarate addition, as previously reported for an 

enrichment culture established under sulfate-reducing conditions (Annweiler et 

al., 2000).

Intriguingly, and despite the very different levels of methane formation (table 3.4; 

figure 3.5), highly similar microbial community compositions were observed 

across 2,6-diMN-amended treatment replicates after 635 days of incubation 

(table 3.8, figure 3.6). This similarity was more evident between replicates 2,6-
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diMN-2 and 2,6-diMN-3 as the two microcosms were clustered as an individual 

group, though not far apart from 2,6-diMN-1 (figure 3.9). The similarity among the

replicates also included an interestingly low relative abundance of methanogens 

in all three replicates (all below 6%), irrespective of the total methane formed or 

production rates (tables 3.4 and 3.8; figures 3.5 and 3.6).

Several aspects noted in 2,6-diMN-1 are worth highlighting. A particularly high 

alpha diversity was observed in this microcosm, with diversity scores above 

those observed in any PHEN- or DBT-amended microcosms, or any unamended 

controls (figures 3.7 and 3.8). This high diversity at the genus level is due to a 

more homogeneous community composition with no clear dominant genera (all 

detected genera were in relative abundances below 8%), and a higher number of

taxa in relative in abundances below 1.5% (data not shown). This same replicate 

had the most methane formation during the incubation time (figure 3.5), 

suggesting that the methanogenic transformation of 2,6-diMN does not 

necessarily depend on the enrichment of a few specific taxa (e.g. four particularly

enriched genera as observed in PHEN-amended incubations, figure 3.4). 

Instead, 2,6-diMN transformation may rely on possible redundant ecological 

functions spread across groups present in low relative abundances, resulting in 

more even community composition within these microbial consortia (Allison & 

Martiny, 2008).

Desulfovibrio (Deltaproteobacteria), a common member of aromatic 

hydrocarbon-degrading microbial communities potentially implicated in the 
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transformation of hydrocarbon degradation products (Tan et al., 2015; 

Kleinsteuber et al., 2012), was only present in the low-yield methane replicate 

2,6-diMN-3. Berdugo-Clavijo et al. (2012) also reported the presence of 

Desulfovibrio in a study inoculated with one the methanogenic enrichments used 

as co-inoculum for the present study. However, this organism likely plays a role in

downstream metabolism and is not an initial hydrocarbon activator (Fowler et al., 

2016).

In addition to the detection of Pseudomonas, other Proteobacteria detected in 

2,6-diMN were Legionella and Neorhizobium (formerly Rhizobium), reported by 

Zhang and collaborators (2012) as anthracene degraders under methanogenic 

conditions. Little is known about what role these taxa may play during PAC 

biodegradation.

3.4.2.4. Comparison between incubations amended with phenanthrene, 

dibenzothiophene, and 2,6-dimethylnaphthalene

Several particularities were found in the microbial community composition  of  

microcosms amended with DBT, PHEN or 2,6-diMN. For instance, the microbial 

community composition in DBT treatments, especially in DBT-2 and -3, changed 

less in time with reference to the source inoculum, compared to PHEN- or 2,6-

diMN-amended microcosms (figure 3.10). Also, methanogenic genera in DBT-

amended microcosms were found in abundances of at least 28%, while in PHEN-
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amended these values were 11% (only detected in replicate 1), and up to 5% in 

the 2,6-diMN incubations. In spite of these differences seen in the microbial 

community according to 16S rRNA gene amplicon sequencing data, the methane

formation and production values were comparable to those observed in PHEN 

and 2,6-diMN treatments (table 3.4; figures 3.1, 3.3 and 3.5). The dominance of 

acetoclastic methanogens over hydrogenotrophs is in agreement with other non-

reservoir methanogenic studies (e.g. Fowler et al., 2012; Gieg et al., 2008), as 

there are no external sources for H2 replenishment as has been proposed for oil 

reservoirs (Gray et al., 2011; Jones et al., 2008; Head et al., 2003).

Another interesting difference was the apparent enrichment of the genus 

Smithella (Syntrophaceae) in the DBT-amended incubations, whereas this taxon 

was barely detected in PHEN- and 2,6-diMN-amended , or unamended controls 

(table 3.6-3.8). The consistent detection of Smithella in the three DBT-amended 

replicates may suggest  a role for these bacteria in the methanogenic 

degradation of DBT. However, further examination will be required to test this 

hypothesis.

In overall, it seems there is no clear correlation between the microbial community

composition of treatments and unamended controls and the presence of 

substrate (PHEN, DBT, and 2,6-diMN), salinity (brackish, fresh, and saline), or a 

combination of the two factors. However, there is an undetermined effect of 

caused by PACs presence in brackish incubations, based on the significantly 

higher methane formation and production in PAC-amended incubations relative 
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to their unamended controls. This significant difference in methane formation was

not observed under either fresh or saline conditions.

3.4.2.5. Potential alternative carbon sources hypothesis

Significantly higher methane formation and production was observed in PHEN, 

DBT, and 2,6-diMN treatments relative to unamended controls under brackish 

conditions. Unfortunately, methane formation data could not be correlated to 

substrate loss from the HMN layer due to reproducibility issues. These 

circumstances, along with similar amounts of methane formation between 

treatments and unamended controls under fresh and saline conditions, add some

uncertainty in terms of the capabilities of these microbial communities to use 

PACs as sole carbon and energy source under methanogenic conditions. 

Among alternative explanations to the observes methane formation, it could be 

hypothesized that PACs had toxic effects on the microbial consortia rather than 

serving as carbon and energy sources, leading to cell death and subsequent 

methane formation from the resulting necromass. Estimations of tentative 

methane formation from PAC-killed cells as the main carbon source, assuming 

lethal substrate toxicity, suggest that approximately up to 75 µmoles of methane 

could be formed from dead biomass, which would explain only 30% (at the most) 

of the observed methane formed. This estimation assumes a cell density of 109 
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dead cells mL-1, a rather optimistic cell count for bench-scale methanogenic 

incubations like those established here. This calculation, thus, rule out the 

possibility that the entire methane observed in the brackish microcosms resulted 

from necromass serving as a parent substrate.

Another possibility could be other carbon sources carry over during the 

inoculation process, but this alternative is actually accounted for by the 

unamended controls themselves (referred sometimes as “background methane” 

in this document). Thus, based on Occam's razor principle, PAC-driven 

methanogenesis seems the most parsimonious explanation under brackish 

conditions.

3.5. Conclusions

This study established methanogenic microbial communities that showed 

enhanced methane formation and production in the presence of 2,6-diMN, PHEN

and DBT relative to unamended controls under brackish salinity. Based on 

metabolites analyses, the detection of 6-methyl-2-naphthoic acid is strong 

evidence that suggests that this microbial communities can degrade 2,6-

dimethylnaphthalene via fumarate addition. However, the evidence is 

circumstantial in the case of PHEN and DBT as no intermediate products were 

detected, leaving only enhanced methane formation in treatments versus 

brackish unamended controls, along with stoichiometric and energy transfer 
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efficiency theoretical estimations, as evidence for PHEN- and DBT-driven 

methanogenesis.

Amendment of this consortium with pure PACs as sole carbon and energy 

sources led to an increase in the microbial diversity relative to the inoculum  

(figures 3.2, 3.4 and 3.6). Changes in the microbial communities were observed 

at different levels, even among replicates of treatments established under the 

same experimental conditions.

Across PAC-amended incubations, energy transfer efficiency (i.e. methane 

recovery) was approximately 80% (table 3.5) based on the stoichiometrically 

expected methane (Symons & Buswell, 1932) from 5 mg of substrates initially 

added to each microcosm (table 3.1). These percentages are in agreement with 

the findings of Edwards and Grbic’-Galic' (1994), where degradation of toluene 

and o-xylene resulted in energy transfer efficiency values close to 80%, and the 

remaining 20% was suggested to be incorporated into anabolic processes (i.e. 

biomass formation).

If all incubations established under different salinities were to be analyzed, both 

salinity and type of PACs used had an effect on the microbial community 

composition and methane formation or production. Among replicates, brackish 

incubations exhibited less variability in methane formation across replicates 

compared to fresh or saline incubations. In contrast, no significant difference in 

methane formation was found between treatments and unamended controls 
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under fresh and saline conditions.

However, the inclusion of other analytical and quantitative techniques will be 

necessary to decipher the functions of the members of this microbial consortium 

and the fate of the substrates supplied as carbon sources. Future techniques 

should include approaches like stable-isotope probing, metagenomics, 

metabolomics, and quantitative PCR.

Different microbial community structures can lead to the formation of comparable

amounts of biogenic methane. In this study, methane formation and its 

production rates were similar for microcosms harboring microbial communities 

with low diversity and high relative abundances, and high diversity and low 

relative abundances, at genus level. This may be explained by ecological 

redundancy of the taxa present in the consortia, leading to the conversion of 

substrates into products like organic acids, H2, CO2, and acetate.

Although relative abundances (based on amplicon sequencing data) suggest a 

role for Smithella as activator in the methanogenic degradation of DBT, further 

experiments are required to establish the ecological function of this group. 

Approaches other than amplicon sequencing are needed to establish if DBT is 

being used as sole carbon and energy source, sulfur source, or both, as 

amplicon library results alone are insufficient to establish either syntrophic or any 

other functional roles carried on by Smithella in these consortia (Gieg et al., 

2014). The results presented here suggest that the model PACs used are 
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susceptible to methanogenic biodegradation, and this work has provided cultures

that can now be used for more detailed studies.
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Chapter four: Aerobic degradation of polycyclic aromatic compounds by 

indigenous microorganisms from the Canadian oil sands.

4.1. Introduction

The Canadian oil sands contain the third largest crude oil reserves in the world 

(Alberta Energy, 2017). Oil sands are a mixture of sand, clay, water, and bitumen,

the latter of which is a form of highly biodegraded crude oil (Harner et al., 2011). 

Bitumen is rich in polycyclic aromatic compounds (PACs), a mixture of polycyclic 

aromatic hydrocarbons (PAHs) and aromatic heterocycles of sulfur, oxygen, and 

nitrogen, but is depleted of saturated hydrocarbons and lower molecular weight 

aromatic hydrocarbons (Chibueze et al., 2016; Hesham et al., 2014).

PACs are widespread pollutants of health and environmental concern, mostly as 

the result of human activity related to the oil and gas industry. Among the 

compounds of health concern, PAHs are of main relevance as their presence and

by-products of their degradation have been linked to cancer and mutations in 

mammals (EPA, 2009; Seo et al., 2009; López-Carrillo et al., 2010; Hesham et 

al., 2014). Due to their chemical properties, physical or chemical reclamation of 

PAHs can be difficult and expensive. However, their degradation by 

microorganisms has been widely studied, offering a cheaper and cleaner option 

for reclamation of contaminated sites when applied under adequate conditions 

(Karamalidis et al., 2010; Mohd-Kami et al., 2014). The application of this 
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strategy, called bioremediation, has been successfully tested both at the 

laboratory and field level, with promising results for the removal of water and soil 

contaminants. Bioremediation takes advantage of the natural metabolic 

capabilities of microorganisms to degrade a variety of contaminants, including 

PACs, favoring the transformation of dangerous compounds into innocuous 

products like water and CO2 (Chibueze et al., 2016).

Biodegradation effectiveness and rates are governed by abiotic factors like 

temperature, pH, salinity, and the bioavailability of substrates, making the 

application of bioremediation strategies in contaminated sites challenging 

(Chibueze et al., 2016). Thus, establishing the best conditions to favor 

biodegradation by indigenous microorganisms is of primary importance for the 

success of bioremediation (Chibueze et al., 2016; Mohd-Kami et al., 2014).

In order to gain a better understanding of the processes involved in the 

degradation of PACs by microorganisms, compounds such as phenanthrene 

(PHEN), 2,6-dimethylnaphthalene (2,6-diMN), and dibenzothiophene (DBT) have

been used as model compounds for biodegradation studies (Mohd-Kami et al., 

2014; Bressler et al., 2001). The aerobic and anaerobic degradation of these 

compounds has been reported (Berdugo-Clavijo et al., 2012; Patel et al., 2012; 

Seo, 2012; Haritash & Kaushik, 2009), though aerobic biodegradation strategies 

are preferred as faster degradation rates can be achieved. 
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Among PAHs, PHEN is one of the most intensively studied compounds due to 

the presence of bay- and k-regions in this molecule that can lead to the formation

of epoxides, compounds of interest for their carcinogenic properties (Seo et al., 

2009). In a study by Prabhu and Phale (2003), Pseudomonas sp. strain PP2 

isolated from a gas station soil utilized up to 28.6 mg of PHEN mL-1 day-1  via the 

salicylate pathway (figure 2.1). In a different study, Seo et al. (2006) found 

Arthrobacter sp. P1-1 was capable of metabolizing 5.7 mg of PHEN L-1 day-1 via 

the phthalate pathway, though salicylic pathway products were also present. In a 

study by Moody et al. (2001), Mycobacterium sp. strain PYR-1 originally isolated 

from oil-contaminated estuary sediments was found able to degrade 0.03 mg of 

PHEN mL-1 day-1. Under anaerobic conditions, degradation rates are 

considerably slower and generally carried by consortia rather than axenic 

cultures. Davidova and collaborators (2007) reported the loss of 0.1 mg mg of 

PHEN from the HMN layer day-1 in a sulfate-reducing enrichment originally from 

hydrocarbon-contaminated marine sediments. Deltaproteobacteria were detected

in the consortium via clonal 16S rRNA gene sequencing (Davidova et al. 2007). 

Surprisingly, only a few prior studies have examined the aerobic hydrocarbon 

biodegradation potential of oil sands-associated communities, and used either 

river sediments or outcrops located near oil sands operations. In the early 1980s,

Wyndham and Costerton (1981a, 1981b) showed that microbial communities 

from the oil sands, as well as outcrop sediments from the Athabasca river, were 

capable of hydrocarbon oxidation with higher degradation rates observed in the 
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oil sands itself coupled to the preferential degradation of saturated, aromatics, 

and first polar fractions (i.e. maltenes). Moreover, the authors reported seasonal 

variations in the degradation of naphthalene and hexadecane with higher rates 

observed in summer compared to the winter season, uncorrelated with significant

increase in cell numbers based on most probable number technique (Wyndham 

& Costerton, 1981a). 

Using microbial community sequencing of several samples collected from around

the oil sands region, Yergeau et al. (2012) showed that mining operations in the 

oil sands region can lead to a decrease in bacterial diversity. Samples obtained 

from tailing ponds and surroundings were less diverse in their bacterial 

composition than samples from distant locations within the oil sands region. 

Similarly, river sediments further away from mining operations exhibited more 

bacterial diversity than river sediments samples obtained from sites close to oil 

sands exploitation sites. According to Yergeau and collaborators (2012), tailings 

ponds might exert a selective pressure on the microbial community structure due 

to tailings water migration into relatively close water sources (within 15 km from a

tailings ponds). The authors also suggested the lower diversity in tailings ponds 

relative to sediments further away from mining operations might be attributed to 

high concentration of toxic compounds in tailings waters, as well as to low 

diversity of carbon sources relative to oil sands.

Wong et al. (2015) subsequently examined oil sands outcrop samples using a 

metagenomics approach and amplicon sequencing of 16S/18S rRNA gene to 
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identify the key microbial taxa present in such outcrops. The authors 

demonstrated that the microbial communities contained numerous genes 

encoding for a variety of oxygenases associated with aerobic hydrocarbon 

oxidation by both fungi and bacteria. A synergistic effort for hydrocarbon 

degradation between fungi and bacteria was found, as well as a zonation 

phenomenon in terms of oxygen presence across the samples, offering a niche 

for anaerobic metabolism.

Thus, based on these prior studies and the fact that bitumen is a highly 

biodegraded oil, rich in PACs, it is expected that microbial communities 

indigenous to Alberta’s oil sands have the natural ability to biodegrade these 

kinds of compounds. Thus, here we used Canadian oil sands bitumen samples 

(obtained from an open pit mining operation) to assess their potential to 

aerobically biodegrade the model compounds PHEN, 2,6-diMN, and DBT.  

4.2. Materials and Methods

4.2.1 Establishment of initial PAC-degrading cultures

In order to assess the ability for oil sands-associated microbial communities to 

biodegrade PHEN, 2,6-diMN, or DBT, aerobic incubations were established 

under three salinities in B+NP minimal salts medium (Fedorak & Westlake, 

1984). To test the biodegradation of PACs under different salinities, the medium 
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was amended with different amounts of NaCl and designated as fresh (0.4 g L-1 

NaCl), brackish (4 g L-1 NaCl) or saline (16 g L-1 NaCl) (appendix E), salinities 

that represent the range found in Alberta’s oil sands region (Cowie, 2013).

After autoclaving (at 120 ºC and 15 psi) for 20 min, 200 mL of fresh medium was 

dispensed into each of three autoclaved 500 mL Erlenmeyer flasks. Each flask 

was inoculated with 50 g of shallow oil sands material that had been obtained 

from Suncor's Millenium mine near Fort McMurray (Alberta, Canada) and kept at 

5 ºC until use.  After inoculation, each flask was amended with 20 mg of solid 

PHEN, 2,6-diMN or DBT (added as pure compounds), and incubated at 27 ºC 

and 130 rpm using foam plugs and aluminum foil to allow for continuous aeration 

while maintaining sterility. The same procedure was followed to establish 

brackish and saline incubations enrichments (designated “treatments”), plus 

unamended (substrate-free), sterile (uninoculated), and medium-only 

(uninoculated, substrate-free) controls.

After 30 days of incubation, new media were prepared as previously described, 

this time using the initial incubations as inoculas. Each flask (containing 200 mL 

B+NP medium) was inoculated with 50 mL of homogenized liquid phase from the 

correspondent previous batch culture, then amended with 20 mg of PACs and 

incubated as described before. A third transfer as just described was required to 

obtain sediment-free incubations, and at this point weekly monitoring for growth 

was initiated by measuring optical density at 600 nm (OD600) on a UV-1800 UV-

Spectrophotometer (Shimadzu). Fresh, brackish or saline media were used 
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accordingly as blanks. Once an incubation had reached an optical density of 0.07

(i.e. visibly turbid) or above it was transferred into new medium, but this value 

was only observed in fresh-2,6-diMN, fresh-PHEN, saline-DBT, and saline-

PHEN. In contrast, brackish-PHEN, brackish-2,6-diMN, and saline-2,6-diMN did 

not reach the absorbance threshold chosen, but after 70 days of incubation these

incubations were also transferred as their OD600 values were higher than the 

unamended controls.

4.2.2. Isolation of phenanthrene-degrading pure cultures

4.2.2.1. Isolation plates set up

Several methods were initially tested in order to obtain phenanthrene-degrading 

microbial isolates from the initial cultures.  These included a spray plate method 

developed by Kiyohara et al. (1982); a sublimation method described by Alley 

and Brown (2000); and via the dissolution of substrates in acetone (Londry et al., 

1997). The latter method successfully allowed the isolation of bacterial colonies 

as it allowed the formation of a homogeneous, thin layer of substrates on the 

surface of the solid media, thus isolations proceeded with the use of this method.

Lysogeny Broth (LB, Luria & Burrous, 1957)  containing 1.5% agar, a nutritionally 

rich medium, was used during the first phase of the isolation process in order to 

increase the chances of obtaining isolates. The medium was diluted by a factor 

of 8 (e.g., prepared at 1/8 strength) and the salinities were adjusted to either 
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fresh, brackish, or saline conditions by NaCl amendment as described in section 

2.1. To prepare the agar plates, approximately 20 mL of autoclaved medium was 

added per sterile plastic Petri plate, and treatments and sterile controls were 

amended with 5 mg of PHEN dissolved in 1 mL of acetone. The acetone solution 

was poured into the plates while the medium was still hot to enhance acetone 

evaporation, leaving only the PHEN on the surface of the solidified media in the 

plates. The LB plates were incubated incubated at 25 °C and visually monitored 

for colony formation.

Isolated colonies were transferred to B+NP + 1.5% agar medium plates with 

salinities adjusted to either fresh, brackish or saline conditions, matching the 

salinity at which each colony initially grew in LB medium. Amendment of plates 

was done by dissolution of PHEN in acetone as described above, and isolates 

were incubated on triplicate plates at 25 ºC. To confirm the use of PHEN as a 

sole carbon and energy source, each successfully isolated colony was picked 

using a sterile loop and transferred to 2.5 mL of autoclaved liquid B+NP medium 

amended with 0.5 mg solid PHEN.

4.2.2.2. Identification of isolated microorganisms

Colonies successfully isolated under brackish PHEN conditions were subjected 

to DNA extraction using the FastDNA Spin Kit for Soil (MPBio), then 16S rRNA 

gene amplification by PCR (95 °C for 3 min; 30 cycles of 95 °C for 30 s, 56 °C for

45 s, 72 °C for 1 min; and finally 72 °C for 10 more min) using the universal 
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bacterial/archaeal primers 926F and 1392R (Ramos-Padron et al. 2011). 

Amplicons were purified using the QIAquick PCR purification kit (QIAGEN), and 

amplification was confirmed in a 1% agarose gel electrophoresis. Amplicons 

were sequenced using Sanger sequencing (EUROFINS, Louisville, KY, USA).

4.2.3. Time course experiments for metabolites detection and substrate 

loss

Once solids-free PAC-amended enrichment cultures were obtained, time course 

experiments were then initiated to quantify PACs biodegradation rates. However, 

several attempts were required in order to establish a reliable method to detect 

metabolites and determine substrate degradation rates, which are described in 

this section.

4.2.3.1. First method optimization test

After the third transfer, the saline DBT culture had the highest OD600 reads as well

as the fastest increase in turbidity (figure 4.1), thus this culture was used as the 

inoculum for a time-course experiment for method optimization. Treatments were 

set up in triplicate using 160 mL serum bottles, and consisted of 80 mL of saline 

B+NP medium and 10 mg of DBT crystals. After autoclaving and cooling at room 

temperature, microcosms were inoculated with 20 mL of saline-DBT culture, 
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while sterile and unamended controls lacked inoculum or DBT, respectively. 

Microcosms were then capped with foam plugs wrapped in aluminum foil, and 

incubated at 30 °C with shaking (120 rpm).

Over the course of the 21 days, triplicate treatments were acidified at days 0, 7, 

14 or 21, while triplicates of unamended and sterile controls were acidified at 

days 0 or 21. Acidification was done by addition of 0.5 mL 3 M HCl to achieve a 

pH between 1 and 2.

Acidified samples were subjected to three sequential liquid-liquid organic 

extractions with one volume of 20 mL of ethyl acetate (Laborde & Gibson, 

1977) each time, followed by strong hand-shaking homogenization; each sample 

was individually added to 125 mL separatory funnels. While at the funnels, 

samples were agitated again and the built-up pressure allowed to escape. The 

organic phase was passed through filter paper grade 41 (Whatman) containing 

sodium sulfate (to bind trace water) and the extracts collected in 250 mL round 

bottomed flasks.

After concentration by rotary evaporation and on a heating block to a volume of 

50 µL, samples were derivatized with 50 µL of N,O-

bis(trimethylsilyl)trifluoroacetamide (BSTFA) and incubated at 60 °C for 15 

minutes (ThermoScientific, according to manufacturer’s recommended 

procedure). All samples had a final volume of 100 μL.

99



Samples were then analyzed using an Agilent 7890A Gas Chromatograph 

equipped with an HP-1 column (50 m × 320 μm × 0.52 μm; Agilent) and an 

Agilent 5975C mass selective detector. The oven temperature was held at 90 °C 

for 5 min, then increased at a rate of 4°C/min to 250 °C and held for 5 min. The 

injector was held at 270 °C and operated in splitless mode. Chromatograms were

searched for putative metabolites based on available literature reports, using 

OpenChrome Software (Lablicate). The chromatograms generated for metabolite

detection were also used for substrate loss quantification.

No metabolites or consistent substrate loss results were obtained from this 

experiment. The negative results may be explained by i) a possible cease of 

microbial activity due to accumulation of toxic by-products of metabolism, and ii) 

minimal bioavailability of DBT due to its agglomeration and deposition at the 

bottom of the serum bottle caused by autoclaving.

4.2.3.2. Second method optimization test

A second step in the method optimization was the use of acetone to overcome 

the agglomeration of substrates as was observed in the initial experiment (Londry

et al., 1997). Fresh, brackish, and saline B+NP media were prepared in 1 L bulks 

using 2 L flasks, autoclaved, and hot media was dispensed into 160 mL 

autoclaved serum bottles. While the media were still hot, serum bottles (except 

for unamended controls) were amended with 5 mg of PHEN or 2,6-diMN 
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dissolved in 0.5 mL of acetone. The acetone was allowed to evaporate overnight 

in a fumehood prior to inoculation with 10 mL of either fresh-, brackish-, or saline-

PHEN or 2,6-diMN accordingly. Incubations were then capped with rubber 

stoppers and incubated at 24 °C and 124 rpm for up to 21 days. Incubations 

were opened quickly (e.g., for less than 5 sec) every two days to ensure aeration 

during the incubation period.

Incubation time and organic extractions were done as described in section 

4.2.3.1, but in this case using dichloromethane (DCM) as extraction solvent. For 

a quick examination of substrate loss, only replicate 3 from each time point and 

group (treatment, sterile or unamended controls) were processed. No substrate 

degradation was observed for either PHEN or 2,6-diMN.  Sterile controls showed 

an increase in turbidity indicating contamination, most probably caused by the 

frequent manual removal of the rubber stoppers to allow aeration. Therefore, 

results from this experiment were invalid.

4.2.3.3.  Third method optimization test

For test number three, we chose to focus on the PHEN-amended incubations as 

over time these became the best growing cultures (as visualized by turbidity). 

Autoclaved B+NP medium (30 mL) was added to 160 mL sterilized serum bottles 

and then amended with 5 mg of solid PHEN. The serum bottles were stoppered, 

crimped with aluminum seals, and inoculated (treatments and unamended 
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controls) with 20 mL of brackish-PHEN initial culture using sterile syringe 

needles. The microcosms were incubated at 25 °C and 125 rpm. Triplicates of 

treatments were acidified as described in section 4.2.3.1. at days 0, 5, 10, 15 and

20, while sterile and unamended controls were acidified at days 0, 10, and 20.

Organic extractions, samples concentration, and GC-MS analyses were done as 

described in section 4.2.3.1. This method showed degradation across treatments

and no contamination of sterile controls. Results showed maximum PHEN 

degradation at day 10 and no contamination of sterile controls.

4.2.3.4. Substrate degradation and metabolites detection experiment

Following on the successful trial described above (4.2.3.3), an experiment was 

then established in order to determine rates of PHEN degradation and to identify 

potential intermediate metabolic products.  Incubations were set up for a 40-day 

experiment at each salinity condition. Each experiment consisted of 33 

microcosms: 15 treatments, 9 unamended, and 9 sterile controls.

To amend treatments and sterile controls, a stock solution of PHEN was 

prepared by adding 26 mL of acetone to 130 mg of solid PHEN in a 50-mL serum

bottle. The stock solution was kept stoppered until use to avoid volatilization of 

the acetone. One milliliter of acetone-PHEN solution (equivalent to 5 mg of 

PHEN) was added to each of 24 autoclaved 120 mL serum bottles, and the 
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acetone was allowed to evaporate for one hour in a fumehood. Once the acetone

had evaporated and only PHEN was left (visual observation), the serum bottles 

were stoppered and crimped. Each bottle then received 30 mL of fresh B+NP 

medium, and nine were designated as "sterile controls". The remaining 15 

amended bottles were inoculated with 10 mL of fresh-PHEN culture and 

designated as "treatments". Additionally, nine serum bottles received medium 

and inoculum but no PHEN was added; these were labeled as “unamended 

controls”.

Triplicates of treatments were acidified at days 0, 10, 20, 30, or 40, and sterile 

and unamended controls were acidified at days 0, 20, or 40. All processes from 

acidification to GC-MS analyses were done as described in section 4.2.3.1.

The substrate loss data was analyzed using a mixed-effects model fit by a 

restricted maximum likelihood using nlme R package (Pinheiro et al., 2017). The 

model was fit using mg PHEN as response variable, group (treatment or control) 

as explanatory variable, and time in days as a random effect. The intercept was 

dropped from the model.
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4.2.4.  Microbial community characterization of PHEN-amended initial 

cultures

4.2.4.1. 16S rRNA gene amplification

Five milliliters of liquid were sampled from each of fresh-, brackish-, and saline-

PHEN initial enrichments described in section 4.2.1. Samples were centrifuged at

10,000 rpm for 10 min, and total DNA was extracted using the FastDNA Spin Kit 

For Soil (MPBiomedicals). The 16S rRNA gene was amplified by Polymerase 

Chain Reaction (PCR) (95 °C for 3 min; 30 cycles of 95 °C for 30 s, 56 °C for 45 

s, 72 °C for 1 min; and finally 72 °C for 10 more min) using the universal 

bacterial/archaeal primers EP926Fi5 forward (5’-AAA CTY AAA KGA ATW GRC 

GG-3`) and EP1392Ri7 reverse (5`-ACG GGC GGTGWG TRC-3`) (Integrated 

DNA Technologies, Toronto, Canada), and KAPA Hi-Fi single-enzyme system 

(Biosystems). Samples were sequenced on an Illumina MiSeq platform in the 

Department of Biological Sciences (Dr. J. Harrison) at the University of Calgary 

(Calgary, Canada).

4.2.4.2. Amplicon data analysis

The amplicon data was analyzed using the Divisive Amplicon Denoising 

Algorithm 2 (DADA2) R Package (Callahan et al., 2016). The functions used 

were plotQualityProfile (graphics of sequences quality profiling and inspection), 
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followed by fastqPairedFilter (filtering and trimming), dada (sample inference), 

mergePairs (paired reads merging), removeBimeraDenovo (quimeras removal), 

and assignTaxonomy (SILVA SSU data base release 123, July 2015). A detailed 

description of the functions and parameters can be found in appendix B.

4.3. Results

4.3.1. Monitoring of initial sediment-free cultures by OD600

Different growth rates were observed in the initial enrichments across salinities 

and substrates, based on OD600 monitoring. After up to 70 days of incubation, 

growth was observed in all enrichment cultures except for fresh- and brackish-

DBT (table 4.1, figure 4.1), thus these two cultures were not pursued in further 

transfers. Similarly, degradation activity in the saline-DBT enrichment ceased 

after sequential transfers as OD600 stopped increasing. The other cultures were 

sequentially transferred in order to keep them active until use in the time course 

substrate loss and metabolite detection experiments.
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Table 4.1. Successfully established initial enrichments capable of degrading phenanthrene, 2,6-
dimethylnaphthalene or dibenzothiophene. *Saline-DBT culture exhibited degradation capabilities
during early stages of the initial enrichments establishment but its degrading activity ceased. 

Substrate Fresh Brackish Saline

 Dibenzothiophene X X *✓

 2,6-Dimethylnaphthalene ✓ ✓ ✓

 Phenanthrene ✓ ✓ ✓

Figure  4.1. OD600 Transfer  2.  Aerobic  degradation  of  dibenzothiophene  (DBT),   2,6-
dimethylnaphthalene (2,6-diMN), and phenanthrene (PHEN) as sole carbon and energy sources
under three salinities by microbial consortia isolated from Canadian Oil Sands material. Once
enrichments reached OD600 values of 0.075 (visible turbidity indicated by dashed lines), cultures
were  successively  transferred  to  newly  prepared  media  until  sediment-free  cultures  were
obtained.  These  incubations  were  maintained  by  routine  transferring  until  a  time  course
experiment could be performed, except for DBT-amended incubations which ultimately showed
no degradation activity or the activity ceased during incubation.
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After the third transfer, the brackish-PHEN culture acquired a reddish coloration 

with no detrimental effect in the degradation of PHEN. The coloration 

disappeared after the next medium transfer.

4.3.2. Isolation results

A PHEN-degrading colony was successfully isolated from the brackish-PHEN 

initial enrichment, as visualized by a clearing of the opaque layer of agar plates 

prepared with PHEN. The colony was white, rounded, with a smooth surface, and

moist texture (data not shown). Blast results of the 16SrRNA gene sequencing 

identified the isolate as a member of the Janibacter genus. Transfer of genus 

Janibacter colonies into PHEN-amended medium showed increased growth 

compared to substrate-free controls, suggesting is ability to utilize PHEN as a 

carbon and energy source.

4.3.3. Phenanthrene degradation time course experiments

4.3.3.1. Biodegradation experiments

After several method optimization attempts, a successful time course experiment 

to determine PHEN biodegradation and metabolite production was conducted. In 

saline medium, PHEN was degraded at a rate of 0.6 mg  day-1 (0.02 mg mL-1 day-

1), and was undetectable after 10 days of incubation. In fresh medium, 0.2 mg of 
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PHEN were degraded per day (0.001 mg mL-1 day-1) during the first 20 days of 

incubation and undetectable at further time points. In brackish medium, PHEN 

was degraded at a rate of 0.16 mg day-1 (0.005 mg mL-1 day-1) and was still 

detected in treatment microcosms at all time points (figure 4.2). Significant 

differences were found between treatments and sterile controls under saline (p = 

0.004), fresh (p = 0.0165), and brackish (p = 0.047) conditions.

Figure  4.2. PHEN  degradation.  Aerobic  degradation  of  phenanthrene  (PHEN)  under  three
salinities  by  microbial  consortia  isolated  from  Canadian  Oil  Sands  material.  Forty-day
experiments were carried out to establish PHEN degradation rates and metabolites formation.
Each time point was set in triplicate, with sacrificial sampling by acidification to pH 1.5 at days 1,
10, 20, 30, or 40. Sterile controls were acidified at days 1, 20, and 40, as well as unamended
controls (data not shown).
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4.3.3.2. Metabolites detection

In a search for known PHEN metabolites (see pathway in figure 1.2), the 

compound ortho-phthalate was the only known metabolite that was detected in 

fresh medium treatment incubations, where its accumulation levels increased 

until day 10 and then decreased until day 40. The detection of o-phthalate was 

corroborated by comparison of matching GC retention times and mass spectral 

profiles with o-phthalic acid as an authentic standard (figures 4.3 and 4.4).

Figure 4.3. ortho-Phthalate (left) detected in extracts of fresh medium incubations and its parent
compound phenanthrene (right).  ortho-Phthalate is a known intermediate product of the aerobic
biodegradation of phenanthrene.

Figure  4.4. ortho-Phthalate  mass spectrum.  Mass spectrum of  phenanthrene  biodegradation
intermediate ortho-phthalate detected in fresh initial enrichments as a trimethylsilyl derivative.
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4.3.3.3. Microbial community composition based on 16 rRNA gene 

sequencing

Enrichment cultures amended with PHEN were subjected to 16S rRNA gene 

sequencing. The most abundant bacterial taxon identified was Janibacter (a 

member of the Actinobacteria) detected in fresh (53%), brackish (43%) and 

saline (40%) medium. Other genera detected in relatively high abundances were 

Hydrotalea (38%), only present in saline medium, and Pseudoxanthomonas in 

the brackish (35%) and fresh (14%) enrichments (table 4.2, figure bial 

community). Members of the genera Bosea, Parapusillimonas, Pseudomonas, 

and Sphingobacterium were also detected in the community survey, in relative 

abundances of around 10% or less.

Table 4.2. Number of reads and relative abundances of three phenanthrene-degrading microbial
communities established under fresh, brackish or saline minimal salts medium. Janibacter genus
was the dominant genus across all salinities, suggesting a functional key role in the degradation
of phenanthrene. The community survey was done by  16S rRNA gene sequencing in Illumina
MiSeq. Only genera present in abundances above 2% are shown.

Number of reads
Relative Abundance 

(% of reads)

Genus Fresh Brackish Saline Fresh Brackish Saline

Janibacter 4382 3743 3080 53 42.8 39.8

Parapusillimonas 638 263 817 7.5 2.8 10.1

Pseudoxanthomonas 1102 3010 0 13.7 34.9 0

Pseudomonas 0 444 585 0 4.6 7.2

Hydrotalea 0 0 2958 0 0 38

Sphingobacterium 772 0 0 9.3 0 0

Bosea 182 0 0 2.2 0 0

Total 7076 7460 7440 84.3 85.1 95.1
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Figure  4.5.  Microbial  community  composition  of  PHEN-degrading  incubations  established  in
fresh, brackish, or saline minimal salts media. Janibacter was the overall dominant genus across
all  salintiies.  Other  genera  present  in  high  relative  abundances  were  Hydrolatea sp.  and
Pseudoxhanthomonas sp. The community survey was done by 16S rRNA gene sequencing in
Illumina MiSeq. Only genera present in abundances above 2% are shown.

Alpha diversity measurements indicate that the microbial community in fresh 

medium was the most diverse, followed by saline and brackish conditions (table 

4.3).

Table  4.3.  Alpha  diversity  measures  of  three  phenanthrene-degrading  microbial  communities
established  in  fresh,  brackish,  and saline minimal  salts  media.  Fresh medium was the  most
diverse  microbial  community,  followed  by  saline  and  brackish  incubations.  The  microbial
community surveys were done by 16S rRNA gene sequencing in Illumina MiSeq platform.

Alpha Diversity Measure

Sample Chao1 se.ACE Shannon Simpson Inverse of
Simpson

Fisher

Fresh 36 2.2 2.2 0.81 5.3 4.4
Brackish 17 1.9 1.8 0.77 4.4 2.2

Saline 22 2.0 2.0 0.78 4.8 2.7

111



4.4. Discussion

Polycyclic aromatic hydrocarbons are frequent soil and water contaminants with 

different toxicity degrees. Despite their natural occurrence, most PAHs are 

present in soils and water/groundwater due to accidental spills related to the 

petroleum industry (Mohd-Kami et al., 2014; Puntus et al., 2008). The objective 

of the present study was to determine the aerobic degradation of three model 

PACs by oil sands-associated microorganisms indigenous to the Athabasca Oil 

Sands region.

To carry out this study, enrichment cultures were initially established using oil 

sands material as inocula and PHEN, DBT, or 2,6-diMN as sole carbon and 

energy sources, under a range of salinities previously reported for oil sands 

formations (Cowie, 2013). Amendment with DBT did not reveal ongoing cell 

growth (e.g., as measured by OD600), thus we were not able to successfully 

enrich for a DBT-degrading community. Enrichment cultures capable of 2,6-diMN 

and PHEN degradation were successfully established, but only PHEN-amended 

cultures (faster growth rates) were selected for further experiments to determine 

substrate degradation rates and metabolite formation. 

Thus, established PAHs-degrading microbial communities show that indigenous 

microorganisms from the Canadian oil sands have the natural ability to degrade 

model bitumen compounds under a variety of salinities present in the McMurray 

Formation (Cowie, 2013). While previous studies showed that the 2-ringed PAH 
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naphthalene could be aerobically biodegraded by microorganisms found in the 

Athabasca oil sands region (Wyndham & Costerton, 1981a, 1981b), this study 

shows that substituted (2,6-diMN) and larger (PHEN) PAHs can also be 

biodegraded by oil-sands associated microbial communities.

Differential PHEN loss rates were observed across the evaluated salinities, with 

the fastest rate observed in saline (0.02 mg mL-1 day-1) relative to fresh (0.001 

mg mL-1 day-1) or brackish (0.005 mg mL-1 day-1) incubations (figure 4.2). In a 

study by Zhang et al. (2009), a microbial consortium isolated from oil-

contaminated marine coastal soil degraded 0.1 mg of PHEN mL-1 day-1 in a 

minimal salts medium with 10% NaCl. The degradation rate achieved was similar

to the PHEN-saline rates obtained in the present study, though the salinity level 

was approximately 10 times higher compared to the present study (1.6% NaCl). 

In a separate study, Minai-Tehrani et al. (2009) also reported that a higher 

degradation of PHEN (> 80%) was achieved at 1% salinity in soils amended with 

heavy crude oil, while a 5% salinity resulted in a decrease of PHEN degradation 

to values close to 40%. 

Interestingly, the higher PHEN biodegradation rate observed in saline-PHEN 

coincides with a high relative abundance of the genus Hydrotalea (38%), a 

member of the Bacteriodetes phylum that was not detected in fresh nor in 

brackish incubations. Though very little is known about this genus and no PAC-

degrading capabilities have been attributed to it, the high relative abundance of 

Hydrotalea sp. suggests it has an important functional role in this consortium's 
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ability to degrade PHEN. Beyond its high abundance in saline medium, it is 

difficult to determine if Hydrotalea sp. is directly/solely responsible for PHEN 

degradation. The salinity at which Hydrotalea sp. was detected in this study 

(1.6%) coincides with the findings of Albuquerque et al. (2012), who reported the 

growth of Hydrolatea flava in a 1% NaCl medium under a variety of non-PACs 

carbon sources.

The microbial community survey also revealed the dominance of the genus 

Janibacter across all salinities. This bacterium’s putative PHEN-degrading 

capability was confirmed by isolation in a medium containing PHEN as sole 

carbon and energy source (sections 4.2.2 and 4.3.2); in addition, other studies 

have shown that this bacterium has the ability to biodegrade PACs. For example,

members of the Janibacter genus include those which are halotolerant and 

capable of PAC degradation by lateral and angular dioxygenation, as well as by 

sulfoxidation (Yamazoe et al., 2004). Yamazo and collaborators (2004) reported 

the cometabolic degradation of 0.2 mg of PHEN mL-1 day-1 by Janibacter sp. 

strain YY1 (97% similarity in 16S rRNA gene to Janibacter brevis and Janibacter 

terrae) when the oxygen heterocycle dibenzofuran (analogous to DBT) was 

supplied as primary substrate. The similar degradation rate was reported by the 

authors when PHEN when supplied as part of a multi-substrate solution of 21 

other PAHs. Yamazoe et al. (2004) concluded that Janibacter sp. strain YY1 had 

a broad substrate specificity based on the diverse PACs activation mechanisms 

detected, though different salinity levels were not evaluated in the study.
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Janibacter species have diverse metabolic capabilities, including degradation of 

PAHs via gentisic acid (Janibacter sp. strain XJ-1, Jin et al., 2006) and catechol 

(Yamazoe et al., 2004). Meta-cleavage of catechol generates a red coloration in 

growth media (Zhao et al., 2009), possibly explaining the red coloration seen in 

the brackish-PHEN at an early stage during the establishment of the initial 

cultures. Another species, Janibacter alkaliphilus, is a marine halophilic species 

capable of growth in salinities up to 170 g NaCl L-1, a salinity approximately 10 

times higher than the saline incubations established in the present study (16 g 

NaCl L-1) (Li et al., 2012). However, this species has no available reports on the 

catabolism of PAHs or hydrocarbons in general. 

In a separate study, Zhang and collaborators (2009) isolated and identified 

Janibacter anopheli strain JY11 from a PAC-contaminated soil from a refinery 

factory. During 5 days of incubation at 30 °C and 130 rpm, washed cell 

suspensions of the strain degraded 10 mg PHEN day-1 (98.5% of the PHEN 

supplied as sole carbon and energy source) in a 1% NaCl minimal salts medium. 

Thus, the detection of Janibacter in saline, fresh, and brackish incubations in 

high relative abundances, plus its isolation in a medium with PHEN as sole 

carbon and energy source, suggest this genus plays a key role in PAHs 

degradation in saline and brackish media, demonstrating its metabolic versatility 

to grow at various salinities.

Aerobic degradation of PHEN by Pseudoxanthomonas sp., a proteobacterium 

detected in fresh (14%) and brackish (35%) incubations, has also been reported. 
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Patel and collaborators (2012) found that Pseudoxanthomonas sp. DMVP2 was 

capable of PHEN degradation under a variety of conditions, including shaking, 

temperature, pH, initial PHEN concentration, and addition of petroleum 

hydrocarbons, in a minimal salts medium with 0.05% NaCl (similar to fresh 

medium in the present study). Under optimized conditions this strain degraded up

to 0.3 mg PHEN mL-1 day-1 from initial PHEN concentrations of up to 4000 mg 

PHEN L-1, implying a high tolerance to potential toxic PHEN levels by this strain. 

The authors also found that addition of petroleum derivatives had no detrimental 

effect on the PHEN degradation rates, but the addition of naphthalene 

significantly reduced the degradation of PHEN.

In terms of metabolites detection, o-phthalate was detected by Patel et al. (2012) 

as an intermediate product of PHEN degradation by Pseudoxanthomonas. 

Similarly, o-phthalate was detected in fresh PHEN incubations in the present 

study, suggesting that the degradation of PHEN in fresh medium occurs via 

phthalic acid and the protocatechuic acid pathway, a result of the ortho-cleavage 

of diol intermediates (figure 1.2.) (Patel et al., 2012; Seo et al., 2009; Peng et al., 

2008). 

Two genera, Sphingomonas and Bosea, were only detected in the fresh 

incubations. The former taxon, a member of the Bacteroidetes phylum, was 

reported to degrade 2.5 mg of PHEN in a span of 14 days (0.18 mg day-1) in a 

consortium with Bacillus cereus and Achromobacter insolitus, under a salinity of 

0.08% NaCl. The consortium, isolated from PAH-contaminated soil from a 
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petrochemical plant, degraded PHEN via salicylate pathway (Janbandhu & 

Fulekar, 2011). In a separate study, Mohd-Kami and collaborators (2014) found 

that up to 95% of PHEN was degraded after bioreactors were reinoculated with 

Sphingobacterium spiritivorum, in contrast with only 69% achieved by a single 

inoculation. Species of the genus Bosea sp., in contrast, despite being isolated 

from a petroleum contaminated soil by Seo and colleagues (2007), was not 

capable of PHEN biodegradation.

Among the bacteria detected in the present study, Pseudomonas is the most 

well-known and characterized of PAH-degraders. Its metabolic capabilities as 

well as the genes involved in the degradation of hydrocarbons have been 

extensively studied and elucidated (Peng et al. 2008). Pseudomonas spp. have 

been also reported not only as PAH-degraders but also metabolize 

monoaromatic and aliphatic hydrocarbons (Karamalidis et al., 2010; Wolicka et 

al., 2009). Puntus and colleagues (2008) reported the degradation of PHEN by 

Pseudomonas sp. isolated from petroleum-contaminated soil, with the 

concomitant production of salicylate as an intermediate product. Moreover, the 

authors found the rate of PHEN degradation was faster when Burkholderia sp. 

BS3702 was present in the system, as Pseudomonas sp. could efficiently utilize 

the intermediate 1-hydroxy-2-naphthoic acid produced by Burkholderia sp. 

BS3702.

In another study, Balachova and colleagues (1999) isolated five Pseudomonas 

species from oil-contaminated soils. The authors reported that all five species 
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were capable of PHEN degradation, however the degradation rates were 

inhibited in growth media by the accumulation of the intermediate 2-naphthol. 

The authors concluded that PHEN degraders are more common in soil than 

naphthalene degraders, even though the genes involved in PHEN degradation 

are also involved in naphthalene metabolism (Balachova et al., 1999).

In a more recent study, more than 52% of PHEN from contaminated soil was 

degraded after 191 days. The degradation of PHEN (and other PAHs) was 

accelerated by the addition of free cells or encapsulated Pseudomonas, reaching

higher degradation rates with the latter strategy relative to intrinsic 

bioremediation. The authors found that degradation was enhanced by 

biostimulation after 130 days of incubation (Karamalidis et al., 2010).

4.5. Conclusions

This present study confirms that PHEN can be aerobically biodegraded, but to 

our knowledge this is the first report to show that oil sands ores harbor PHEN-

degrading activity that can be beneficial in bioremediation efforts. Interestingly, 

some of the taxa identified in the PHEN enrichment culture have been found in 

other PAC-degradation studies, but other phylotypes here reported are not 

previously known to be associated with PAH biodegradation.

Though we demonstrated that the degradation of PHEN can happen at different 
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rates under different salinities, there is no a clear correlation between NaCl 

content in the medium and a higher/lower PHEN degradation rate. Further 

studies with a wider spectrum of salinities may offer insights in the effects of 

salinity gradients on the degradation of PHEN and other PACs, as well as to 

determine optima conditions under which these microbial consortia could achieve

higher degradation rates of pollutants. 

The detection of o-phthalate suggest that these microbial communities can 

degrade PHEN via the phthalate pathway, in addition to indirect evidence for the 

use of the catechol pathway (e.g. color observation). These findings suggest 

these microbial consortia are versatile with regards to their metabolic strategies 

for PAHs degradation. For further experimentation with these microbial 

communities, sampling in smaller time intervals (i.e. less than 10 days) is 

recommended in order to have more chances for metabolite detection.

Finally, the successful isolation of Janibacter sp. and its ability to grow on PHEN 

as sole carbon and energy source, supports the amplicon sequencing results and

adds stronger evidence to the taxa characterization efforts. Further attempts to 

isolate other taxa should be pursued in order to elucidate the microbial 

composition and metabolic potential of these Canadian Oil Sands microbial 

consortia.
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Chapter 5: Conclusions and future directions

The majority of Canada's oil reserves are found as oil sands, a mixture of clay, 

water, sand, and bitumen, the former being a form of oil highly degraded by the 

action of microorganisms (Hubert et al., 2012). Microbial communities indigenous

to the Athabasca Oil Sands region are hypothesized to host natural metabolic 

capabilities for polycyclic aromatic compounds (PACs) degradation, a feature 

with potential application in bioremediation strategies as well as a low-cost 

technologies for energy recovery in the oil and gas industry (Head et al., 2014; 

Berdugo-Clavijo et al., 2012). 

In order to determine PAC-degrading capabilities, in the present study I used the 

model PACs phenanthrene (PHEN), 2,6-dimethylnaphthalene (2,6-diMN), or 

dibenzothiophene (DBT) as sole carbon and energy sources, in either fresh, 

brackish, or saline media.  Methanogenic experiments (chapter 3) were 

inoculated with methanogenic incubations derived from bituminous oil sands 

materials augmented with a microbial community known to methanogenically 

degrade 2,6-diMN. In contrast, the aerobic experiments (chapter 4) were solely 

inoculated with surface mining bituminous oil sands material.

Under methanogenic conditions, amendment with PACs resulted in enhanced 

methane formation -as a proxy  substrates consumption- in values close to those 

stoichiometrically predicted according to the amount of PCAs initally added to the

microcosms. Methane formation was statistically higher in treatments relative to 
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unamended controls (inoculated, substrate-free microcosms), thus the 

established microbial communities are putatively capable of PACs degradation. 

However, additional evidence showing the loss of the PACs is needed in order to 

definitively demonstrate their degradation by these microbial communities.

Surveys based on 16S rRNA gene amplicon sequencing revealed intricate 

microbial community structures, where similar methane formation and production

were observed across treatments despite substantial differences in relative 

abundances and community composition at the genus level. Treatment replicates

were also found to be highly variable with respect to each other in terms of the 

microbial composition, even though all incubations were established 

simultaneously and under the same experimental conditions. 

Across incubations, a general observation was that the acetoclastic 

methanogenic genus Methanosaeta represented approximately 50% of the 

archaeal reads, while the other 50% consisted of the hydrogenotrophic 

methanogens Methanobacterium and Methanoculleus. The results showed that 

the established microbial communities are capable of hydrogenothrophic and 

acetoclastic methanogenesis, irrespective of the presence of the PACs 

tentatively being used as carbon and energy source. The complex and highly 

variable community structure observed across treatments replicates may imply 

redundant ecological functions across the genera detected, as the presence or 

absence of a specific genus did not affect, in overall, methane formation and 

production relative to unamended controls.
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The detection of the intermediate 6-methyl-2-naphthoic acid, however, supports 

the claim that these microbial communities are capable of 2,6-diMN degradation 

via fumarate addition. Both of the detected intermediate products (section 3.3.3) 

are yet to be compared to their respective authentic standards. Although PHEN 

and DBT degradation is suspected to had happened based on methane 

formation in amended incubations relative to controls, no metabolic intermediates

were detected in those microcosms. This was perhaps due to the low yield of 

intermediate products or relatively fast consumption rates that prevented 

metabolites accumulation and hence their detection.

With regard to the bacterial taxa detected, genus Pseudomonas, a clade 

traditionally considered aerobic (Berdugo-Clavijo & Gieg, 2014; Head et al., 

2014), was detected across treatments and unamended controls. Also, taxa 

reported in syntrophic PACs degradation (e.g. Smithella) (Cowie, 2013) were 

identified across incubations in variable relative abundances. Interestingly, the 

genus Smithella, a known hydrocarbon activator under anaerobic conditions, was

detected in DBT-amended treatments but not in unamended controls. It is 

plausible to suggest, therefore, that Smithella may have a role in the initial 

activation of the non-hydrocarbon compound DBT. To the best of my knowledge, 

this is the first report impling the possible participation of Smithella in DBT 

degradation/activation, as well as the first tentative report fort the methanogenic 

degradation of DBT as sole carbon and energy source at bench scale.
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In order to determine with certainty the tentative role of Smithella and other 

detected taxa in the degradation of PACs, further research is required. This may 

be achieved by the combination of anaerobic isolation methods and microscopy 

techniques (e.g. fluorescence in-situ hybridization and direct cell counts) in 

conjunction with labeled substrates amendment, allowing a better understanding 

of the individual roles of the isolates in and the faith of PACs in these 

microcosms. Additionally, approaches like assays for functional genes detection 

(e.g. alkylsuccinate synthase), accompanied by metagenomic and gene 

expression analyses, may offer insights into the genetic and metabolic potential 

of these microbial communities. In turn, metabolite detection efforts done at early

stages of the microcosms incubation period may increase the probability of 

finding short-term accumulated intermediate products, if degradation of PACs by 

the microbial consortia is actually happening. Finally, special attention must be 

paid to a non-sacrificial method that allows the reproducible measurement of 

substrate loss, permitting the correlation of substrate consumption with methane 

formation. This could be achieved via stable isotopes probing combined with 

direct subsampling of the inert organic layer, if inert carriers like 

heptamethylnonane are to be used for substrate partitioning.

In addition to their potential use in clean-up strategies, methanogenic 

degradation of PACs by these microbial consortia can be a low-cost, 

environmentally friendly energy recovery for natural gas production for oil and 

gas industry (Aitken et al., 2013), though the economic feasibility of this strategy 
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is beyond the scope of the present study (see Siegert et al., 2014). 

Under aerobic conditions, enrichments capable of PHEN and 2,6-diMN 

degradation were successfully established under all salinities, which was not the 

case for DBT. 

Due to faster growth based on optical density at 600 nm, only incubations 

amended with PHEN were pursued to determine substrate degradation rates and

metabolites formation. It was found that the fastest PHEN consumption 

happened under saline conditions, though degradation of the substrate was also 

observed in brackish and fresh media. Janibacter, detected via 16S rRNA gene 

sequencing from isolates as well as directly from the incubations, was the 

dominant taxon across all salinities. The ability of these microbial communities to 

carry on PHEN degradation (as well as 2,6-diMN) under a variety of salinities, 

suggests these consortia have potential bioremediation applications in 

environments with sanities up to 16 g NaCl L-1. An aspect to explore further in 

these consortia and the isolated Janibacter, is their capability to thrive at 

salinities close to sea water (32 g NaCl L-1) or above, which could offer insights 

into the feasibility of using these microbial communities in the bioremediation of 

PACs-contaminated, saline environments. The establishment of these 

communities at higher salinities may also allow to investigate the physiological 

strategies used for adaptation in response to high osmotic stress, given the case 

that enrichments can be successfully established.
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Based on the identification of the metabolite o-phthalate in fresh medium, these 

microbial communities may have the ability to catabolize PHEN via the phthalate 

pathway. Animal exposure to phthalates has an extensive list of negative effects 

that include endocrine disruption, several reproductive pathologies, reduced 

pulmonary function, among many others (López-carrillo et al., 2010), therefore 

strategies leading to phthalate isomers degradation is of primary importance, and

the microbial consortia isolated in the present study may offer a cheap and 

environmentally friendly alternative for phthalates degradation.

Although no other intermediate products of PHEN degradation were detected, its 

simultaneous degradation through other pathways cannot yet be disregarded, 

and further metabolite analyses will be required in order to evaluate this 

hypothesis. The application of other approaches like metagenomics and gene 

expression analysis may also offer more information on the physiological 

potential of these microbial communities.

Thus, the present work demonstrates that the Canadian Oil Sands Region host 

microbial communities that are capable of aerobic PACs degradation. Under 

methanogenic conditions, the results suggest degradation of PACs is a possibility

yet to be corroborated in these microbiomes of mixed origin.
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Appendix A. Chapter three's computational biology analyses script in R.

```{r setup, include=FALSE} 

knitr::opts_chunk$set(echo = TRUE) 

``` 

#bGetting environment ready 

```{r, echo=FALSE} 

#rm(list=ls(all=T)) 

#ps_all_time_points <- readRDS("/home/oscar/Documents/Methanogenic oil 
sands 16S rRNA gene sequencing analyses/16S rRNA gene sequencing/all time 
points/all_time_point_dada2_output.rds") 

#If get "Warning message: installed directory not writable, cannot update 
packages", #then open a terminal and run R as sudo, then 
biocLite("BiocUpgrade") 

source("http://bioconductor.org/biocLite.R") 

biocLite("BiocUpgrade") 

biocLite(suppressUpdates = FALSE) 

biocLite("ShortRead", suppressUpdates = FALSE) #No errors 

biocLite('Hmisc') #; install.packages("Hmisc") #Can't install Hmisc (April 5, 2016) 

biocLite("limma") #Limma not installed by the above code. Installed manueally, 
was succesful 

biocLite("Rcpp") 

biocLite('phyloseq') 

biocLite('ape') #install.packages('ape') #Can't install ape and phyloseq requires it 

install.packages('phyloseq') 
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#Problems installing "devtools" (to work with Github) 

#Run the following two lines in shell if can't install "devtools" package 
(http://stackoverflow.com/questions/20923209/problems-installing-the-devtools-
package) 

apt-get -y build-dep libcurl4-gnutls-dev 

apt-get -y install libcurl4-gnutls-dev 

install.packages("devtools") #Succesfull resintallation 

install.packages('devtools') 

library("devtools") 

devtools::install_github("benjjneb/dada2") #No errors during installation 

biocLite('dada2') 

library(dada2); packageVersion("dada2") 

biocLite('Rcpp') 

library(Rcpp); packageVersion('phyloseq') 

biocLite('phyloseq') #; install.packages('phyloseq') 

library(phyloseq); packageVersion('phyloseq') 

library(ShortRead); packageVersion("ShortRead") 

library(ggplot2); packageVersion("ggplot2") 

library(dplyr); packageVersion("dplyr") 

``` 

## Calling fastq files to start analysis 

```{r} 
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path 
<-'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequenci
ng_analyses/16S_rRNA_gene_sequencing/all time points/fastq/' 

dir() 

fns <- list.files(path) 

fastqs <- fns[grepl(".fastq$", fns)] 

fastqs <- sort(fastqs) # Sort ensures forward/reverse reads are in same order 

fnFs <- fastqs[grepl("_R1", fastqs)] 

fnRs <- fastqs[grepl("_R2", fastqs)] 

# Get sample names from the first part of the forward read filenames 

sample.names <- sapply(strsplit(fnFs, "_"), `[`, 1) 

# Fully specify the path for the fnFs and fnRs 

fnFs <- paste0(path, fnFs) 

fnRs <- paste0(path, fnRs) 

``` 

## Quality of the reads 

```{r, eval=FALSE} 

plotQualityProfile(fnFs[[1]]) + ggtitle('Forward') 

for (fnF in fnFs){ 

  qqF <- plotQualityProfile(fnF) + ggtitle('Forward') 

  print(qqF, main = 'Forward') 

} 

for (fnR in fnRs){ 
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  qqR <- plotQualityProfile(fnR) + ggtitle('Reverse') 

  print(qqR, main = 'Reverse') 

} 

``` 

## Filtering and trimming 

```{r} 

# Make directory and filenames for the filtered fastqs 

filtFs <- paste0(path, sample.names, "_F_filt.fastq.gz") 

filtRs <- paste0(path, sample.names, "_R_filt.fastq.gz") 

for(i in seq_along(fnFs)) { 

  fastqPairedFilter(c(fnFs[i], fnRs[i]), c(filtFs[i], filtRs[i]), 

                    trimLeft=c(10), truncLen=c(280,250), 

                    maxN=0, maxEE=2, rm.phix=TRUE, 

                    compress = TRUE, verbose = TRUE) 

  #phix control concept: http://www.illumina.com/products/phix_control_v3.html 

} 

#maxN=0: max amount of ambiguous nucleotides. 

#trimLeft:  remove first x nucleotides of each read in this case 

#truncLen: truncates the forward and reverse reads, respectively. Decision taken 
based on quality scores of F an R plots. In my case, I decided to use F reads up 
to cycle 290 and R reads up to 200, as Q score should always be above Q20, but
this was causing non-overlaping of the reads, then nothing was going trough the 
quality control 

#truncQ=2: quality score 2 in Illumina means “stop using this read”. Filtered out 
all reads with more than k expected errors. 
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#compress=TRUE: filtered output files are stored as gzipped fastq files. 

``` 

## Deriplicating the filtered (reduce computational time) 

```{r} 

derepFs <- derepFastq(filtFs, verbose=TRUE) 

derepRs <- derepFastq(filtRs, verbose=TRUE) 

# Name the derep-class objects by the sample names 

names(derepFs) <- sample.names 

names(derepRs) <- sample.names 

#Inspect the derep-class object returned by derepFastq: 

derepFs[[1]] 

``` 

## Sample inference 

```{r} 

#Perform joint sample inference and error rate estimation (takes a few minutes): 

dadaFs <- dada(derepFs, err=NULL, selfConsist = TRUE, pool = TRUE, 
multithread = TRUE) #err=inflateErr(tperr1,3) 

dadaRs <- dada(derepRs, err=NULL, selfConsist = TRUE, pool = TRUE, 
multithread = TRUE) #err=inflateErr(tperr1,3) 

dadaFs[[1]] 

#Visualize estimated error rates: 

plotErrors(dadaFs[[1]], nominalQ=TRUE) 

``` 
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## Merge of pair reads 

```{r} 

#Merge the denoised forward and reverse reads: 

mergers <- mergePairs(dadaFs, derepFs, dadaRs, derepRs, verbose=TRUE, 
minOverlap = 20) 

# Inspect the merger data.frame from the first sample 

head(mergers[[1]]) 

``` 

## Constructing a sequence table 

```{r} 

#Construct sequence table: 

seqtab <- makeSequenceTable(mergers[names(mergers) != "Mock"]) #Drop 
mock off in case I have a mock community as a control 

dim(seqtab) 

table(nchar(colnames(seqtab))) 

``` 

## Chimeras removal 

```{r} 

seqtab.nochim <- removeBimeraDenovo(seqtab, verbose=TRUE) 

dim(seqtab.nochim) 

sum(seqtab.nochim)/sum(seqtab) #22% were chimeras. Is that rigth? 

#write.csv(seqtab.nochim,'/home/oscar/Documents/Methanogenic_oil_sands_16
S_rRNA_gene_sequencing_analyses/16S_rRNA_gene_sequencing/2014_07._Fi
rst_16S_inocula_source_rRNA_illumina/2/nochim.csv') 
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#Constructing the sequence table 

#Sample inference is complete, and we can now construct the “sequence table” 
``` 

## Assign taxonomy 

```{r} 

#Need to get vector with the unique sequences before assiging taxonomy 

#https://github.com/benjjneb/dada2/issues/48  has options to get uniques 

#Option 1: 

#For RDP and SIlva: 

taxa <- assignTaxonomy(seqtab.nochim, 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/silva_nr_v123_train_set.fa.gz') 

#"rdp_train_set_14.fa.gz" 

colnames(taxa) <- c("Kingdom", "Phylum", "Class", "Order", "Family", "Genus") 

#write.csv(taxa, 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/2014_07._First_16S_inocula_source_
rRNA_illumina/2/taxa.csv') 

#=====For green genes: 

#taxa <- assignTaxonomy(seqtab.nochim, paste0(path, 
"gg_13_8_train_set_97.fa.gz")) 

#colnames(taxa) <- c("Kingdom", "Phylum", "Class", "Order", "Family", "Genus", 
"Species") 

 

#====================== End of dada2 script ===================== 

sessionInfo() 
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``` 

<!--- 

sessionInfo() 

R version 3.3.1 (2016-06-21) 

Platform: x86_64-pc-linux-gnu (64-bit) 

Running under: Ubuntu 14.04.5 LTS 

locale: 

 [1] LC_CTYPE=en_CA.UTF-8       LC_NUMERIC=C               
LC_TIME=en_CA.UTF-8        LC_COLLATE=en_CA.UTF-8    

 [5] LC_MONETARY=en_CA.UTF-8    LC_MESSAGES=en_CA.UTF-8    
LC_PAPER=en_CA.UTF-8       LC_NAME=C                 

 [9] LC_ADDRESS=C               LC_TELEPHONE=C             
LC_MEASUREMENT=en_CA.UTF-8 LC_IDENTIFICATION=C       

attached base packages: 

[1] stats4    parallel  stats     graphics  grDevices utils     datasets  methods   base

other attached packages: 

 [1] dplyr_0.5.0                ggplot2_2.1.0              ShortRead_1.32.0           
GenomicAlignments_1.10.0  

 [5] SummarizedExperiment_1.4.0 Biobase_2.32.0             Rsamtools_1.24.0       
GenomicRanges_1.26.1      

 [9] GenomeInfoDb_1.8.7         Biostrings_2.40.2          XVector_0.12.1             
IRanges_2.8.1             

[13] S4Vectors_0.12.0           BiocParallel_1.6.3         BiocGenerics_0.20.0        
phyloseq_1.18.0           

[17] dada2_1.2.0                Rcpp_0.12.7                devtools_1.12.0            
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BiocInstaller_1.24.0      

loaded via a namespace (and not attached): 

 [1] reshape2_1.4.1      splines_3.3.1       lattice_0.20-34     rhdf5_2.18.0        
colorspace_1.2-6    mgcv_1.8-15        

 [7] chron_2.3-47        survival_2.40-1     withr_1.0.2         DBI_0.5-1           
RColorBrewer_1.1-2  foreach_1.4.3      

[13] plyr_1.8.4          stringr_1.1.0       zlibbioc_1.18.0     munsell_0.4.3       
gtable_0.2.0        hwriter_1.3.2      

[19] codetools_0.2-15    memoise_1.0.0       labeling_0.3        latticeExtra_0.6-28 
knitr_1.15          permute_0.9-4      

[25] biomformat_1.2.0    scales_0.4.0        vegan_2.4-1         RcppParallel_4.3.20
jsonlite_1.1        digest_0.6.10      

[31] stringi_1.1.2       grid_3.3.1          ade4_1.7-4          tools_3.3.1         
bitops_1.0-6        magrittr_1.5       

[37] tibble_1.2          cluster_2.0.4       ape_3.5             MASS_7.3-45         
Matrix_1.2-7.1      data.table_1.9.6   

[43] assertthat_0.1      iterators_1.0.8     R6_2.2.0            multtest_2.28.0     
igraph_1.0.1        nlme_3.1-128--> 

```{r} 

#install.packages("shiny") 

#shiny::runGitHub("shiny-phyloseq","joey711") 

#install.packages('networkD3') 

#install.packages('png') 

#new.ps 

#outfile = tempfile() 

#write_biom(new.ps, tempfile) 
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``` 

# Further analysis using phyloseq 

## Putting together taxa table, otu table, metadata, and phylogenetic trees info 

```{r, eval=FLASE} 

#To create metadata file, write rownames(seqtab.nochim) and name it 
inocula_metadata.csv, and manually fill up the metadata info with the neccesary 
columns using a spredsheet. The read it as xx_metadata 

#write.csv(rownames(seqtab.nochim), 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_metadata.csv') 

inocula_and_final_metadata <- 
read.csv('/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_s
equencing_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_metadata.csv') 

#Using row.names(seqtab.nochim) as rownames for metadata file. Is the same 
as in column 1 (sample), but rownames must be specified nayway. 

row.names(inocula_and_final_metadata) <- row.names(seqtab.nochim) 

####### Data for trees 

#biocLite('DECIPHER') 

library(DECIPHER) 

seqs <- getSequences(seqtab.nochim) 

names(seqs) <- seqs # This propagates to the tip labels of the tree 

alignment <- AlignSeqs(DNAStringSet(seqs), anchor=NA) 

#biocLite('phangorn') 

library(phangorn) #;citation("phangorn") 
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phang.align <- phyDat(as(alignment, "matrix"), type="DNA") 

dm <- dist.ml(phang.align) 

treeNJ <- NJ(dm) # Note, tip order is different than sequence order! 

fit = pml(treeNJ, data=phang.align) 

fitGTR <- update(fit, k=4, inv=0.2) 

fitGTR <- optim.pml(fitGTR, model="GTR", optInv=TRUE, optGamma=TRUE, 
rearrangement = "stochastic", control = pml.control(trace = 0)) 

detach("package:phangorn", unload=TRUE) 

ps <- phyloseq(otu_table(seqtab.nochim, taxa_are_rows=FALSE), 
sample_data(inocula_and_final_metadata), tax_table(taxa), 
phy_tree(fitGTR$tree)) 

plot_tree(ps) 

#This code is part of the attempt to add reads into relative abundance table. 

#All taxa by number of reads intead of relative abundance, before and after 
agglomeration 

#Before agglomeration 

#write.csv(psmelt(ps), 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time points/inocula and final 
communities reads all taxa not agglomerated.csv') 

#After agglomeration 

#write.csv(psmelt(tax_glom(ps, taxrank = 'Genus')), 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time points/inocula and final 
communities reads all taxa agglomerated.csv') 

``` 

## Rarefaction curve 
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```{r, eval=FLASE} 

#http://www.fromthebottomoftheheap.net/2015/04/16/drawing-rarefaction-curves-
with-custom-colours/ 

``` 

## Alpha and beta diversity 

```{r, eval=FLASE} 

library(phyloseq) 

library(ggplot2) 

library(dplyr) 

colnames(ps@sam_data) 

unique((ps@sam_data)$compound) 

str(ps@sam_data) 

(ps@sam_data)$replicate = as.factor((ps@sam_data)$replicate) 

citation("ggplot2") 

#shanon 

#plot_richness(ps) #plots six diversity indices simultaneously 

#I modified this plot on Jan. 4, 2017. The original plot was exactly as simpson's 
plot but using shannon in "measures" instead of simpson. 

?plot_richness 

inocula_and_final_shannon <- (plot_richness(ps, x= as.factor((ps@sam_data)
$replicate), measures="Shannon", shape = "compound") + 

                                geom_point(size = 8, color = "black") + 

                                facet_wrap(~salinity, scales = "free_x") + 

                                theme(strip.text.x = element_text(size = 22), 

                                      strip.background = element_blank()) + 
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                                scale_shape_manual(values = c(1, 2, 9, 0, 15)) + 

                                scale_shape(solid = FALSE) + 

  labs(x = "Replicate", size = 20, y = "Alpha Diversity Measure (Shannon)") + 

  theme(axis.title.x = element_text(size = 20), 

        axis.text.x = element_text(angle = 0, hjust = 0.5, vjust = 0.4, 

                                   family = 'Arial', size = 18, 

                                   color = 'Black', margin=margin(0.5, 0, 0, 0)), 

        #In axis.text.x, remove "final" and "first" from labels name. Use paste0 or 
grep... 

        axis.title.y = element_text(family = 'Arial', color = 'Black', size = 20), 

        axis.text.y = element_text(family = 'Arial', color = 'Black', size = 18)) + 

  #geom_text(aes(label= replicate), colour = 'black', size = 8, fontface = 'bold', 
vjust = 0.5, hjust = 0.5) + #Positions the label using the shape of each point as 
reference. hjust and vjust set at 0.5 puts the label in the center of the shape + 

   theme(legend.key = element_rect(size = 15, color = NA), 

        legend.text =element_text(size=15), 

        legend.title = element_blank(), #element_text(size=17), 

        legend.key.size = unit(3, 'lines'))) %>% print(.) 

class(inocula_and_final_shannon) <- c("arrange","ggplot", 
class(inocula_and_final_shannon)) 

print.arrange <- function(x) grid.draw(x) 

ggsave('inocula_and_final_shannon.png', inocula_and_final_shannon) #Not 
working, C stack usage error 

library(gridExtra) 

library(grid) 
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#ggsave(inocula_and_final_shannon, file= 
"/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_shannon.png", scale=2) 

#simpson 

inocula_and_final_simpson <-(plot_richness(ps, x="sample", 
measures="InvSimpson", color="salinity", shape = 'compound') + 

  theme_bw() + 

  theme(strip.text = element_text(size=22)) + 

  theme(axis.title.x = element_blank(), 

        axis.text.x = element_text(angle = 90, hjust = 0.5, vjust = 0.4, 

                                   family = 'Arial', size = 20, 

                                   color = 'Black', margin=margin(0.5, 0, 0, 0.5)), 

        axis.title.y = element_text(size = 24), 

        axis.text.y = element_text(#angle = 90, hjust = 0.5, vjust = 0.4, 

                                   family = 'Arial', size = 22, color = 'Black')) + 

          geom_point(size = 12) + geom_text(aes(label= replicate), colour = 'black', 
size = 10, fontface = 'bold', vjust = 0.5, hjust = 0.5) + 

    theme(legend.key = element_rect(size = 20, color = NA), 

        legend.text =element_text(size=20), 

        legend.title = element_blank(), #element_text(size=17), 

        legend.key.size = unit(3, 'lines'))) %>% print(.) 

#Bray-NMDS 

ord.nmds.bray <- ordinate(ps, method="NMDS", distance="bray") 
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inocula_and_final_bray_nmds <-plot_ordination(ps, ord.nmds.bray, 
color="salinity", title="Bray NMDS") + #geom_text(aes(label= replicate, size = 
0.9, fontface = 'bold', vjust = 1.2, hjust = -0.02)) + 

  geom_point(size=4) + 

  geom_text(aes(label=paste(compound, replicate, sep = " "), size = 0.8, fontface 
= 'bold', vjust = 1.4, hjust = 0.5)) + xlim(-1, 1.2)  + ylim(-0.8, 0.8) + 

  #theme(plot.margin=unit(c(1,0,0,0),"cm")) + 

  stat_ellipse(type = "t", linetype = 2) 

  #stat_ellipse(type = "t") 

  #stat_ellipse(geom = 'polygon') 

#facet_wrap(~ compound, scales = "free") 

inocula_and_final_bray_nmds 

#ggsave(inocula_and_final_bray_nmds, file= 
"/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_bray_nmds.png", scale=2) 

 

#Jaccard-NMDS 

ord.nmds.jaccard <- ordinate(ps, method="NMDS", distance="jaccard") 

inocula_and_final_jaccard_nmds <-plot_ordination(ps, ord.nmds.jaccard, 
color="salinity", title="Jaccard NMDS") + geom_text(aes(label=paste(compound, 
replicate, sep = " "), size = 0.9, fontface = 'bold', vjust = 1.2, hjust = -0.02)) + 
xlim(-1.6, 1.3)  + ylim(-0.9, 0.9) + theme(plot.margin=unit(c(1,0,0,0),"cm")) + 

  stat_ellipse(type = "norm", linetype = 2) 

  #stat_ellipse(type = "t") 

  #stat_ellipse(geom = 'polygon') 

#ggsave(inocula_and_final_jaccard_nmds, file= 
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"/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_jaccard_nmds.png", scale=2) 

``` 

## Plots and trees 

### Plotting function for different taxonomic ranks 

```{r, eval=FLASE} 

taxranks.graph <- function(my_data, na.rm = TRUE, ...) { 

  

  suppressPackageStartupMessages(library(RColorBrewer)) 

  suppressPackageStartupMessages(library(extrafont)) 

  suppressPackageStartupMessages(library(extrafontdb)) 

  colourCount = length(unique(my_data[ , ncol(my_data)])) 

  getPalette = colorRampPalette(brewer.pal(9, "Set1")) 

   

  ggplot(my_data, aes(Sample, Abundance, fill = reorder(my_data[ , 
ncol(my_data)], Abundance))) + 

  geom_bar(stat = "identity", width = 0.4, color = "Black") + 

  #facet_wrap(~ salinity, nrow=1) + 

  theme(panel.margin = unit(2, "lines")) + 

  ggtitle("trimLeft=c(10), truncLen=c(280,250), 

                    maxN=0, maxEE=2, rm.phix=TRUE, 

                    compress = TRUE, verbose = TRUE), 

          and 20 minim overlap")  + 
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  #geom_text(aes(label = Abundance, y = Abundance), size = 3) + #this piece 
adds number of reads inside each bar. Not ready yet 

  theme(plot.title = element_text(family = "Arial", color="black", 

                                  face="bold", size=18, hjust=0.5, vjust = 1, 

                                  margin=margin(0, 0, 20, 0))) + 

  theme(axis.title.x = element_blank(), 

        axis.text.x = element_text(angle = 0, hjust = 0.5,  family = 'Arial', 

                                   size = 16, color = 'Black', margin=margin(0.5, 0, 0, 0)), 

        axis.ticks.y = element_line(size = 1), 

        axis.title.y = element_text(family = "Arial", color="black" , 

                                    face="bold", size=18, vjust = 1, hjust=0.5, 

                                    margin=margin(0,20,0,0)), 

        axis.text.y = element_text(family = 'Arial', size = 16, color = 'Black', 

                                   vjust = 0.5, hjust=0.8)) + 

  theme(legend.title = element_blank(),#element_text(size= 18, face = 'bold'), 
#removes legend title 

        legend.text = element_text(colour="black", size = 12, face = "italic"), 

        legend.key.size = unit(2, "lines"), #add space between legend keys. If using 
theme_bw, read this: http://stackoverflow.com/questions/32275113/ggplot2-
increase-space-between-legend-keys 

        #legend.position=c(0.9, 0.9),#legend.position=c(0.45, -0.48),  

        legend.direction = ("vertical")) + #legend.direction = "vertical") 

  theme(plot.margin = unit(c(1, 4, 1, 1), "cm")) + #top, right, bottom, and left 
margins 

  scale_fill_manual(values =getPalette(length(unique(my_data[ , 
ncol(my_data)])))) + #use scale_fill_manual when colors in a palette are 
insufficient 

  #theme(plot.margin=unit(c(0.8, 1.5, 5, 1.5), "cm")) + 
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  theme(#panel.grid.major = element_blank(), 

        #panel.grid.minor = element_blank(), 

        panel.border = element_blank(), 

        #panel.background = element_blank(), 

        axis.line.x = element_line(), 

        axis.line.y = element_line()) + 

  scale_y_continuous(limits = c(0, 100), expand = c(0,0)) + #remove gap between
Y and X axes + 

  theme(axis.line = element_line(colour = "black"), 

        panel.grid.major = element_blank(), #element_line(color = 'black', size = 
0.4), 

        panel.grid.major.x = element_blank(), 

        axis.line.y = element_line(color = 'black')) + 

  #panel.grid.minor = element_blank(), 

  #panel.border = element_rect(color = 'black', size = 0.5), 

  #panel.background = element_blank()) + 

  theme(strip.text = element_text(size=20)) #to change the text size of facet_wrap

} 

``` 

## Sorting taxa by abundances 

```{r, eval=FLASE} 

#Non-normalized phyloseq object. 

all.taxa <- names(sort(taxa_sums(ps), decreasing=TRUE)) #[1:20] 

ps.all.taxa <- transform_sample_counts(ps, function(OTU) OTU/sum(OTU)) 

154



#normalize libaries size 

ps.all.taxa <- prune_taxa(all.taxa, ps.all.taxa) 

#all.taxa.reads <- names(sort(taxa_sums(ps), FALSE)) #[1:20] 

#ps.all.taxa.reads <- transform_sample_counts(ps, function(OTU) 
OTU/sum(OTU)) 

#ps.all.taxa.reads <- prune_taxa(all.taxa, ps.all.taxa) 

#ps.all.taxa.reads.decreasing.reads <- psmelt(tax_glom(ps.all.taxa.reads)) %>% 
arrange(sample, Genus, Abundance) 

#ps.decreasing.relative.abundance <- psmelt(tax_glom(ps)) %>% 
arrange(sample, Genus, Abundance) 

#Unglomed taxa 

#write.csv(psmelt(ps.all.taxa), 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time points/inocula and final 
communities all taxa not agglomerated.csv') 

 

#Glomed taxa 

#write.csv(psmelt(tax_glom(ps.all.taxa, taxrank = 'Genus')), 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time points/inocula and final 
communities all taxa agglomerated.csv') 

#Standarizing data to median of the samples' number of reads 

all.taxa.standarized <- names(sort(taxa_sums(ps), decreasing=TRUE)) #[1:20] 

total.all.taxa.standarized = median(sample_sums(ps)) 

standf.all.taxa.standarized = function(x, t=total.all.taxa.standarized) round(t * (x / 
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sum(x))) 

ps.all.taxa.standarized = transform_sample_counts(ps, 
standf.all.taxa.standarized) 

ps.all.taxa.standarized <- transform_sample_counts(ps.all.taxa.standarized, 
function(OTU) (OTU/sum(OTU)) * 100) 

#Glomed taxa 

#write.csv(psmelt(tax_glom(ps.all.taxa.standarized, taxrank = 'Genus')), 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time points/Standarized inocula and
final communities all taxa agglomerated.csv') 

``` 

## Plots 

```{r, eval=FLASE} 

#top20 <- names(sort(taxa_sums(ps), decreasing=TRUE))[1:20] 

#ps.top20 <- transform_sample_counts(ps, function(OTU) OTU/sum(OTU)) 

#ps.top20 <- prune_taxa(top20, ps.top20) 

 inocula_and_final_communities <- 
read.csv('/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_s
equencing_analyses/16S_rRNA_gene_sequencing/all time points/Standarized 
inocula and final communities all taxa agglomerated.csv') 

taxranks.graph(inocula_and_final_communities[, 1:11] %>% filter(Abundance > 
0))#kingdom 

taxranks.graph(inocula_and_final_communities[, 1:12] %>% filter(Abundance > 
0))#phylum 

taxranks.graph(inocula_and_final_communities[, 1:13] %>% filter(Abundance > 
0))#class 

taxranks.graph(inocula_and_final_communities[, 1:14] %>% filter(Abundance > 
0.))#order 

taxranks.graph(inocula_and_final_communities[, 1:15] %>% filter(Abundance > 
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0.))#family 

taxranks.graph(inocula_and_final_communities[, 1:16] %>% filter(Abundance > 
0.008))#genus 

taxranks.graph(inocula_and_final_communities %>% filter(salinity == 'brackish', 
compound ==  'unamended', Abundance >= 1.5)) + coord_flip() + 
ggtitle("Methanogenic unamended") +   theme(plot.margin = (unit(c(1, 1, 1, 0), 
'cm'))) + theme(legend.position = c(0.9,0.6)) 

inocula_and_final_communities %>% filter(grepl('Chlor', Genus)) 

``` 

## Trees 

```{r} 

library(phyloseq) 

new.ps <- ps.all.taxa.standarized 

(new.ps@phy_tree) 

(new.ps@phy_tree)$Nnode #Internal nodes 

set.seed(1) 

GPUF <- UniFrac(new.ps, weighted = TRUE) 

colorScale    <- rainbow(length(levels(get_variable(new.ps, "sample")))) 

cols <- colorScale[get_variable(new.ps, as.factor("salinity"))] 

#Attempt to change the tips names using paste. Not woring yet. 

#GP.tip.labels <- as(get_variable(new.ps, paste0(new.ps, (new.ps@sam_data)
$salinity, (new.ps@sam_data)$compound, (new.ps@sam_data)$replicate, sep ="
")), "character") 
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GP.tip.labels <- as(get_variable(new.ps, "sample"), "character") 

cols <- colorScale[get_variable(new.ps, "salinity")] 

#This is the actual hierarchical clustering call, specifying average-link clustering 

GP.hclust     <- hclust(GPUF, method="average") 

#plot(GP.hclust, col=cols) 

plot(GP.hclust, cex = 1.5, cex.axis = 1.5, cex.lab = 2, cex.main = 1.5) 

#ggsave(plot(GP.hclust), file= 
"/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/cluster.dendrogram.samples.png", height = 10, width = 15) 

#phyoseq function to create trees. Can't get the samples names to be the nodes. 
Keep working on it when have time. 

#Object ps3 has relative abundances. 

plot_tree(new.ps3, label.tips = "sample", color = "salinity", min.abundance = 0.1) 

 str(new.ps3) 

str(new.ps3@sam_data) 

data("GlobalPatterns") 

str(GlobalPatterns) 

plot_tree(GlobalPatterns, label.tips = "SampleType") 

#plot_tree(new.ps, color="salinity", label.tips="Sample", size="abundance", 
plot.margin=0.6) 

``` 

<!-- 
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Tree generated on Dec. 10, 2016, after libraries standarization to the median of 
reads number of all samples (all salinties and inocula). This tree is not the one 
included in my masters thesis. CLstering is a bit different 

Warning message: 

In UniFrac(new.ps) : 

  Randomly assigning root as -- 
GAATTGGCTGGTGTATTGGGCGTGCTGCAGCTTGAGCCTGAAGCCTTCCTG
CAGGCTGGTGCGGCGGGCAAGGTCGATGCCACCGAGGTCGAGGCGTTGAT
CGCTGCGCGCCTCACGGCTCGAGCTGAAAAGAACTGGGCCGAATCCGATC
GTATCCGTGAACAGCTCACCGCGATGGGGGTGGTGCTGGAGGATGGCAAA
GGCGGAACGACATGGCGTCTTGCTGAATAAAAGGGACGGCGTAATCAAAAA
CGGCACCGAAAGGTGCCGTTCTTGTTTCACTCGCAGTAGTTATCGATGCAGA
TGTTCGGCGGCGTGCAGTGTATTTTCCAGTAGGCAGGCTCGGGTCATCGGA
CCTACTCCACCCGGAACCGGAGTGATCCAGGCGGCGCGTTCGCTGGCTGG
TCCGAATTCAACGTCGCCCAGC -- in the phylogenetic tree in the data you 
provided. 

--> 

```{r } 

table(tax_table(new.ps)[, "Phylum"], exclude = NULL) 

new.ps0 <- subset_taxa(new.ps, !is.na(Phylum) & !Phylum %in% c("", 
"uncharacterized")) 

table(tax_table(new.ps0)[, "Phylum"], exclude = NULL) 

# Compute prevalence of each feature, store as data.frame 

prevdf = apply(X = otu_table(new.ps0), 

                 MARGIN = ifelse(taxa_are_rows(new.ps0), yes = 1, no = 2), 

                 FUN = function(x){sum(x > 0)}) 

# Add taxonomy and total read counts to this data.frame 
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prevdf = data.frame(Prevalence = prevdf, 

                      TotalAbundance = taxa_sums(new.ps0),  tax_table(new.ps0)) 

# Compute the total and average prevalences of the features in each phylum. 

plyr::ddply(prevdf, "Phylum", function(df1)
{cbind(mean(df1$Prevalence),sum(df1$Prevalence))}) 

# Subset to the remaining phyla 

prevdf1 = subset(prevdf, Phylum %in% get_taxa_unique(new.ps0, "Phylum")) 

prevalent_phyla <- (ggplot(prevdf1, aes(TotalAbundance, Prevalence / 
nsamples(new.ps0),color=Phylum)) + # Include a guess for parameter 

    geom_hline(yintercept = 0.05, alpha = 0.5, linetype = 2) + 

    geom_point(size = 2, alpha = 0.7) + 

    scale_x_log10() +  xlab("Total Abundance") + ylab("Prevalence [Frac. 
Samples]") + 

    facet_wrap(~Phylum) +  

    theme(strip.text = element_text(size=12)) + #controls facet title 

    theme(legend.position="none")) %>%print() 

ggsave("Prevalent phyla.png", prevalent_phyla, device = "png", scale = 1.8, 
width = 23, units = "cm") 

`getwd 

#ggsave(prevalent_phyla, file= 
"/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
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g_analyses/16S_rRNA_gene_sequencing/all time points/prevalent_phyla.png", 
scale=1.8) 

#Define prevalence threshold as 5% of total samples 

prevalenceThreshold <- 0.05 * nsamples(new.ps0) 

prevalenceThreshold #0.15 

# Execute prevalence filter, using `prune_taxa()` function 

keepTaxa = rownames(prevdf1)[(prevdf1$Prevalence >= prevalenceThreshold)] 

new.ps2 = prune_taxa(keepTaxa, new.ps0) 

#Agglomerate taxa 

# How many genera would be present after filtering? 

length(get_taxa_unique(new.ps2, taxonomic.rank = "Genus")) 

  

new.ps3 = tax_glom(new.ps2, "Genus", NArm = TRUE) 

h1 = 0.4 

new.ps4 = tip_glom(new.ps2, h = h1) 

multiPlotTitleTextSize = 8 

new.p2tree = plot_tree(new.ps2, method = "treeonly", 

                     ladderize = "left", 

                     title = "Before Agglomeration") + 
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  theme(plot.title = element_text(size = multiPlotTitleTextSize)) 

new.p3tree = plot_tree(new.ps3, method = "treeonly", 

                     ladderize = "left", title = "By Genus") + 

  theme(plot.title = element_text(size = multiPlotTitleTextSize)) 

new.p4tree = plot_tree(new.ps4, method = "treeonly", 

                     ladderize = "left", title = "By Height") + 

  theme(plot.title = element_text(size = multiPlotTitleTextSize)) 

# group plots together 

library(gridExtra) 

grid.arrange(nrow = 1, new.p2tree, new.p3tree, new.p4tree) 

``` 

## Abundance value transformation function 

<!-- 

This function normalizes data 

Check https://f1000research.com/articles/5-1492/v2 

--> 

```{r, eval=FALSE} 

plot_abundance = function(physeq,title = "", 
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     Facet = "Order", Color = "Phylum"){ 

  # Arbitrary subset, based on Phylum, for plotting 

  p1f = subset_taxa(physeq, Phylum %in% c("Firmicutes")) 

  mphyseq = psmelt(p1f) 

  mphyseq <- subset(mphyseq, Abundance > 0) 

  ggplot(data = mphyseq, mapping = aes_string(x = "Sample",y = "Abundance", 

                                 color = Color, fill = Color)) + 

    geom_violin(fill = NA) + 

    geom_point(size = 1, alpha = 0.3, 

                position = position_jitter(width = 0.3)) + 

    facet_wrap(facets = Facet) + scale_y_log10()+ 

    theme(legend.position="none") 

} 

# Transform to relative abundance. Save as new object. This shows how 
normalization changes the data 

ps3ra = transform_sample_counts(new.ps3, function(x){x / sum(x)}) 

psmelt(ps3ra) %>% unique(.$Phylum) 

plotBefore = plot_abundance(new.ps3,"") #Before normalization 

plotAfter = plot_abundance(ps3ra,"") #After normalization 

# Combine each plot into one graphic. 

grid.arrange(nrow = 2, plotBefore, plotAfter) 

``` 

## Subset by taxonomy 

163



```{r, eval=FALSE} 

ps3ra = transform_sample_counts(new.ps3, function(x){x / sum(x)}) 

#Now plot the abundance values before and after transformation. 

plotBefore = plot_abundance(new.ps3,"") 

plotAfter = plot_abundance(ps3ra,"") 

# Combine each plot into one graphic. 

grid.arrange(nrow = 2, plotBefore, plotAfter) 

psOrd = subset_taxa(ps3ra, Order == "Clostridiales") 

plot_abundance(psOrd, Facet = "Family", Color = NULL) 

``` 

# Graph based visualization and testing 

## Network plot 1 

```{r} 

#install.packages("ggnetwork"); install.packages("intergraph"); 

#install.packages("phyloseqGraphTest") 

library(sna) #installed.packages("sna") 

library(ggnetwork); library("igraph"); library("phyloseq"); 
library("phyloseqGraphTest"); library("ggnetwork"); library("intergraph"); 
library("gridExtra") 

net <- make_network(new.ps, max.dist=0.8) 

sampledata <- data.frame(sample_data(new.ps)) 

V(net)$salinity <- sampledata[names(V(net)), "salinity"] 

LOOLV(net)$compound <- sampledata[names(V(net)), "compound"] 
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unique(V(net)$compound) 

#iGraph is automatically converting salinity and compound into numbers, which 
creates problems when plotting. For now, I'll change them manually until figure 
out what is going on 

V(net)$salinity[V(net)$salinity == 1] <- "brackish" 

V(net)$salinity[V(net)$salinity == 2] <- "fresh" 

V(net)$salinity[V(net)$salinity == 3] <- "saline" 

V(net)$compound[V(net)$compound == 1] <- "2,6-diMN" 

V(net)$compound[V(net)$compound == 2] <- "DBT" 

V(net)$compound[V(net)$compound == 3] <- "inoculum" 

V(net)$compound[V(net)$compound == 4] <- "PHEN" 

V(net)$compound[V(net)$compound == 5] <- "Unamended" 

ggnetwork(net) 

inocula_and_final_normalized_network <- 

  ggplot(net, aes(x = x, y = y, xend = xend, yend = yend), layout = 
"fruchtermanreingold") +  geom_edges(color = "darkgray") + 

  geom_nodes(aes(color = salinity), size = 3) + 

  geom_nodelabel((aes(label = vertex.names, color = salinity))) + 

  theme(axis.text = element_blank(), axis.title = element_blank(), 
legend.key.height = unit(1.5,"line")) + 

  xlim(-0.1, 1) + ylim(-0.1, 1) + ggtitle("Network plot of normalized libraries") + 

  theme(#legend.justification=c(0.3,0), 
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            legend.position=c(0.9, 0.85), 

            legend.title = element_text(size = 16), 

            legend.text = element_text(colour="black", size = 14), 

            legend.key.size = unit(2, "lines")) 

            #legend.direction = 'horizontal') 

  #guides(fill = guide_legend(keywidth = 3, keyheight = 2)) 

  #guides(col = guide_legend(override.aes = list(size = 1))) 

``` 

 ## Network plot 2 

```{r} 

set.seed(1) 

ig_test <- make_network(ps, distance = "unifrac", max.dist=0.8, keep.isolates = 
TRUE) 

plot_network(ig_test, ps, color = 'salinity', label = NULL, point_size = 5) + 
#geom_text(size = 15) + #theme(text = element_text(size = 5)) + 

  geom_text(aes(label= paste(compound, replicate, sep = " ")), colour = 'black', 

            size = 7, fontface = 'bold', vjust = 1.6, hjust = 0.5) + 

  #xlim(-0.1, 1) + ylim(-0.1, 1) + 

  ggtitle("Unifrac network with a 0.8 max distance") + 

  theme(#legend.justification=c(0.3,0), 

            legend.position=c(0.9, 0.9), 

            legend.title = element_text(size = 26), 

            legend.text = element_text(colour="black", size = 22), 

            legend.key.size = unit(2, "lines")) 

``` 
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Appendix B. Chapter four's 16S rRNA gene sequencing bioinformatics analysis 
script in R.

```{r setup, include=FALSE} 

knitr::opts_chunk$set(echo = TRUE) 

``` 

# Brackish, fresh, and saline 16S rDNA sequencing from aerobic oil sands 
incubations 

<!-- 

```{r, echo=FALSE, eval=FALSE, include=FALSE} 

rm(list=ls(all=T)) 

``` 

--> 

## Getting environment ready 

```{r, environment_set_up} 

#If get "Warning message: installed directory not writable, cannot update 
packages", #then open a terminal and run R as sudo, then 
biocLite("BiocUpgrade") 

source("http://bioconductor.org/biocLite.R") 

#biocLite("BiocUpgrade") 

#biocLite(suppressUpdates = FALSE) 

#biocLite("ShortRead", suppressUpdates = FALSE) #No errors 

#biocLite('Hmisc') #; install.packages("Hmisc") #Can't install Hmisc (April 5, 
2016) 

#biocLite("limma") #Limma not installed by the above code. Installed manueally, 
was succesful 
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#biocLite("Rcpp") 

#biocLite('phyloseq') 

#biocLite('ape') #install.packages('ape') #Can't install ape and phyloseq requires 
it 

#install.packages('phyloseq') 

#Problems installing "devtools" (to work with Github) 

#Run the following two lines in shell if can't install "devtools" package 
(http://stackoverflow.com/questions/20923209/problems-installing-the-devtools-
package) 

#apt-get -y build-dep libcurl4-gnutls-dev 

#apt-get -y install libcurl4-gnutls-dev 

#install.packages("devtools") #Succesfull resintallation 

##################### Notes ############################ 

#install.packages('devtools') 

library("devtools") 

#devtools::install_github("benjjneb/dada2") #No errors during installation 

#biocLite('dada2') 

library(dada2); packageVersion("dada2") 

#biocLite('Rcpp') 

#library(Rcpp); packageVersion('phyloseq') 

#biocLite('phyloseq') #; install.packages('phyloseq') 

library(phyloseq); packageVersion('phyloseq') 

library(ShortRead); packageVersion("ShortRead") 

library(ggplot2); packageVersion("ggplot2") 
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library(dplyr); packageVersion("dplyr") 

``` 

## Calling fastq files to start analysis 

```{r} 

path <-'/home/oscar/Documents/Aerobic oil sands 16S/Aerobic PHEN Dunfield 
lab run/fastq/' 

fns <- list.files(path) 

fns 

fastqs <- fns[grepl(".fastq$", fns)] 

fastqs <- sort(fastqs) # Sort ensures forward/reverse reads are in same order 

fnFs <- fastqs[grepl("_R1", fastqs)] 

fnRs <- fastqs[grepl("_R2", fastqs)] 

# Get sample names from the first part of the forward read filenames 

sample.names <- sapply(strsplit(fnFs, "_"), `[`, 1) 

 # Fully specify the path for the fnFs and fnRs 

fnFs <- paste0(path, fnFs) 

fnRs <- paste0(path, fnRs) 

``` 

## Quality of the reads 

```{r, eval=FALSE} 

# All plots in single page grouped by forward or reverse 

169



plotQualityProfile(fnFs[1:3]) + ggtitle('Forward') 

plotQualityProfile(fnRs[1:3]) + ggtitle('Reverse') 

# Each sample in a its own plot. 

for (fnF in fnFs){ 

 

  qqF <- plotQualityProfile(fnF) + ggtitle('Forward') 

  print(qqF, main = 'Forward') 

} 

for (fnR in fnRs){ 

  qqR <- plotQualityProfile(fnR) + ggtitle('Reverse') 

  print(qqR, main = 'Reverse') 

} 

``` 

## Filtering and trimming 

According to Xiaoli, doing merging of the reads before filtering and trimming 
avoids having to define how many nuceleotides to cut, based on the quality plots 
(DADA2 way is, first trimming and filtering, then merging.). Xiaoli does contol 
during the merging step by the number of errors allowed during the overlap. 

```{r} 

# Make directory and filenames for the filtered fastqs 

filtFs <- paste0(path, sample.names, "_F_filt.fastq.gz") 

filtRs <- paste0(path, sample.names, "_R_filt.fastq.gz") 
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# Reverse reads look really crappy 

for(i in seq_along(fnFs)) { 

  fastqPairedFilter(c(fnFs[i], fnRs[i]), c(filtFs[i], filtRs[i]), 

                    trimLeft=c(10), truncLen=c(290,260), 

                    maxN=0, maxEE=2, rm.phix=TRUE, truncQ=2, 

                    compress = TRUE, verbose = TRUE) 

  #phix control concept: http://www.illumina.com/products/phix_control_v3.html 

 } 

 

#maxN=0: max amount of ambiguous nucleotides. 

#trimLeft:  remove first x nucleotides of each read in this case 

#truncLen: truncates the forward and reverse reads, respectively. Decision taken 
based on quality scores of F an R plots. In my case, I decided to use F reads up 
to cycle 290 and R reads up to 200, as Q score should always be above Q20, but
this was causing non-overlaping of the reads, then nothing was going trough the 
quality control 

#truncQ=2: quality score 2 in Illumina means “stop using this read”. Filtered out 
all reads with more than k expected errors. 

#compress=TRUE: filtered output files are stored as gzipped fastq files. 

# With 280, 250: 

#Read in 60506 paired-sequences, output 18480 filtered paired-sequences. 

#Read in 29144 paired-sequences, output 7778 filtered paired-sequences. 

#Read in 28899 paired-sequences, output 9577 filtered paired-sequences. 

``` 
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## Deriplicating the filtered (reduce computational time) 

```{r} 

derepFs <- derepFastq(filtFs, verbose=TRUE) 

derepRs <- derepFastq(filtRs, verbose=TRUE) 

# Name the derep-class objects by the sample names 

names(derepFs) <- sample.names 

names(derepRs) <- sample.names 

#Inspect the derep-class object returned by derepFastq: 

derepFs[[1]] 

``` 

## Sample inference 

```{r} 

#Perform joint sample inference and error rate estimation (takes a few minutes): 

dadaFs <- dada(derepFs, err=NULL, selfConsist = TRUE, pool = TRUE, 
multithread = TRUE) #err=inflateErr(tperr1,3) 

dadaRs <- dada(derepRs, err=NULL, selfConsist = TRUE, pool = TRUE, 
multithread = TRUE) #err=inflateErr(tperr1,3) 

dadaFs[[1]] 

#There is much more to the dada-class return object than this (see help(“dada-
class”) 

#for some info), including multiple diagnostics about the quality of the inference 
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#(subject for another tutorial). 

#Visualize estimated error rates: 

plotErrors(dadaFs[[1]], nominalQ=TRUE) 

``` 

## Merge of pair reads 

```{r} 

#Merge the denoised forward and reverse reads: 

mergers <- mergePairs(dadaFs, derepFs, dadaRs, derepRs, verbose=TRUE, 
minOverlap = 20) 

# Inspect the merger data.frame from the first sample 

head(mergers[[1]]) 

#We now have a data.frame for each sample with the merged $sequence, its 
$abundance, 

#and the indices of the merged $forward and $reverse denoised sequences. 
Paired reads 

#that did not exactly overlap were removed by mergePairs. 

``` 

## Constructing a sequence table 

```{r} 

#Construct sequence table: 

seqtab <- makeSequenceTable(mergers[names(mergers) != "Mock"]) #Drop 
mock off in case I have a mock community as a control 

dim(seqtab) 
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table(nchar(colnames(seqtab))) 

#The sequence table is a matrix with rows corresponding (and named by) the 
samples and columns corresponding to 

#(and named by) the sequence variants. It is worth checking on the distribution of
sequence lengths after merging. 

# If some sequences are much longer or shorter than 
sum(seqtab.nochim)/sum(seqtab)expected, it may be worth removing those 
sequences as they may be the result of non-specific priming. 

``` 

## Chimeras removal 

```{r} 

seqtab.nochim <- removeBimeraDenovo(seqtab, verbose=TRUE) 

dim(seqtab.nochim) 

sum(seqtab.nochim)/sum(seqtab) #56% were chimeras. 

#write.csv(seqtab.nochim,'/home/oscar/Documents/Methanogenic_oil_sands_16
S_rRNA_gene_sequencing_analyses/16S_rRNA_gene_sequencing/2014_07._Fi
rst_16S_inocula_source_rRNA_illumina/2/nochim.csv') 

#Constructing the sequence table 

#Sample inference is complete, and we can now construct the “sequence table” 
analogous 

#to the “OTU table” produced by OTU methods. We drop the Mock community at
this point. 

``` 
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## Assign taxonomy 

```{r} 

#Need to get vector with the unique sequences before assiging taxonomy 

#https://github.com/benjjneb/dada2/issues/48  has options to get uniques 

#Option 1: 

#For RDP and SIlva: 

taxa <- assignTaxonomy(seqtab.nochim, 
'/home/oscar/Documents/otu_references_datasets/silva_nr_v123_train_set.fa.gz'
) 

#"rdp_train_set_14.fa.gz" 

colnames(taxa) <- c("Kingdom", "Phylum", "Class", "Order", "Family", "Genus") 

unname(head(taxa, 15)) 

class(taxa) 

unname(taxa) 

#write.csv(taxa, 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/2014_07._First_16S_inocula_source_
rRNA_illumina/2/taxa.csv') 

#=====For green genes: 

#taxa <- assignTaxonomy(seqtab.nochim, paste0(path, 
"gg_13_8_train_set_97.fa.gz")) 

#colnames(taxa) <- c("Kingdom", "Phylum", "Class", "Order", "Family", "Genus", 
"Species") 

#unname(head(taxa, 15)) 
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#class(taxa) 

#=========================== End of dada2 script ===========

sessionInfo() 

``` 

<!--- 

sessionInfo() 

R version 3.3.1 (2016-06-21) 

Platform: x86_64-pc-linux-gnu (64-bit) 

Running under: Ubuntu 14.04.5 LTS 

locale: 

 [1] LC_CTYPE=en_CA.UTF-8       LC_NUMERIC=C               
LC_TIME=en_CA.UTF-8        LC_COLLATE=en_CA.UTF-8    

 [5] LC_MONETARY=en_CA.UTF-8    LC_MESSAGES=en_CA.UTF-8    
LC_PAPER=en_CA.UTF-8       LC_NAME=C                 

 [9] LC_ADDRESS=C               LC_TELEPHONE=C             
LC_MEASUREMENT=en_CA.UTF-8 LC_IDENTIFICATION=C       

attached base packages: 

[1] stats4    parallel  stats     graphics  grDevices utils     datasets  methods   base

other attached packages: 

 [1] dplyr_0.5.0                ggplot2_2.1.0              ShortRead_1.32.0           
GenomicAlignments_1.10.0  
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 [5] SummarizedExperiment_1.4.0 Biobase_2.32.0             Rsamtools_1.24.0       
GenomicRanges_1.26.1      

 [9] GenomeInfoDb_1.8.7         Biostrings_2.40.2          XVector_0.12.1             
IRanges_2.8.1             

[13] S4Vectors_0.12.0           BiocParallel_1.6.3         BiocGenerics_0.20.0        
phyloseq_1.18.0           

[17] dada2_1.2.0                Rcpp_0.12.7                devtools_1.12.0            
BiocInstaller_1.24.0      

loaded via a namespace (and not attached): 

 [1] reshape2_1.4.1      splines_3.3.1       lattice_0.20-34     rhdf5_2.18.0        
colorspace_1.2-6    mgcv_1.8-15        

 [7] chron_2.3-47        survival_2.40-1     withr_1.0.2         DBI_0.5-1           
RColorBrewer_1.1-2  foreach_1.4.3      

[13] plyr_1.8.4          stringr_1.1.0       zlibbioc_1.18.0     munsell_0.4.3       
gtable_0.2.0        hwriter_1.3.2      

[19] codetools_0.2-15    memoise_1.0.0       labeling_0.3        latticeExtra_0.6-28 
knitr_1.15          permute_0.9-4      

[25] biomformat_1.2.0    scales_0.4.0        vegan_2.4-1         RcppParallel_4.3.20
jsonlite_1.1        digest_0.6.10      

[31] stringi_1.1.2       grid_3.3.1          ade4_1.7-4          tools_3.3.1         
bitops_1.0-6        magrittr_1.5       

[37] tibble_1.2          cluster_2.0.4       ape_3.5             MASS_7.3-45         
Matrix_1.2-7.1      data.table_1.9.6   

[43] assertthat_0.1      iterators_1.0.8     R6_2.2.0            multtest_2.28.0     
igraph_1.0.1        nlme_3.1-128--> 

```{r} 

#install.packages("shiny") 

#shiny::runGitHub("shiny-phyloseq","joey711") 
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#install.packages('networkD3') 

#install.packages('png') 

#new.ps 

#outfile = tempfile() 

#write_biom(new.ps, tempfile) 

``` 

# Further analysis using phyloseq 

## Putting together taxa table, otu table, metadata, and phylogenetic trees info 

```{r} 

#To create metadata file, write rownames(seqtab.nochim) and name it 
inocula_metadata.csv, and manually fill up the metadata info with the neccesary 
columns using a spredsheet. The read it as xx_metadata 

#write.csv(rownames(seqtab.nochim), 
'/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_metadata.csv') 

aerobic_oil_sands_metadata <- read.csv('/home/oscar/Documents/Aerobic oil 
sands 16S/Aerobic PHEN Dunfield lab run/inocula_and_final_metadata.csv') 

#Using row.names(seqtab.nochim) as rownames for metadata file. Is the same 
as in column 1 (sample), but rownames must be specified nayway. 

row.names(aerobic_oil_sands_metadata) <- row.names(seqtab.nochim) 

``` 

```{r} 

####### Data for trees 

#biocLite('DECIPHER') 

#library(DECIPHER) 
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# This migth be the key to change tips for samples instead OTUs!! 

#seqs <- getSequences(seqtab.nochim) 

#names(seqs) <- seqs # This propagates to the tip labels of the tree 

#alignment <- AlignSeqs(DNAStringSet(seqs), anchor=NA) 

#biocLite('phangorn') 

#library(phangorn) #;citation("phangorn") 

#phang.align <- phyDat(as(alignment, "matrix"), type="DNA") 

#dm <- dist.ml(phang.align) 

#treeNJ <- NJ(dm) # Note, tip order is different than sequence order! 

#treeUPGMA <- upgma(dm) 

#fit = pml(treeNJ, data=phang.align) 

#fitGTR <- update(fit, k=4, inv=0.2) 

#fitGTR <- optim.pml(fitGTR, model="GTR", optInv=TRUE, optGamma=TRUE, 
rearrangement = "stochastic", control = pml.control(trace = 0)) 

#detach("package:phangorn", unload=TRUE) 

# Merge tree with taxa, OTU, and metadata 

ps <- phyloseq(otu_table(seqtab.nochim, taxa_are_rows=FALSE), 
sample_data(aerobic_oil_sands_metadata), tax_table(taxa)) 

               #phy_tree(fitGTR$tree)) 

plot_tree(ps) 

``` 

```{r} 

# Standarizing 

library(phyloseq) 
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# Quick check plot 

#all.taxa <- names(sort(taxa_sums(ps), decreasing=TRUE)) #[1:20] 

#ps.all.taxa <- transform_sample_counts(ps, function(OTU) OTU/sum(OTU)) 
#normalize libaries size 

#ps.all.taxa <- prune_taxa(all.taxa, ps.all.taxa) 

#Standarizing data to median of the samples' number of reads 

all.taxa.standarized <- names(sort(taxa_sums(ps), decreasing=TRUE)) #[1:20] 

total.all.taxa.standarized = median(sample_sums(ps)) 

standf.all.taxa.standarized = function(x, t=total.all.taxa.standarized) round(t * (x / 
sum(x))) 

ps.all.taxa.standarized = transform_sample_counts(ps, 
standf.all.taxa.standarized) 

ps.all.taxa.standarized <- transform_sample_counts(ps.all.taxa.standarized, 
function(OTU) (OTU/sum(OTU)) * 100) 

``` 

<!-- 

```{r, eval = FALSE} 

# plot 

plot_bar(ps.top20, x="Sample", fill="Genus")# + facet_wrap(~When, 
scales="free_x") 

plot_bar(abundances, x="Sample", fill="Genus") + 

  facet_wrap(~salinity, scales="free_x") 

plot_bar(abundances, x="Sample", fill="Kingdom") + 

  facet_wrap(~salinity, scales="free_x") 
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``` 

--> 

### Plotting function for different taxonomic ranks 

```{r plotting_function, eval=TRUE, echo = FALSE} 

taxranks.graph <- function(my_data, na.rm = TRUE, ...) { 

  

  suppressPackageStartupMessages(library(RColorBrewer)) 

  suppressPackageStartupMessages(library(extrafont)) 

  suppressPackageStartupMessages(library(extrafontdb)) 

  colourCount = length(unique(my_data[ , ncol(my_data)])) 

  getPalette = colorRampPalette(brewer.pal(9, "Set1")) 

  

  ggplot(my_data, aes(salinity, Abundance, fill = reorder(my_data[ , 
ncol(my_data)], Abundance))) + 

  geom_bar(stat = "identity", width = 0.4, color = "Black") + 

  #facet_wrap(~ salinity, nrow=1) + 

  theme(panel.margin = unit(2, "lines")) + 

  #ggtitle()  + 

  #geom_text(aes(label = Abundance, y = Abundance), size = 3) + #this piece 
adds number of reads inside each bar. Not ready yet 

  theme(plot.title = element_text(family = "Arial", color="black", 

                                  face="bold", size=18, hjust=0.5, vjust = 1, 

                                  margin=margin(0, 0, 20, 0))) + 

  theme(axis.title.x = element_text(family = 'Arial', size = 36, color = 'Black', 
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                                   face = "bold", vjust = 0.5, hjust=0.5, 

                                   margin=margin(20,0,0,0)), 

        axis.text.x = element_text(angle = 0, hjust = 0.5,  family = 'Arial', 

                                   size = 30, color = 'Black', margin=margin(0.5, 0, 0, 0)), 

        axis.ticks.y = element_line(size = 1), 

        axis.title.y = element_text(family = "Arial", color="black" , 

                                    face="bold", size=36, vjust = 0.5, hjust=0.5, 

                                    margin=margin(0,20,0,0)), 

        axis.text.y = element_text(family = 'Arial', size = 30, color = 'Black', 

                                   vjust = 0.5, hjust=0.8)) + 

  theme(legend.title = element_blank(),#element_text(size= 18, face = 'bold'), 
#removes legend title 

        legend.text = element_text(colour="black", size = 22, face = "italic"), 

        legend.key.size = unit(3, "lines"), #add space between legend keys. If using 
theme_bw, read this: http://stackoverflow.com/questions/32275113/ggplot2-
increase-space-between-legend-keys 

        #legend.position=c(0.9, 0.9),#legend.position=c(0.45, -0.48),  

        legend.direction = ("vertical")) + #legend.direction = "vertical") 

  theme(plot.margin = unit(c(1, 4, 1, 1), "cm")) + #top, right, bottom, and left 
margins 

  scale_fill_manual(values =getPalette(length(unique(my_data[ , 
ncol(my_data)])))) + #use scale_fill_manual when colors in a palette are 
insufficient 

  #theme(plot.margin=unit(c(0.8, 1.5, 5, 1.5), "cm")) + 

  theme(#panel.grid.major = element_blank(), 

        #panel.grid.minor = element_blank(), 

        panel.border = element_blank(), 
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        #panel.background = element_blank(), 

        axis.line.x = element_line(), 

        axis.line.y = element_line()) + 

  scale_y_continuous(limits = c(0, 100), expand = c(0,0)) + #remove gap between
Y and X axes + 

  theme(axis.line = element_line(colour = "black"), 

        panel.grid.major = element_blank(), #element_line(color = 'black', size = 
0.4), 

        panel.grid.major.x = element_blank(), 

        axis.line.y = element_line(color = 'black')) + 

  #panel.grid.minor = element_blank(), 

  #panel.border = element_rect(color = 'black', size = 0.5), 

  #panel.background = element_blank()) + 

  theme(strip.text = element_text(size=20)) #to change the text size of facet_wrap

} 

``` 

```{r} 

library(dplyr) 

library(ggplot2) 

View(psmelt(ps.all.taxa)) 

melted <- psmelt(tax_glom(ps.all.taxa.standarized, taxrank = 'Genus')) 

ncol(melted) 

head(melted) 

str(melted) 

melted[4,1] 

nchar(melted[4,1]) #hydrotalea flava 100% match identity (blast) 
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melted[melted$Abundance > 2,] 

View(melted) 

taxranks.graph(melted[melted$Abundance > 2 & melted$Kingdom != 
"Eukarya", ]) + 

ggtitle("trimLeft=c(10), truncLen=c(290, 260), maxN=0, maxEE=2, 
rm.phix=TRUE, minOverlap = 20") + 

  ylab("Relative Abundance (%)") + xlab("Salinity") + coord_flip() 

#save.image("/home/oscar/Documents/Aerobic oil sands 16S/Aerobic PHEN 
Dunfield lab run/Trial 8. truncLen=c(290, 260), minOverlap = 20 session.rdata") 

``` 

```{r} 

# Relative abundance 

View(melted[melted$Abundance >= 2, ]) 

# Absolute abundance 

absolute_abundance <- psmelt(transform_sample_counts(tax_glom(ps, taxrank 
= "Genus"), standf.all.taxa.standarized)) 

View(absolute_abundance[absolute_abundance$Abundance >= 182, ]) 

#library(knitr) 

#kable(absolute_abundance[absolute_abundance$Abundance >= 182, "Genus"])
# This table is not finished. Make one for absolute and one for relative 
abunances. 
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``` 

## Alpha diversity 

### Alpha in graph 

```{r} 

aero_phen_shannon <- (plot_richness(ps.all.taxa.standarized, x= 
as.factor((ps.all.taxa.standarized@sam_data)$salinity), measures="Shannon") + 

                                geom_point(size = 8, color = "black") + 

                                #facet_wrap(~salinity, scales = "free_x") + 

                                theme(strip.text.x = element_text(size = 30), 

                                      strip.background = element_blank()) + #control facet 
wrap's text 

                        #theme(panel.spacing = unit(0.1, "lines")) + #space btween facets

                                #scale_shape_manual(values = c(1, 2, 9, 0, 15)) + 

                                scale_shape(solid = FALSE) + 

  ggtitle(element_blank()) +                      

  labs(size = 30, y = "Alpha Diversity Measure (Shannon)") + 

  theme(axis.title.x =element_blank(),  #element_text(size = 20), 

        axis.text.x = element_text(angle = 0, hjust = 0.5, vjust = 0.4, 

                                   family = 'Arial', size = 28, 

                                   color = 'Black', margin=margin(0.5, 0, 0, 0)), 

        #In axis.text.x, remove "final" and "first" from labels name. Use paste0 or 
grep... 

        axis.title.y = element_text(family = 'Arial', color = 'Black', size = 30, 

                                    margin=margin(0,20,0,0)), 

        axis.text.y = element_text(family = 'Arial', color = 'Black', size = 28)) + 

    #scale_y_continuous(limits = c(1.7, 2.4)) + 
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    #scale_x_discrete(expand=c(0.1, 0.2)) + # reduce distance between tick 
marks in x axis 

  #geom_text(aes(label= replicate), colour = 'black', size = 8, fontface = 'bold', 
vjust = 0.5, hjust = 0.5) + #Positions the label using the shape of each point as 
reference. hjust and vjust set at 0.5 puts the label in the center of the shape + 

   theme(legend.key = element_rect(size = 15, color = NA), 

        legend.text =element_text(size=15), 

        legend.title = element_blank(), #element_text(size=17), 

        legend.key.size = unit(3, 'lines')) + 

    theme(plot.margin = unit(c(-1,1,1,1), "cm"))) %>% print(.) 

``` 

### Alpha formal 

```{r} 

estimate_richness(ps, 

                  split = TRUE, 

                  measures = NULL) 

``` 

## Beta diversity 

### Bray-NMDS 

Code is below but can't do beta diversity because there are less than 4 samples. 

```{r} 

ord.nmds.bray <- ordinate(ps.all.taxa.standarized, method="NMDS", 
distance="bray") 
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aero_phen_bray_nmds <-(plot_ordination(ps.all.taxa.standarized, ord.nmds.bray,
title="Bray NMDS") + 

  geom_text(aes(label= salinity), size = 8, fontface = 'bold', vjust = 1.2, hjust = 
-0.02) + 

  geom_point(size=-0) + 

    #geom_label() + 

  #geom_text(aes(label="salinity"), size = 2, fontface = 'bold', vjust = 1.4, hjust = 
0.5)) + 

  xlim(-0.7, 0.7)  + ylim(-0.5, 0.5) + 

  labs(size = 30) + 

  theme(axis.title.x = element_text(size = 30, margin=margin(20, 0, 0, 0)), 

        axis.text.x = element_text(angle = 0, hjust = 0.5, vjust = 0.4, 

                                   family = 'Arial', size = 28, 

                                   color = 'Black', margin=margin(0, 2, 0, 0)), 

        #In axis.text.x, remove "final" and "first" from labels name. Use paste0 or 
grep... 

        axis.title.y = element_text(family = 'Arial', color = 'Black', size = 30, 

                                    margin=margin(0,20,0,0)), 

        axis.text.y = element_text(family = 'Arial', color = 'Black', size = 28))) %>% 
print(.) 

  #theme(plot.margin=unit(c(1,0,0,0),"cm")) + 

  #stat_ellipse(type = "t", linetype = 2) 

  #stat_ellipse(type = "t") 

  #stat_ellipse(geom = 'polygon') 

#facet_wrap(~ compound, scales = "free") 

aero_phen_bray_nmds 
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#ggsave(inocula_and_final_bray_nmds, file= 
"/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_bray_nmds.png", scale=2) 

#Jaccard-NMDS 

ord.nmds.jaccard <- ordinate(ps, method="NMDS", distance="jaccard") 

inocula_and_final_jaccard_nmds <-plot_ordination(ps, ord.nmds.jaccard, 
color="salinity", title="Jaccard NMDS") + geom_text(aes(label=paste(compound, 
replicate, sep = " "), size = 0.9, fontface = 'bold', vjust = 1.2, hjust = -0.02)) + 
xlim(-1.6, 1.3)  + ylim(-0.9, 0.9) + theme(plot.margin=unit(c(1,0,0,0),"cm")) + 

  stat_ellipse(type = "norm", linetype = 2) 

  #stat_ellipse(type = "t") 

  #stat_ellipse(geom = 'polygon') 

#ggsave(inocula_and_final_jaccard_nmds, file= 
"/home/oscar/Documents/Methanogenic_oil_sands_16S_rRNA_gene_sequencin
g_analyses/16S_rRNA_gene_sequencing/all time 
points/inocula_and_final_jaccard_nmds.png", scale=2) 

``` 
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Appendix C. Culture media recipes

Anaerobic media

Pfennig anoxic minimal salts media recipe for methanogenic incubations.

Solution Per 100 mL

Pfennig I 5

Pfennig II 5

Wolin Metals 1

Balch Vitamins 1

Resazurin 0.1 (of a 0.1% solution)

NaHCO3 0.35 g

Pfennig Mineral Solutions

Pfennig Mineral
Solutions

Compound Per 1000 mL of media
(g)

I K2HPO4
10

II MgCl2 * 6 H2O 6.6

NaCl 8

NH4Cl 8

CaCl2 * 2 H2O 1
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Wolin trace metals solution

Compound Per 1000 mL (g)

EDTA 0.5

MgSO4 * 6 H2O 3

MnSO4 * H2O 0.5

NaCl 1

CaCl2 * 2 H2O 0.1

ZnSO4 * 7 H2O 0.1

FeSO4 * 7 H2O 0.1

CuSO4 * 7 H2O 0.01

Na2MoO4 *2 H2O 0.01

H3BO3 0.01

Na2SeO4 0.005

NiCl2 *6 H2O 0.003

Balch vitamins.

Vitamin Per 1000 mL (mg)

Biotin 2

Folic acid 2

Pyridoxine-HCl 10

Thiamine-HCl 5

Riboflavin 5

Nicotinic acid 5

DL calcium pantothenate 5

Vitamin B12 0.1

PABA 5

Lipoic acid 5

Mercaptoethanesulfonic acid (MESA) 5
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Aerobic media

B + NP medium, Fedorak and Westlake (1984).

Reactant Amount (mg)

MiliQ water (mL) 2000

K2HPO4 1

Na2SO4 4

MgSO4 * H2O 0.4

KNO3 4

NH4Cl 2

FeSO4 * 7H2O 0.006

Trace metals solution (mL) 2

      NaCl

Fresh 0.83

Brackish 8.3

Saline 33.3

Reactant Amount (mg)

Nitriloacetic acid (pH to 6 with KOH) 2

MnSO4 * H2O 1

Fe(NH4) 2(SO4)2  * 6H2O 0.8

CoCl2 * 6H2O 0.2

ZnSO4 * 7H2O 0.2

CuCl2 * 2H2O 0.02

NiCl2 * 6H2O 0.02

Na2MoO4 * 2H2O 0.02

Na2SeO4 0.02

Na2WO4 0.02
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